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 Unlike humans and other metazoans, organisms such as fungi, bacteria, and plants have 
retained the enzymatic machinery necessary to synthesize their aromatic amino acids de novo. 
Chorismate, the final product of the shikimate pathway, is the precursor to the three aromatic 
amino acids— tryptophan, tyrosine, and phenylalanine— and is upstream of a number of plant 
growth hormones, including auxins and benzoates. Phenylalanine and tyrosine both stem from 
the precursor prephenate, which is formed from chorismate by chorismate mutase, and use 
dehydrogenases, aminotransferases, and dehydratases in their biosynthetic pathways. Although 
aromatic amino acid biosynthesis is important for protein synthesis, secondary metabolism, and 
human health, much of what is known about plant aromatic amino acid biosynthesis and its 
regulation has been inferred from microbial investigations of the pathway.  
L-Tyrosine is essential for protein synthesis and is a precursor of numerous specialized 
metabolites crucial for plant and human health.  Tyrosine can be synthesized via two alternative 
routes by a key regulatory TyrA family enzyme, prephenate or arogenate dehydrogenase 
(PDH/TyrAp or ADH/TyrAa), representing a unique divergence of primary metabolic pathways. 
xiv 
 
The molecular foundation underlying the evolution of the alternative Tyr pathway is currently 
unknown.  Here we characterized recently-diverged plant PDH and ADHs, obtained the x-ray 
crystal structure of soybean PDH, and identified a single amino acid residue that defines TyrA 
substrate specificity and regulation.  Structures of mutated PDHs co-crystallized with Tyr 
indicate that substitutions of Asn222 confers ADH activity and Tyr-sensitivity.  Subsequent 
mutagenesis of the corresponding residue in divergent plant ADHs introduced PDH activity and 
relaxed Tyr sensitivity, highlighting the critical role of this residue in TyrA substrate specificity 
that underlies the evolution of alternative Tyr biosynthetic pathways in plants. 
The three-dimensional structure of soybean PDH1 allowed for the identification of both 
the cofactor- and ligand-binding sites. Here, we present steady-state kinetic analysis of twenty 
site-directed active site mutants of the soybean (Glycine max) PDH compared to wild-type. 
Molecular docking of the substrate, prephenate, into the active site of the enzyme reveals its 
potential interactions with the active site residues and makes a case for the importance of each 
residues in substrate recognition and/or catalysis, most likely through transition state 
stabilization. Overall, these results suggest that the active site of the enzyme is highly sensitive to 
any changes, as even subtle alterations substantially reduced the catalytic efficiency of the 
enzyme. 
Chorismate mutase catalyzes the branch point reaction of phenylalanine and tyrosine 
biosynthesis to generate prephenate. In Arabidopsis thaliana, there are two plastid-localized 
chorismate mutases that are allosterically regulated (AtCM1 and AtCM3) and one cytosolic 
isoform (AtCM2) that is unregulated. Previous analysis of plant chorismate mutases suggested 
that the enzymes from early plants (i.e., bryophytes/moss, lycophytes, and basal angiosperms) 
formed a clade distinct from the isoforms found in flowering plants; however, no biochemical 
xv 
 
information on these enzymes is available. To understand the evolution of allosteric regulation in 
plant chorismate mutases, we analyzed a basal lineage of plant enzymes homologous to AtCM1 
based on sequence similarity. The chorismate mutases from the moss/bryophyte Physcomitrella 
patens (PpCM1 and PpCM2), the lycophyte Selaginella moellendorffii (SmCM), and the basal 
angiosperm Amborella trichopoda (AmtCM1 and AmtCM2) were characterized biochemically. 
Tryptophan was a positive effector for each of the five enzymes examined. Histidine was a weak 
positive effector for PpCM1 and AmtCM1. Neither tyrosine nor phenylalanine altered the 
activity of SmCM; however, tyrosine was a negative regulator of the other four enzymes. 
Phenylalanine down-regulates both moss enzymes and AmtCM2. The 2.0 Å x-
ray crystal structure of PpCM1 in complex with the tryptophan identified the allosteric effector 
site and reveals structural differences between the R- (more active) and T-state (less active) 
forms of plant chorismate mutases. Molecular insight into the basal plant chorismate mutases 
guides our understanding of the evolution of allosteric regulation in these enzymes. 
Plants make tyrosine and phenylalanine by a different pathway from many microbes, which 
requires prephenate aminotransferase (PAT) as the key enzyme. PAT produces arogenate, the 
unique and immediate precursor for both tyrosine and phenylalanine in plants, and also has 
aspartate aminotransferase (AAT) activity. The molecular mechanisms governing the substrate 
specificity and activation or inhibition of PAT are currently unknown.  Here we present the x-ray 
crystal structures of wild-type and various mutants of PAT from Arabidopsis thaliana (AtPAT).  
Steady-state kinetic and ligand binding analyses identified key residues, such as Glu108, that are 
involved in both keto acid and amino acid substrate specificities and likely contributed to the 
evolution of PAT activity among class Ib AAT enzymes. Structures of AtPAT mutants co-
crystalized with either a-ketoglutarate or pyridoxamine 5’-phosphate (PMP) and glutamate 
xvi 
 
further define the molecular mechanisms underlying keto acid and amino acid substrate 
recognition. Furthermore, cysteine was identified as an inhibitor of PAT from A. thaliana and 
Antirrhinum majus plants as well as Chlorobium tepidum bacterium, uncovering a potential new 
effector of PAT. 
As a way of regulating the concentration of a given plant hormone within the cell, plants 
contain a class of enzymes known as GH3 proteins that conjugate amino acids to acyl acid 
hormones to activate or inactivate the hormone molecule. Grouping of the GH3 proteins by 
substrate preference shows that the largest class of GH3 proteins use the growth-promoting 
hormone auxin (indole-3-acetic acid, or IAA), and the second largest class uses the defense 
hormone jasmonic acid; however, some of the auxin-specific GH3 proteins, notably Arabidopsis 
thaliana GH3.5, have been found to use multiple acyl acid substrates, including the auxins IAA 
and phenylacetic acid and benzoic acid, with roughly the same catalytic efficiencies. Despite the 
promiscuity in acyl acid substrate preference, the active site residues that are in contact with a 
ligand in the crystal structure of AtGH3.5 do not vary from those found in the AtGH3.2 active 
site. Using single-turnover kinetics, the rate data suggests that both proteins prefer IAA as the 
substrate. In conducting these experiments, we found that the adenylated reaction intermediate 
was being hydrolyzed into acyl acid and AMP in the absence of the amino acid, a typical feature 
of pre-transfer editing. Here we show that a non-cognate acyl acid-adenylate intermediate is 
more easily hydrolysable than the cognate acyl acid-adenylate, likely due to a slowed structural 
switch that provides a checkpoint for fidelity before the full reaction proceeds. 
 There are 19 GH3 proteins in the model plant Arabidopsis, but only 9 of those proteins have 
confirmed substrates. One clade of GH3 proteins is predicted to use benzoate as substrate and 
includes AtGH3.7 and AtGH3.12. Previously, AtGH3.12 was identified as a 4-hydroxybenzoic 
xvii 
 
acid-glutamate synthetase and was found to influence pathogen defense responses through the 
plant defense hormone salicylic acid. Here, we screened 15 plant hormones with 20 amino acids 
to find that AtGH3.7 is a chorismate-cysteine synthetase. Rescreening of AtGH3.12 found that it 
too uses chorismate and is a chorismate-glutamate synthetase. These results were confirmed 
using a combination of x-ray crystallography, site-directed mutagenesis, single-turnover kinetics, 
and mass spectrometry. Because chorismate is a precursor to the three aromatic amino acids in 
plants and a precursor to salicylic acid, these proteins are modulating the concentration of a 
pathway intermediate. Interestingly, gh3.7 mutants did not have the same pathogen susceptibility 
phenotype as gh3.12 mutants, but the gh3.7/gh3.12 double mutant was more susceptible to 
pathogen infection than gh3.12 alone. This study reveals how GH3 proteins, which traditionally 
regulate plant hormones, can also use hormone intermediates to regulate multiple hormones. 
The overarching goal of my thesis research was to understand how plants regulate the 
biosynthesis of aromatic amino acids, which are essential to both protein synthesis and the 
production of downstream secondary metabolites, including phytohormones. This was 
accomplished by structural and biochemical studies of prephenate dehydrogenase, arogenate 
dehydrogenase, chorismate mutase, and prephenate aminotransferase. Also, biochemical assays 
were used to unveil the basis of substrate fidelity in the GH3 proteins. Finally, the role of 
aromatic amino acid biosynthesis pathway intermediates was further explored when AtGH3.7 
and AtGH3.12 were found to conjugate amino acids to the aromatic branchpoint metabolite 
chorismate. This research as a whole has advanced our understanding of the regulation of plant 
aromatic amino acid and hormone metabolic pathways, unveiling how plants have evolved 
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Introduction: Plant Metabolic Pathways and Regulatory 























 Plants have spent the past 425 million years evolving the complex enzymatic machinery 
needed to generate biosynthetic pathways to synthesize an array of specialized metabolites. 
These specialized, or secondary, metabolites are used by the plant for development, growth, 
defense against biotic and abiotic stressors, attracting pollinators and seed dispersers, and 
responding to the environment. Numerous secondary metabolites are aromatic compounds that 
use one of the three aromatic amino acids as starting materials (Maeda and Dudareva, 2012). 
Some of these aromatic amino acid-derived compounds include defense metabolites such as 
alkaloids, indole glucosinolates, salicylic acid, and cyanogenic glycosides; growth hormones 
such as indole-3-acetic acid and phenylacetic acid; structural polymers such as lignin; vitamins; 
electron carriers such as ubiquinone and plastoquinone; pigments; and flavonoids (Dixon, 1999; 
Winkel-Shirley, 2001; Bonawitz and Chapple, 2010; Nowicka and Kruk, 2010; Vogt, 2010; 
DellaPenna and Mène-Saffrané, 2011; Mithöfer and Boland, 2012).  
 To generate this chemical diversity, plants take primary metabolites and modify them to 
make new compounds with different functions. For example, in the case of amino acid-derived 
aromatic compounds, the shikimate pathway uses erythrose-4-phosphate and phosphoenoyl-
pyruvate from the pentose phosphate pathway and glycolysis, respectively, to generate 
chorismate, the precursor to the defense phytohormone salicylic acid and the three aromatic 
amino acids, L-phenylalanine, L-tyrosine, and L-tryptophan (Maeda and Dudareva, 2012) 









Figure 1. Aromatic amino acid pathways contribute to the biosynthesis of many plant 
secondary metabolites.  
The shikimate pathway (green) generates chorismate, the precursor for the tryptophan (Trp) 
pathway (blue), the phenylalanine/tyrosine (Phe/Tyr) pathways (red), and the pathways leading 
to folate, phylloquinone, and salicylate. Trp, Phe, and Tyr are precursors to a number of plant 
metabolites, including some that are essential human nutrients (bold). Other abbreviations: 
ADCS, aminodeoxychorismate synthase; AS, anthranilate synthase; CM, chorismate mutase; 
CoA, coenzyme A; ICS, isochorismate synthase. Taken from Maeda and Dudareva, 2012. 
 
Overview of aromatic amino acids in plants 
All organisms use the three aromatic amino acids, phenylalanine, tyrosine, and tryptophan, as 
components of protein synthesis and as precursors of indoles and other aromatics (Figure 2). 




(vitamin B3), and, in humans, the neurotransmitter serotonin (Maeda and Dudareva, 2012).  The 
structural polymer lignin, flavonoids, isoflavonoids, phenolics, anthocyanins, and benzoic acid 
are derived from phenylalanine (Dixon, 1999; Winkel-Shirley, 2001; Bonawitz and Chapple, 
2010; Nowicka and Kruk, 2010; Vogt, 2010; DellaPenna and Mène-Saffrané, 2011; Mithöfer 
and Boland, 2012).  Similarly, tyrosine-derived plant metabolites include tocopherols (vitamin 
E), plastoquinone, cyanogenic glycosides, and suberin waxes (Maeda and Dudareva, 2012; 
Schenck and Maeda, 2018).  
Organisms that do not synthesize their own aromatic amino acids must obtain them from the 
environment.  Because aromatic amino acid biosynthesis genes have been lost in metazoans, 
humans must obtain these amino acids from their diet.  In animals, tyrosine can be synthesized 
from phenylalanine by phenylalanine hydroxylase (Fitzpatrick, 1999).  Animals use tryptophan 
and tyrosine as precursors for the neurotransmitters serotonin and catecholamine, respectively 
(Fitzpatrick, 1999; Fernstrom and Fernstrom, 2007).  Additionally, the absence of this pathway 
in humans makes the pathway more desirable for developing herbicides and antimicrobials 
(Baylis, 2000).  Glyphosate, a chemical inhibitor of 5-enoylpyruvylshikimate-3-phosphate 
synthase (EPSPS), leads to a hyper-accumulation of shikimate, thus diverting resources from 
aromatic amino acid biosynthesis (Steinrücken and Amrhein, 1980).  Although aromatic amino 
acids are important for both agriculture and human health, much of what is known about 
aromatic amino acid biosynthesis in plants is inferred from microbial studies.  As a result, the 







Chorismate, the branch point metabolite  
Chorismate, the product of the shikimate pathway, is the precursor of L-phenylalanine, L-
tyrosine, and L-tryptophan (Tzin and Galili, 2010; Maeda and Dudareva, 2012) (Figure 1).  In 
this pathway, phosphoenolpyruvate and D-erythrose 4-phosphate bridge central carbon 
metabolism to aromatic amino acid biosynthesis. This pathway occurs in the plastids of all plants 
and in microorganisms. Chorismate has three fates in plants as a precursor to the defense 
phytohormone salicylic acid, the aromatic amino acids tyrosine and phenylalanine, and the 
indole aromatic amino acid tryptophan.  
 
Figure 2. Overview of tyrosine and phenylalanine biosynthesis in plants.  
Plants synthesize tyrosine and phenylalanine from chorismate, the product of the shikimate 
pathway. This pathway uses phosphoenolpyruvate (PEP) from glycolysis and erythrose-4-
phosphate (E4P) from the pentose phosphate pathway to generate shikimate. Tyr and Phe can 
also be synthesized outside of the plastid in the cytosol. Arrows spanning membranes indicate 
transporters. A chorismate mutase transporter has yet to be identified. Abbreviations: chorismate 
mutase (CM), prephenate aminotransferase (PAT), arogenate dehydrogenase (ADH), arogenate 
dehydratase (ADT), prephenate dehydrogenase (PDH), prephenate dehydratase (PDT), 



































Chorismate exists at the branchpoint of tyrosine and phenylalanine biosynthesis and 
tryptophan biosynthesis in plants and microorganisms (Westfall et al., 2014). Chorismate mutase 
catalyzes the rearrangement of chorismate to prephenate, the precursor of phenylalanine and 
tyrosine biosynthesis (Figure 3). Conversely, anthranilate synthase competes for chorismate in 
the plastid to generate tryptophan. 
 
Chorismate mutase in plants 
 The enzyme that converts chorismate into the precursor molecule in tyrosine and 
phenylalanine biosynthesis, prephenate, is chorismate mutase (Westfall et al., 2014). This 
enzyme catalyzes a pericyclic Claisen rearrangement of chorismate in the first committed step of 
tyrosine and phenylalanine biosynthesis (Sträter et al., 1997). Chorismate mutases have been 
identified in plants, fungi, bacteria, and nematodes with varying sequence and three-dimensional 
structures. Microbial chorismate mutases are either dimers or monomers depending on the  
 
Figure 3. Chorismate mutase generates prephenate, the precursor to tyrosine and 
phenylalanine.  
Chorismate mutase catalyses the pericyclic Claisen rearrangement of chorismate to prephenate. 





presence of a regulatory domain (Xue et al., 1994). Amino acid effectors bind in this regulatory 
region, or effector site, to either activate or inhibit the enzyme. 
 In the model plant Arabidopsis, there are two plastidial chorismate mutases (AtCM1 and 
AtCM3) and one cytosolic isoform (AtCM2) (Eberhard et al., 1993; Eberhard et al., 1996; 
Mobley et al., 1999). Functional analysis of these enzymes has shown that AtCM1 is activated 
by tryptophan and inhibited by phenylalanine and tyrosine, while AtCM3 uses the same positive 
and negative effectors but is also activated by cysteine and histidine; however, AtCM2 is a 
nonallosteric isoform (Westfall et al., 2014). 
 The AtCM1 x-ray crystal structure has been solved in complex with the inhibitors tyrosine 
and phenylalanine (Westfall et al., 2014) (PDB: 4PPU; 4PPV). The enzyme is a dimer with the 
effector site at the dimer interface with each chain contributing residues to the sides of the 
effector site. Functional analysis in combination with sequence comparisons of the three 
chorismate mutase isoforms identified key residues involved in allosteric regulation by amino 
acids.  
Structure-guided phylogenetic analysis of the diversity of chorismate mutases across the 
green lineage revealed that the clade containing AtCM3 was specific to Brassicaceae, suggesting 
a specialized role for these proteins in this plant family (Westfall et al., 2014) (Figure 4). 
Homologs of AtCM2 were found in all plants and are likely to not be allosterically regulated and 
to localize to the plastid. Some early plants, including the bryophyte Physcomitrella patens, the 
lycophyte Selaginella moellendorffii, and the early flowering plant Amborella trichopodo, do not 
have homologs of AtCM2 (Westfall et al., 2014). The clade containing AtCM1 contains a 
putative N-terminal chloroplast signal peptide and likely all would have the same effectors based 





Figure 4. Diversity of chorismate mutases across plants.  
Colors depict both phylogeny and the presense of key glycine residues. Red sequences include 
chlorophytes and yeast from the clade. Purple sequences are part of the AtCM2-like clade, and 
dark green sequences include CMs from mosses, ferns, monocots, and Amborella. The AtCM1-
like clade is light green, while the AtCM3-like clade is blue. Taken from Westfall et al., 2014. 
 
 
Tyrosine and phenylalanine biosynthesis in plants 
L-Phenylalanine and L-tyrosine are both downstream of prephenate, the product of the 
chorismate mutase reaction (Westfall et al., 2014). In the prephenate pathway, prephenate is 
decarboxylated to form either 4-hydroxyphenylpyruvate (HPP) or phenylpyruvate (PPY) by 




Subsequently, an aminotransferase converts the keto acid to an amino acid, forming tyrosine 
from HPP with HPP-aminotransferase (HPP-AT) and phenylalanine from PPY using PPY-
aminotransferase (PPY-AT). 
Alternatively, plants can synthesize phenylalanine and tyrosine using the arogenate pathway 
(Eberhard et al., 1996; Mobley et al., 1999; Colquhoun et al., 2010).  Prephenate is aminated to 
form arogenate by the enzyme prephenate aminotransferase (PAT).  Arogenate is the direct 
precursor of both phenylalanine and tyrosine and can be decarboxylated by either an arogenate 
dehydrogenase (ADH) or an arogenate dehydratase (ADT) to form tyrosine or phenylalanine, 
respectively (Rippert and Matringe, 2002; Cho et al., 2007; Yamada et al., 2008; Rippert et al., 
2009; Maeda et al., 2010).  Recently, a plastidial cationic amino acid transporter in plants was 
identified that exports phenylalanine and tyrosine to the cytosol (Widhalm et al., 2015a). 
 
Prephenate and Arogenate Dehydrogenases 
The two dehydrogenases involved in tyrosine biosynthesis, ADH and PDH, catalyze the 
oxidative decarboxylation of arogenate and prephenate to tyrosine and 4-HPP, respectively 
(Figure 1) (Maeda and Dudareva, 2012). Most fungi and bacteria contain PDHs, while legumes 
(Leguminosae) are the only land plants found to contain functional PDHs (Stenmark et al., 1974; 
Fazel and Jensen, 1979; Schenck et al., 2015).  PDHs exist as either monofuntional or 
bifunctional enzymes, in which PDH is fused to chorismate mutase, EPSPS, or an 





Figure 5. Prephenate dehydrogenase reaction.  
Prephenate dehydrogenase is a cytosolic, tyrosine-insensitive enzyme in legume that catalyzes 
the oxidative decarboxylation of prephenate using NADP+ to generate 4-hydroxyphenylpyruvate, 
CO2, and NADPH on route to tyrosine. 
 
 
Aromatic amino acid biosynthesis has long been accepted to occur exclusively in plastids 
where it is subject to feedback regulation; however, it was recently demonstrated that 4-HPP is 
formed in the cytosol through the decarboxylation of prephenate by PDH (Figure 5).  
Traditionally, PDHs are allosterically inhibited by tyrosine (Sun et al., 2009). Tyrosine binds an 
allosteric site in these microbial enzymes and is antagonistic, and the binding of two tyrosines 
inactivates the enzyme (Turnbull et al., 1991).  Surprisingly, plant PDHs have been found to be 
insensitive to regulation by Tyr, unlike its bacterial homologs, and have only been discovered in 
leguminous plants (Gamborg and Keeley, 1966; Rubin and Jensen, 1979; Schenck et al., 2015). 
The biochemical function of PDH may also be useful as an herbicide tolerance trait.  
Increased expression of PDH could potentially allow plants to resist 4-HPP dioxygenase (HPPD) 
herbicides, which include the triketone class of herbicides such as sulcotrione, mesotrione, 
fluorochloridone, and isoxaflutole (Schenck and Maeda, 2014).  Due to the insensitivity of PDH 
to product feedback inhibition, unlike their microbial homologs, this enzyme may be used to 
increase production of downstream tyrosine- and 4-HPP-derived natural products when 




herbicides by increased 4-HPP and plastoquinone synthesis.  Plastoquinone, a 4-HPP derivative, 
is an electron carrier in photosynthesis and a cofactor in carotenoid biosynthesis.  Inhibiting 
plastoquinone biosynthesis causes photobleaching and lethal phenotypes, which has led to the 
development of herbicides that target HPPD.  By overexpressing PDH, additional feedback-
insensitive 4-HPP is produced, which could lead to resistance to HPPD-targeted herbicides. 
In plants found to contain the PDH pathway, which includes the legumes Glycine max 
(soybean) and Medicago truncatula (barrelclover), HPP can be directly synthesized using one 
enzyme instead of three that would be required using the arogenate pathway - PAT, ADH, and 
HPP-AT (Schenck and Maeda, 2014). Because PDH is cytosolic, the enzyme evades competition 
with PAT and PDT for prephenate in the plastid. 
Unlike PDH, ADH activity has been detected in corn, sorghum, mung bean, soybean, alfalfa, 
and Arabidopsis and is thought to be ubiquitous across Viridiplantae (Rubin and Jensen, 1979; 
Byng et al., 1981; Connelly and Conn, 1986; Rippert and Matringe, 2002; Holding et al., 2010; 
Schenck et al., 2015).  Arabidopsis ADHs are plastid-localized (Rippert et al., 2009).  
Characterization of Arabidopsis ADHs revealed that ADH1 is specific for arogenate, while 
ADH2 can accept prephenate as well, although at three orders of magnitude lower catalytic 
efficiency than arogenate (Rippert and Matringe, 2002).  
Similar to PDH, ADH catalyzes an oxidative decarboxylation reaction using NAD+ or 
NADP+ as a cofactor (Legrand et al., 2006). This enzyme uses arogenate as a substrate to 
generate tyrosine as the last step in the prephenate pathway for tyrosine biosynthesis in the 
chloroplast. Prior to my thesis research, no structural information about arogenate or prephenate 
dehydrogenases from plants was available. The closest available structure was that of an ADH 




2006) (PDB: 2F1K). Additionally, the evolutionary basis of the evolution of PDH function in 
legumes, as well as the evolution of tyrosine-insensitivity, was unknown.  
 
Prephenate aminotransferase 
There are three PLP-dependent aminotransferases involved in tyrosine and phenylalanine 
biosynthesis (Figure 2). Aminotransferases in aromatic amino acid biosynthesis pathways use 
either L-glutamate or L-aspartate as amino donors and a keto acid, such as prephenate, 4-HPP, or 
phenylpyruvate (Figure 6) (Bonner and Jensen, 1985; Siehl et al., 1986; Maeda et al., 2011).  
Prephenate aminotransferase (PAT) is a key enzyme in aromatic amino acid biosynthesis 
because its product, arogenate, is the immediate precursor for both tyrosine and phenylalanine.  
Interestingly, the enzyme has a dual role in metabolism and can also function as a classical 
aspartate aminotransferase (Bonner and Jensen, 1985; Graindorge et al., 2010; Maeda et al., 
2011).  This enzyme was only recently discovered as the last missing enzyme in aromatic amino 
acid biosynthesis in plants (Graindorge et al., 2010).  PAT activity has been detected in bacteria 
(Stenmark et al., 1974; Fazel and Jensen, 1979) and in various plants, including tobacco, 
Arabidopsis, petunia, tomato, mung bean, and sorghum (Rubin and Jensen, 1979; Bonner and 
Jensen, 1985; Siehl et al., 1986; Graindorge et al., 2010; Dal Cin et al., 2011; Maeda et al., 
2011), and is considered to be ubiquitous in plants. PAT belongs to the class Ib aspartate 
aminotransferases that use a catalytic lysine for the amine group transfer from an amino acid, 
aspartate, to a keto acid, prephenate or a-ketoglutarate (Nobe et al., 1998; de la Torre et al., 
2009).   
PAT was identified in an embryo-lethal mutant screen, and as there is only one copy in the 




development (Pagnussat et al., 2005). Therefore, the only way to study PAT activity in planta is 
through knock-down experiments. RNAi suppression of PAT in petunia petals did not affect 
aspartate aminotransferase activity, suggesting that PAT does not significantly contribute to total 
aspartate aminotransferase activity in plants but is contributing to aromatic amino acids (Maeda 
et al., 2011). A similar experiment used virus-induced gene silencing (VIGS) of PAT in tobacco 
and found that the plants that were significantly reduced in stature and had decreased lignin 
content, reduced chlorophyll content, and less free asparagine (de la Torre et al., 2014). In 
agreement with the petunia RNAi experiment, aspartate and glutamate levels remained 
unchanged in the tobacco VIGS lines compared to wild-type (de la Torre et al., 2014). 
 
Figure 6. Prephenate aminotransferase (PAT) reaction.  
PAT catalyzes the PLP-dependent transfer of an amine from aspartate (Asp) to the keto acid 
prephenate to generate a new amino acid, arogenate, and a new keto acid, oxaloacetate (OAA). 
This reaction occurs in the plastid of all plants upstream of phenylalanine and tyrosine. 
 
A phylobiochemical analysis of prephenate aminotransferases in plants and microorganisms 
revealed that the plant enzyme likely evolved as a lateral gene transfer from 
Chlorobi/Bacteroidetes (Dornfeld et al., 2014). This study also identified two residues that were 
conserved in functional PATs but variable in aspartate aminotransferases—Thr84 and Val169. 
Mutations in single residues yielded reduced activity as a prephenate aminotransferase enzyme; 
however, the double mutant was a gain-of-function mutant in that it preferred 4-




thus was a functional 4-HPP-aminotransferase. Despite this interesting finding, no structural data 
was available for a plant PAT or aspartate aminotransferase to determine where these residues 
are in relation to the active site. Additionally, this is the only biochemical investigation of plant 
PAT, and no effectors were screened or identified for this enzyme. 
 
Introduction to plant hormones 
 To grow, develop, and respond to the environment, plants use specialized metabolites known 
as phytohormones (Santer et al, 2009). These hormones vary in chemical structure and in 
biological function and are generated from primary metabolites. While some hormones are active 
in their unmodified form, such as the growth hormone indole-3-acetic acid (IAA), hormones can 
be modified by glycosylation, methylation, hydroxylation, sulfonation, carboxylation, or amino 
acid conjugation to generate either the active form of the hormone or a storage or degradation 
form (Silverman et al., 1995; Bajguz and Piotrowska, 2009; Piotrowska and Bajguz, 2011; 
Koo and Howe, 2012; Korasick et al., 2013). Our understanding of the function of the various 
possible forms of plant hormones has only recently begun to be understood. To date, there are 
nine classes of recognized plant hormones— auxins, jasmonates, benzoates, ethylene, cytokinins, 
brassinosteroids, abscisic acid, gibberellins, and strigalactones—that regulate every aspect of 
plant development and responses to biotic and abiotic stressors from germination to senescence 
(Figure 7).  
 
Auxins: Indole-3-acetic acid and phenylacetic acid 
 
 Auxins are plant phytohomones involved in almost every aspects of plant growth and 





Figure 7. Overview of plant hormones and hormone homeostasis.  
A. Representative chemical structures of the nine classes of plant hormones. B. Plant hormones, 
including the auxin indole-3-acetic acid (IAA), can be modified to form new structures that alter 
the physiological response to the hormone. Active (green), inactive (orange), and anti-auxin (red) 
forms of IAA are shown. Taken from Westfall et al., 2013. 
 
development and maintenance of root and shoot morphology (Woodward and Bartel, 2005). The 
primary active form of auxin, indole-3-acetic acid (IAA), is synthesized from the aromatic amino 
acid L-tryptophan or from aromatic amino acid biosynthetic precursors like anthranilate. Active 
forms of auxins also include phenylacetic acid (PAA) and 4-chloroindole acetic acid, and IAA 
can be found in methylated, glycosylated, and amino acid conjugated forms in plants (Korasick 
et al., 2013). In Arabidopsis thaliana, about 90% of IAA is found in an amide linkage, with 
another 10% in an ester-linked conjugate; only about 1% of IAA is found in a free, un-
conjugated form (Normanly et al., 1993; Tam et al., 2000). 
To balance the levels of IAA within a cell requires regulation of synthesis, transport, storage, 
and catabolism (Korasick et al., 2013). Modifications to the chemical structure of IAA regulate 
the concentration of the active hormone within the plant cell at a given time. Methylation, 




later use; however, conjugation with aspartate and glutamate lead to the degradation (Staswick et 
al., 2005; Korasick et al., 2013). Interestingly, IAA-tryptophan conjugates act as an anti-auxin 
that inhibits physiological responses typical of the plant growth hormone (Staswick, 2009). 
While other IAA conjugates exist in Arabidopsis, their role in regulating auxin levels remains 
unknown. 
 
Figure 8. Comparison of the IAA and PAA biosynthetic from tryptophan and 
phenylalanine, respectively.  
Catalytic enzymes are AtTAA1 (Trp aminotransferase) and PsTAR1 (Trp aminotransferase 
related), YUC (flavin mono-oxygenase), and PhPPY-AT (phenylpyruvate aminotransferase) and 
PsArAT (aromatic aminotransferase). The dashed line represents an as yet unknown catalytic 
mechanism. Adapted from Cook et al., 2016.  
 
 
A second form of auxin, phenylacetic acid (PAA), has received considerably less attention in 
the auxin field (Cook et al., 2016). PAA is an active auxin in plants and is present at similar 
physiological levels as IAA in tomatoes, tobacco, sunflowers, peas, barley, and maize 
(Wightman, 1977; Wightman and Lighty, 1982; Schneider et al., 1985; Ludwig-Muller and 
Cohen, 2002; Schneider and Wightman, 1986; Sugawara et al., 2015). Recently, PAA-
tryptophan conjugates were found at 17-fold higher levels than IAA-tryptophan in Arabidopsis 
seedlings suggesting it could play a role in plant physiology (Staswick et al., 2017).  
PAA is derived from phenylpyruvate, an intermediate in phenylalanine biosynthesis, using 




The biosynthesis, inactivation, transport, and role in signal transduction of PAA remains 
unknown (Korasick et al., 2013). Unlike IAA, PAA is not actively and directionally transported, 
but it does, however, form concentration gradients (Sugawara et al., 2015). 
 
Benzoates 
 Benzoates are plant phytohormones that are derived from the aromatic amino acid precursor 
chorismate (Widhalm and Dudareva, 2015b).  Acetylsalicylic acid, or asprin, reduces pain, 
inflammation, and fever in humans and can also lower the risk of heart attack, stroke, and 
cancers if taken regularly (Vlot et al., 2009); however, plants produce the benzoate salicylic acid 
(SA) as a phenolic defense hormone to regulate a number of physiological responses including 
disease resistance, flowering, thermogenesis, cell growth, stomatal aperture, seed germination, 
senescence-related gene expression, and responses to biotrophic pathogens (Yalpani et al., 1991; 
An and Mou, 2011; Boatwright and Pajerowska-Mukhtar, 2013). 
 SA can be synthesized in plants by two routes, both of which use chorismate as a precursor 
(Vlot et al., 2009). Phenylalanine can be converted into SA by benzoate intermediates or 
coumaric acid, or chorismate can be converted into SA via isochorismate using isochorismate 
synthase and a predicted, yet unidentified, isochorismate pyruvate lyase (Strawn et al., 2007; 
Verberne et al., 2000; Wildermuth et al., 2001). There are two isochorismate synthase genes in 
Arabidopsis, but the ics1/ics2 double mutant line still contains SA, suggesting that both SA 
biosynthetic pathways are functional in plants (Garcion et al., 2008).  
 SA can be modified by SA glucosyltransferase (SAGT) to form either SA O-b-glucoside 
(SAG) or salicyloyl glucose ester (Dean and Mills, 2004; Dean et al., 2005; Dean et al., 2003; 




predicted to occur in the chloroplast (Wildermuth et al., 2001; Garcion et al., 2005; Strawn et al., 
2007), SAG can be actively transported to the vacuole where it presumably functions as a storage 
form of SA (Dean and Mills, 2004; Dean et al., 2005; Hennig et al., 1993). Methylated SA 
(MeSA), hydroxylated SA, and aspartate-conjugated SA forms also exist in plants (Vlot et al., 
2009; Westfall and Sherp et al., 2016). The physiological significance of SA-aspartate and other 
presumed SA-amino acid conjugates remains unknown. 
 Another benzoate that is found in amino acid conjugates in plants is benzoic acid (BA) 
(Westfall and Sherp et al., 2016). While BA itself is not a known plant hormone, it is a precursor 
to phenylalanine-derived SA in plants. A BA-2-hydroxylase soluble P450 monooxygenase 
converts BA to SA (Widhalm and Dudareva, 2015b; Leon et al., 1995). GH3.5, a hormone 
regulating protein that conjugates amino acids to auxins, is responsible for forming BA-aspartate 
conjugates that can be detected in planta, and the catalytic efficiencies of the enzyme using IAA 
and BA are about the same. However, the physiological role of these BA-aspartate conjugates 
remains to be fully understood. It is speculated that these conjugates are a SA precursor pool so 




To coordinate growth and development during times of stress and predation, plants evolved 
the capability of synthesizing and responding to an array of complex modified oxylipins, or 
oxygenated fatty acid derivates, known as jasmonates (Kombrink, 2012).  Methyl jasmonate 
(MeJA) was first isolated from the oil of jasmine (Jasminum grandiflorum), although its effect 




Kato, 1980; Dathe, 1981).  Since this discovery, jasmonates have been recognized as critical 
phytohormones involved in plant defense and fertility. 
Chemically, the jasmonates encompass jasmonic acid (JA) and its derivatives, including 
MeJA; 3R, 7S-jasmonyl-L-isoleucine (JA-Ile); cis-jasmone; and jasmonyl-1-aminocyclopropane-
1-carboxylic acid (Browse, 2009).  Jasmonate biosynthesis proceeds through the lipooxygenase-
catalyzed peroxidation of linoleic acid to form 13-hydroperoxide, which is modified and cyclized 
to form 12-oxo-phytodienoic acid (OPDA).  OPDA is reduced and then undergoes three rounds 
of b-oxidation to form JA.  Further biochemical modifications of JA, such as glycosylation, 
decarboxylation, reduction of either the C6 carbonyl or C9,10 double bond, or hydroxylation of 
either C11 or C12, can convert the core JA scaffold into over 30 different jasmonate compounds 
with diverse physiological roles. 
Investigations of the role of jasmonates in plant physiology reveal their role in stamen and 
trichome development, vegetative growth, cell cycle regulation, senescence, regulation of 
anthocyanin pigment biosynthesis, and responses to various biotic and abiotic stresses, most 
notably response to herbivory (Creelman and Mullet, 1997; Wasternack, 2007; Howe and Jander, 
2008; Browse, 2009; Avanci et al., 2010; Pauwels and Goossens, 2011).  Jasmonates are also key 
players in induced resistance of plants (Kunkel and Brooks, 2002), including Rhizobacteria-
mediated induced systemic resistance (Pieterse et al., 1998). 
As one of the major plant defense compounds, jasmonates induce defense mechanisms to 
ward off insects, herbivores, and a broad spectrum of fungal and bacterial pathogens (Howe and 
Jander, 2008; Browse, 2009).  Wounding of the plant tissue leads to elevated levels of 
jasmonates at the site of attack, which in turn induces a systemic increase of JAs through the 




continues (Reymond et al., 2004; Glauser et al., 2008).  These compounds include 
glucosinolates, camalexins, alkaloids, artemisinin, and volatile organic compounds, which 
provide a chemical arsenal to combat predators (Bolter, 1993; Paré and Tumlinson, 1999; 
Engelberth et al., 2004; De Geyter et al., 2012). 
When stressed or otherwise stimulated, various jasmonates accumulate and are converted to 
JA-Ile, the only known bioactive jasmonate hormone (Figure 9) (Wasternack and Hause, 2007; 
Fonseca et al., 2009a; Fonseca et al., 2009b).  JA-Ile forms a co-receptor complex with the F-box 
protein CORONATINE INSENSITIVE 1(COI1) and a transcriptional repressor JASMONATE-
ZIM DOMAIN PROTEIN (JAZ).  This complex allows for ubiquitinylation of the JAZ protein, 
which results in its degradation by the 26S proteasome (Fonseca et al., 2009a; Thines et al., 
2007; Chini et al., 2007). Degradation of JAZ proteins thereby alters transcriptional patterns in 
response to JA-mediated signals.   
Although JA-Ile is the active form of the hormone, conjugated forms with other amino acids, 
including alanine, leucine, valine, phenylalanine, tyrosine, and tryptophan, also occur in plants 
and function in defense, eliciting phytoalexin biosynthesis, and agravitropic root growth in 
seedlings (Piotrowska and Bajguz, 2011; Staswick et al., 2017). Recently it was shown that JA-
tryptophan likely inhibits IAA transport by negatively regulating the AUX1 cellular auxin 
importer (Staswick et al., 2017). Glycosylated JA is predicted to be a storage or transport form of 
the hormone. 
 
GH3 proteins regulate the pre-receptor concentration of plant hormones 
In plants, the GH3 (Gretchen Hagen 3) acyl acid-amido synthetases contribute to maintaining 




benzoates, to an amino acid as either a storage or activation mechanism (Hagen and Guilfoyle, 
1985; Westfall et al., 2013).  The biological function of this class of enzymes was first 
established when the jasmonate resistant 1 (jar1-1) mutant was identified in Arabidopsis 
thaliana and shown to exhibit decreased sensitivity to exogenous MeJA and reduced male 
fertility (Staswick et al., 1992, 2002).  The A. thaliana JAR1 protein (also known as AtGH3.11) 
functions as a JA-amido synthetase and conjugates isoleucine to JA (Staswick and Tiryaki, 
2004).   
 
Figure 9. Pre-receptor modulation of plant hormones occurs by GH3 acyl acid amido 
synthetases.  
JA in its free form is an inactive molecule, while the isoleucine conjugated form is active. This 
active molecule goes on to form the active hormone receptor complex with the COI receptor and 
JAZ proteins to lead to downstream physiological responses. In the case of the auxin IAA, the 
conjugates are inactive and no longer bind to the TIR receptor. These conjugates are generally 
storage or degradation forms of the hormone. 
 
 
GH3 proteins functions as a monomer to catalyze the ATP-dependent conjugation of an acyl 
acid and an amino acid (Chen et al., 2010). While some conjugates are “active” and can regulate 
responsive genes through binding the receptor protein, such as JA-Ile (Feys et al., 1994; Xie et 




IAA-Asp (LeClere et al., 2002). GH3 proteins are part of the ANL superfamily (Acyl-CoA 
synthetase, Non-ribosomal peptide synthetase adenylating domain, and Luciferase) and carry out 
an ATP-dependent adenylation reaction (Gulick, 2009). 
This family of proteins generates conjugates through a two-step ping-pong mechanism that 
involves both an adenylation and transfer reaction (Staswick et al., 2002; Staswick et al., 2005; 
Terol et al., 2006; Chen et al., 2010; Okrent et al., 2011; Westfall et al., 2010) (Figure 10). In the 
first half-reaction, the acyl acid carboxylate is activated by adenylation using ATP, and 
pyrophosphate is released (Chen et al., 2010; Westfall et al., 2010); this is followed by a transfer 
reaction where the nucleophilic amine group of an amino acid displaces AMP to form an acyl 
acid-amino acid conjugate.  
 
Figure 10. GH3 protein reaction mechanism.  
GH3 proteins form acyl acid-amino acid (Acyl-AA) conjugates through a two-step mechanism; 
in the first half-reaction (k1), an adenylated acyl acid intermediate (Acyl-AMP) forms and 
pyrophosphate (PPi) is released. The amino acid (AA) comes in during the second half-reaction 
to form the final conjugate, and adenosyl-monophosphate (AMP) is released. 
 
Structure/function studies of GH3 proteins 
Several crystal structures of Arabidopsis and grapevine (Vitus vinifera) have provided insight 
on the sequence-structure-function relationship among the GH3 family of proteins (Westfall and 
Sherp et al., 2016; Westfall and Zubieta et al., 2012; Chen et al., 2017; Round et al., 2013; Peat 
et al., 2012). GH3 proteins share a common tertiary structure containing two domains—a large 
N-terminal domain and a smaller C-terminal domain characteristic of the adenylating firefly 




(Westfall and Zubieta et al., 2012). A flexible hinge loop connects the two domains and pivots 
the C-terminal domain during the reaction. In the open conformation, ATP, Mg+2, and the acyl 
acid bind for the adenylation reaction to occur, and a solvent-accessible channel allows for 
pyrophosphate release. Upon adenylation and pyrophosphate release, the C-terminal domain 
rotates about the hinge loop and closes the active site, repositioning residues for the transferase 
reaction to occur (Figure 11).  
 
Figure 11. Three-dimensional structure of a GH3 protein.  
GH3 proteins contain a larger N-terminal domain connected to a smaller C-terminal domain 
through a flexible hinge loop. The active site forms at the interface of the two domains. During 
the reaction, ATP binds when the protein is in the open conformation. When pyrophosphate is 
released and the adenylated intermediate is formed, the protein ratchets to form a closed 
conformation, where the hinge loop region covers the active site for the full reaction to proceed. 
When the conjugate is released, the protein returns to the open conformation. Taken from 
Westfall and Zubieta et al., 2012. 
 
 
From Arabidopsis, structures of GH3.5, GH3.11, and GH3.12 have been determined, and the 




residues (Westfall and Zubieta et al., 2012). In addition to these structures, small-angle x-ray 
scattering analysis show that the C-terminal domain of GH3 proteins toggles between the open 
(ATP-bound) and closed (AMP-bound) conformations during the two half-reactions, followed by 
biochemical studies that investigated the roles of the active site residues in each of the two half-
reactions (Westfall and Zubieta et al., 2012; Round et al., 2013).  
 
Figure 12. Amino acid sequence alignment of the hormone-binding pocket sequences of 
GH3 proteins from Arabidopsis thaliana (AtGH3), rice (OsGH3), moss (PpGH3), lycophyte 
(SmGH3), soybean (GmGH3), and maize (ZmGH3).  
These alignments cluster the GH3 protein based on their presumed function: box 1 represents 
predicted jasmonate-using GH3 proteins; box 2 represents auxin-using GH3 proteins; box 4 
represents benzoate-using GH3 proteins; box 6 represents indole-butyric acid using GH3 
proteins; and boxes 3, 5, 7, and 8 represent GH3 proteins with unidentified substrates. Taken 






Genome and transcriptome data has identified the presence of 19 putative GH3 genes in the 
model plant Arabidopsis thaliana (thale cress) (Hagen and Guilfoyle, 2002). GH3 proteins have 
been identified in all plants studied so far, including the lycophyte Selaginella moellendorffii and 
the bryophyte Physcomitrella patens (Figure 12). Once a three-dimensional structure of a GH3 
protein was available, the active sites could be identified and compared based on amino acid 
sequence similarity. This led to the reclassification of the GH3 proteins based on the sequences 
found on a-helices 5 and 6, residues 217 and 239 and b-sheets 8 and 9 (Westfall and Zubieta et 
al., 2012). The largest class of GH3 proteins are auxin using (Figure 12, box 2), followed by the 
jasmonate-using GH3 proteins.  
Interestingly, some classes of GH3 proteins seem to be specific to Brassica species, including 
classes 4-7 (Figure 12). AtGH3.15 was recently found to be specific for an IAA biosynthetic 
intermediate, indole-3-butyric acid, as its acyl acid substrate (Sherp et al., 2018). Although class 
3 is not exclusive to Brassicaceae, the only member found in this cluster are from either a 
Brassica species (Arabidopsis thaliana) or from soybean (Glycine max), suggesting that this 
class of GH3s is potentially not widespread in plants. The acyl acid substrate for class 3 remains 
to be identified.  
 
Conclusions  
 As sessile organisms, plant have been constantly evolving to ward off stressors, both biotic 
and abiotic. As the environments around plants have evolved, they have developed new and ever 
improving mechanisms to grow to compete with other plants for physical space, to attract 




protect themselves against Mother Nature. Part of the secret to plants success on Earth stems 
from the chemical arsenal they have built and refined over the past 425 million years. 
 Plants have developed the molecular machinery in the form of enzymes necessary to decorate 
and modify primary metabolites, such as amino acids, to give them new functions. In the case of 
the three aromatic amino acids—tyrosine, phenylalanine, and tryptophan—these molecules have 
been repeatedly introduced into the plant chemical library in vastly different forms. For example, 
tryptophan is the precursor to both the growth promoting hormone indole-3-acetic acid (IAA) as 
well as the indole glucosinolate defense metabolites (Bolter, 1993). Also, phenylalanine is a 
precursor to the defense hormone salicylic acid as well as the structural polymer lignin. Over 
time, plants have woven an intricate web that delicately balances growth and everyday plant 
physiology with the ability to defend itself using a similar scaffold. 
 Despite the importance of aromatic amino acids as precursors to important plant chemicals 
and polymers and as components of proteins, little is known about the evolution of their 
biosynthetic pathways and their regulation in plants. While the microbial pathways were studied 
extensively in the 1980s and 1990s, much of what we know about aromatic amino acid 
biosynthesis in plants is based on the notion that the pathways are likely the same as those of 
microorganisms. The only three-dimensional structure from an aromatic amino acid biosynthetic 
enzyme that existed before my thesis research began was that of chorismate mutase from 
Arabidopsis thaliana (Westfall et al., 2013). Structure-guided functional analysis with an eye 
towards phylogeny would greatly inform our understanding of the evolution of these essential 
plant enzymes. 
 Of similar importance is our understanding of how plants regulate the growth/defense 




family of proteins affords plants the ability to add an amino acid to a hormone to change its 
function. Interestingly, some of these proteins, like AtGH3.5, accept acyl acid substrates that are 
both defense hormones, like SA, and growth hormones, like IAA. In comparing the active sites 
residues of IAA-specific GH3s to those of AtGH3.5, there are no real differences that guide our 
understanding of how essentially the same active can recognize and adenylate two very different 
acyl acids.  
 In general, our understanding of the substrate-specificities of the GH3 proteins remains to be 
fully explored. Studying role of Brassicaceae-specific classes of GH3 proteins could lead to 
potential new insights on how this family of plants has evolved separate regulatory mechanism 
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L-Tyrosine (Tyr) is essential for protein synthesis and a precursor of numerous specialized 
metabolites crucial for plant and human health.  Tyr can be synthesized via two alternative routes 
by a key regulatory TyrA family enzyme, prephenate or arogenate dehydrogenase (PDH/TyrAp 
or ADH/TyrAa), representing a unique divergence of primary metabolic pathways. The 
molecular foundation underlying the evolution of the alternative Tyr pathways is currently 
unknown.  Here we characterized recently-diverged plant PDH and ADHs, obtained the x-ray 
crystal structure of soybean PDH, and identified a single amino acid residue that defines TyrA 
substrate specificity and regulation.  Structures of mutated PDHs co-crystallized with Tyr 
indicate that substitutions of Asn222 confers ADH activity and Tyr-sensitivity.  Subsequent 
mutagenesis of the corresponding residue in divergent plant ADHs introduced PDH activity and 
relaxed Tyr sensitivity, highlighting the critical role of this residue in TyrA substrate specificity 

























Unlike recently-evolved and lineage-specific diverse specialized (secondary) metabolic 
pathways (Moghe and Last, 2015; Weng et al., 2012), primary metabolism such as amino acid 
biosynthesis are ubiquitous and usually conserved among organisms.  There are some exceptions 
to this notion (Gowik and Westhoff, 2011; Torruella et al., 2009), and L-tyrsosine (Tyr) 
biosynthetic pathway is one example in which variations have long been described in microbes 
and plants (Jensen and Pierson, 1975; Schenck et al., 2015). Elucidation of evolutionary 
diversification of primary metabolism not only addresses the extent of metabolic plasticity but 
also provides useful engineering tools to modify core metabolic pathways. 
Tyr is an essential aromatic amino acid required for protein synthesis in all organisms but, 
synthesized de novo only in plants and microorganisms (Maeda and Dudareva, 2012; Tzin and 
Galili, 2010). The neurotransmitter catecholamines in metazoans are derived from Tyr, which 
must be obtained from their diet, as they cannot synthesize Tyr de novo (Fernstrom and 
Fernstrom, 2007).  In plants, Tyr and a Tyr pathway product, 4-hydroxyphenylpyruvate (HPP), 
serve as precursors to numerous specialized metabolites crucial for both plant and human health, 
such as antioxidants vitamin E, the photosynthetic electron carrier plastoquinone, betalain 
pigments, and defense compounds, including dhurrin, rosmarinic acid, and isoquinoline alkaloids 
(e.g. morphine) (Millner and Barber, 1984; Strack et al., 2003; Hunter and Cahoon, 2007; Hagel 
and Facchini, 2013; Gleadow and Møller, 2014). The major plant cell wall component lignin can 
also be syntheized from Tyr in grasses (Barros et al., 2016). 
Tyr is synthesized from prephenate downstream of the shikimate pathway, by two reactions, 
an oxidative decarboxylation and a transamination (Fig. 1a).  The TyrA enzymes catalyze the 




are usually inhibited by Tyr in a competitive manner and compete for substrates that are also 
used in L-phenylalanine biosynthesis (Fig. 1a) (Hudson et al., 1984; Fischer and Jensen, 1987; 
Bonner et al., 2008).  In many microbes an NAD(H)-dependent prephenate dehydrogenase/TyrA 
(PDH/TyrAp; EC 1.3.1.13) converts prephenate into HPP followed by transamination to Tyr by 
Tyr aminotransferase (TAT/TyrB, Fig. 1a) (Kuramitsu et al., 1985; Fischer and Jensen, 1987). In 
plants, these two reactions occur in the reverse order, with prephenate first being transaminated 
to arogenate by prephenate aminotransferase (PPA-AT) (Connelly and Conn, 1986; Graindorge 
et al., 2010; Dal Cin et al., 2011; Maeda et al., 2011; Dornfeld et al., 2014), followed by 
oxidative decarboxylation to Tyr by an NADP(H)-dependent arogenate dehydrogenase/TyrA 
(ADH/TyrAa; EC 1.3.1.78, Fig. 1a) (Gaines et al., 1982; Rippert and Matringe, 2002).  Some 
exceptions to these “textbook” models are found in nature including microbes that use ADH to 
synthesize Tyr (Keller et al., 1985; Mayer et al., 1985) and plants such as legumes having PDH 
activity (Gamborg et al., 1966; Rubin and Jensen, 1979; Schenck et al., 2015). Also, some 
microbial TyrAs prefer NADP(H) cofactor (Fischer and Jensen, 1987; Legrand et al., 2006). 
Thus, variations exist in the TyrA enzymes in diverse organisms, yet the molecular basis 
underlying TyrA substrate specificity and the alternative Tyr pathways is currently unknown. 
Comparison of microbial TyrA sequences identified an aspartate residue downstream of the 
NAD(P)(H) binding motif that correlated with NADP(H) cofactor specificity of TyrA (Song et 
al., 2005; Bonner et al., 2008).  Site-directed mutagenesis of Escherichia coli PDH and structural 
analysis of Aquifex aeolicus PDH identified an active site histidine, which interacts with 
substrate C4-hydroxyl and is critical for catalysis in each PDH (Christendat et al., 1998; Sun et 
al., 2009).  Structural analysis and mutagenesis also identified an active site arginine that is 





Figure 1. Tyr biosynthesis pathways in plants and identification and characterization of 
noncanonical ADHs.  
(a) Two Tyr biosynthetic routes from prephenate are shown. The PDH (blue) pathway is present 
in most microbes and legumes, whereas the ADH (red) pathway is ubiquitous in plants. Dashed 
line represents feedback inhibition by Tyr. (b) Simplified phylogenetic analysis of TyrA 
homologs from various eudicot lineages identified a clade of ADH/PDH homologs 
(noncanonical, gray) distinct from previously characterized plant ADH (canonical). Plant PDHs 
form a subgroup in the noncanonical clade. Stars mark enzymes used in this study. (c) PDH 
(blue) and ADH (red) activity of PDH, and noncanonical ADHs with NADP+ cofactor. Catalytic 
efficiency (kcat/Km) is expressed as mM-1 s-1 ± SEM of n ≥ 3. Data without bars had detectable 
activity unless N.D. (below detection limit) is indicated (see Table 2 for values). (d) Effect of 
Tyr on plant ADH and PDHs. Data are shown as IC50 plots with enzymatic activity determined at 
increasing amounts of L-Tyr (at the following concentrations: 0, 0.01, 0.1, 0.5, 1, 5, and 8 mM). 






al., 2006; Sun et al., 2009). Besides their varied substrate and cofactor specificities, TyrA 
enzymes also exhibit different regulatory properties.  Mutation of another active site histidine, 
which is present in the E. coli and A. aeolicus PDHs but absent in Tyr-insensitive Synechocystis 
ADH, relieved Tyr inhibition but simultaneously reduced PDH activity (Sun et al., 2009).  
Random mutagenesis of the E. coli enzyme identified additional residues that relaxed Tyr 
inhibition; however, PDH activity was also reduced in these mutants (Lütke-eversloh and 
Stephanopoulos, 2005) .  Sequence and structural comparisons of divergent TyrA homologs have 
been unable to identify specific determinants of Tyr-sensitivity and substrate specificity. 
Recent work described legume PDHs that were insensitive to Tyr regulation (Schenck et al., 
2015).  Here, we used phylogeny-guided structure-function analyses of ADHs from legumes and 
eudicots that are phylogenetically related to legume PDHs and identified an active site residue 
that determines prephenate versus arogenate specificity and simultaneously alter Tyr inhibition 
in these enzymes.  The structures of mutant PDH enyzmes co-crystallized with Tyr reveal the 
molecular basis of TyrA substrate specificity and feedback-regulation that underlies the 
evolution of two alternative Tyr pathways in plants. 
 
MATERIALS AND METHODS 
Identification of ncADH enzymes from plants 
BlastP searches were performed using the amino acid sequences of 
GmPDH1/G.max_18g02650 (KM507071) and MtPDH/M.truncatula_3g071980 (KM507076) as 
queries against various plant lineages found within the Phytozome (www.phytozome.net) 
(Goodstein et al., 2012), 1KP (www.onekp.com) (Matasci et al., 2014), legume information 




(https://w3.pierroton.inra.fr/PinusPortal/index.php?p=EUROPINE_DB) (Fernandez-Pozo et al., 
2011) databases.  A phylogenetic analysis (Fig. 1b) was performed using selected homologs 
identified through BlastP searches.  Evolutionary distances were estimated based on maximum 
likelihood (Whelan and Goldman, 2001).  Phylogenetic anlysis was performed in MEGA6 
(Tamura et al., 2013) from an amino acid alignment using MUSCLE (Edgar, 2004).  All 
positions with <75% site coverage were removed, leaving 263 positions in the final analysis 
from 32 sequences, the tree was estimated with 1,000 bootstrap replicates (Fig. 1b). Numbers at 
the branches represent the percent of replicate trees in which sequences grouped accordingly, 
branches with less than 50% bootstrap support are not shown. Additional phylogenetic analyses 
were conducted using both maximum likelihood and neighbor-joining (Saitou and Nei, 1987) 
methods, with all 131 TyrA homologs from the green plant lineage, including eudicots, 
monocots, basal angiosperms, gymnosperms, non-seed plants, and green algae, which were 
manually rooted onto green algae orthologs. Phylogenetic anlysis was performed in MEGA6 
(Tamura et al., 2013) from an amino acid alignment using MUSCLE (Edgar, 2004).  All 
positions with <75% site coverage were removed. 
 
Recombinant protein expression and purification and site directed mutagenesis 
Full-length coding sequences of GmPDH1, GmncADH, MtPDH, MtncADH, SlncADH, and 
AiPDH/ADH, which do not contain a chloroplast transit peptide sequence, were amplified using 
gene-specific primers with Phusion DNA polymerase (Thermo).  The PCR products were 
purified using QIAquick gel extraction kit (Qiagen) and ligated into pET28a vector (Novagen) at 
EcoRI and NdeI sites, in frame with an N-terminal 6x-His tag using In-Fusion HD cloning kit 




mixed with 1 U Phusion DNA polymerase (Thermo), 0.2 mM dNTP’s, 0.5 µM forward and 
reverse mutagenesis primers, and 1x Phusion reaction buffer (Thermo), and then placed in a 
thermocyler for 98ºC for 30 s followed by 20 cycles of 10 s at 98ºC, 20 s at 70ºC , 4.5 min at 
72ºC with a final extension at 72ºC for 10 min. The PCR products were purified using a 
QIAquick Gel Exraction Kit (Qiagen), treated with DpnI (Thermo) to digest methylated template 
DNA for 30 min at 37ºC, and then introduced into E. coli XL1-Blue cells. Plasmids with wild-
type or site-directed mutant genes were sequenced to confirm that no errors were introduced 
during PCR and cloning. 
For recombinant protein expression, E. coli Rosetta2 (DE3) cells (Novagen) transformed 
with the confirmed plasmids were culutred in 10 mL LB media supplemented with 100 µg/mL 
kanamycin were grown at 37ºC and 200 r.p.m. One mililiter of the overnight culutre was added 
into 50 mL of fresh LB without antibiotics, allowed to grow at 37ºC with 200 r.p.m., 10 mL of 
which was further transferred to 500 mL of fresh LB with kanamycin (100 µg/mL) and grown 
until the OD600 reached 0.3, when the temperature of the incubator was changed to 18ºC.  After 1 
hour isopropyl β-D-1-thiogalactopyranoside (IPTG, 0.4 mM final concentration) was added to 
induce recombinant protein expression and grown for an additional 20 hours.  The cultures were 
spun at 10,000 x g for 10 minutes, and the pellet was washed in 100 mL of 0.9 M NaCl once and  
redissolved in 25 mL lysis buffer (25 mM HEPES pH 7.6, 50 mM NaCl, 10% (v/v) ethylene 
glycol) and 0.5 mM phenylmethylsulfonyl flouride.  After two cycles of freeze-thaw, 25 mg of 
lysozyme (Dot Scientific) was added and cells were sonicated for 3 min.  Cell debris was 
pelleted by centrifugation for 30 min at 50,000 x g, and supernatant was applied to a 1 mL 
HisTrap FF column for purification of the His-tagged recombinant protein using an ÄKTA 




washed with 20 column volumes of 90 % buffer A (0.5 M NaCl, 0.2 M sodium phosphate and 20 
mM imidazole) and 10 % buffer B (0.5 M NaCl, 0.2 M sodium phosphate and 0.5 M imidazole) 
followed by elution with 100 % buffer B.  Fractions containing purified recombinant proteins 
were pooled and desalted by Sephadex G50 column (GE Healthcare) size-exclusion 
chromatography into lysis buffer.  The purity of purified proteins were analyzed by SDS-PAGE.  
All protein purification steps were performed at 4ºC unless stated otherwise. 
 
GmPDH1 crystalization 
Purified protein (see above) was loaded onto a Superdex-75 26/60 HiLoad FPLC size-
exclusion column (GE Healthcare) equilibrated with 25 mM Hepes, pH 7.5, and 100 mM NaCl.  
Protein concentration was determined by the Bradford method (Protein Assay, Bio-Rad) with 
bovine serum albumin as a standard.  For selenomethionine (SeMet) GmPDH1 expression, E. 
coli Rosetta-2 (DE3) cells containing the PDH construct were grown to an OD600 ~0.6 in M9 
minimal media, at which point the media was supplemented with 60 mg SeMet, Val, Leu, and Ile 
and 100 mg of Lys, Phe, and Thr and induced with 1 mM IPTG for 16-18 hours at 16°C.  SeMet 
GmPDH1 was purified as described for native GmPDH1. 
Purified enzyme was concentrated to 10 mg ml−1 and crystallized using the hanging-drop 
vapor-diffusion method with a 2-µl drop (1:1 protein and crystallization buffer).  Tyr (3 mM 
final) was added to both GmPDH1 M219T/N222D and GmPDH1 N222D.  Diffraction quality 
crystals of the native GmPDH1 were obtained at 4°C with a crystallization buffer of 20% PEG-
4000, 30% (w/v) D-sorbitol, and 100 mM sodium citrate, pH 5.5. Crystals of SeMet PDH1 
formed at 4°C with a crystallization buffer of 20% (w/v) PEG-3350, 100 mM sodium citrate, pH 




oxometalates solution containing 0.005 M sodium chromate tetrahydrate, 0.005 M sodium 
molybdate dihydrate, 0.005 M sodium tungstate dihydrate, and 0.005 M sodium orthovanadate, 
0.1 M of MOPSO and bis-Tris, pH 6.5, and 50% (v/v) of a precipitant mixture of 20% (w/v) 
PEG-8000 and 40% (v/v) 1,5-pentanediol (Gorrec, 2013).  Crystals of GmPDH1 M219T/N222D 
formed in 16% (w/v) PEG 8000, 40 mM potassium phosphate dibasic, and 20% (v/v) glycerol.  
All crystals were flash-frozen in liquid nitrogen with mother liquor supplemented with 25% 
glycerol as a cryoprotectant. 
The GmPDH1 structure was solved by single-wavelength anomalous dispersion (SAD) 
phasing. Diffraction data collected at beamline 19ID of the Argonne National Laboratory 
Advanced Photon Source were indexed, integrated, and scaled using HKL3000 (Minor et al., 
2006). SHELX (Sheldrick, 2008) was used to determine initial SeMet positions and to estimate 
initial phases from the peak wavelength data set.  SeMet positions and parameters were refined 
in MLPHARE (Collaborative Computational Project, 1994).  Solvent flattening was performed 
with DM (Terwillinger, 2000), and ARP/wARP (Morris et al., 2003) was used to build an initial 
model. Iterative rounds of manual model building and refinement were performed with COOT 
(Emsley and Cowtan, 2004) and PHENIX (Adams et al., 2010), respectively.  The resulting 
model was used for molecular replacement into the higher resolution native data set using 
PHASER (McCoy et al., 2007).  Iterative rounds of manual model building and refinement, 
which included translation-libration-screen (TLS) models, used COOT and PHENIX, 
respectively.  The native GmPDH1 structure was used for molecular replacement to solve the 
GmPDH1 N222D and GmPDH1 M219T/N222D structures.  Each mutant structure was built and 
refined using the same method as the wild-type enzyme. Data collection and refinement data are 




to Gln258 and NADP+ for both molecules in the asymmetric unit and 228 waters with no 
Ramachandran outliers (97.8% favored and 2.2% allowed).  The final model of the 
GmPDH1•NADP+•citrate complex included residues Gln8 to Ile257 for chain A and residues 
Gln8 to Thr260 for chain B, NADP+ and citrate in both chains, and 605 waters with no 
Ramachandran outliers (97.7% favored and 2.3% allowed).  The structure was intended to be an 
apoenzyme, but NADP+ and citrate were bound in the active site.  The final model of the 
GmPDH1 N222D•NADP+•Tyr complex included residues Ser9 to Met258 for chain A and 
residues Gln8 to Thr260 for chain B, NADP+ and Tyr in both chains, and 435 waters with no 
Ramachandran outliers (97.8% favored and 2.2% allowed).  The final model of the GmPDH1 
M219T/N222D•NADP+•Tyr complex included residues Ser9 to Ile257 for chain A and residues 
Gln8 to Ile257 for chain B, NADP+ and Tyr in both chains, and 616 waters with no 
Ramachandran outliers (97.5% favored and 2.5% allowed). 
 
ADH and PDH assay 
Kinetic parameters of purified recombinant enzymes were determined from assays containing  
varying concentrations of arogenate (19.5 µM - 5 mM) or prephenate (23.4 µM - 6 mM) 
substrate together with 25 mM HEPES pH 7.6, 50 mM KCl, 10% (v/v) ethylene glycol, and 0.5 
mM NADP+ cofactor.  The reactions were initiated by addition of enzyme and incubated at 37ºC 
and monitored every 10-15 seconds at A340nm using a microplate reader (Tecan Genios).  Kinetic 
parameters were determined by fitting initial velocity data to the Michaelis-Menten equation 
using Origin software (OriginLab) from technical replicate assays (n ≥ 3).  Arogenate was 
prepared by enzymatic conversion of prephenate (Sigma-Aldrich) as previously reported (Maeda 




with 0.5 mM NADP+ and either 1 mM arogenate or 0.8 mM prephenate, followed by addition of 
enzyme and monitoring A340nm as above from technical replicate assays (n = 3). Tyr was 
dissolved in a basic solution (0.025 N NaOH) for sufficient solubility, and the HEPES buffer 
concentration was increased to 500 mM to maintain a constant pH 8.5.  For HPP inhibition 
assays, varying amounts of HPP (10  µM - 2 mM) were mixed with 0.5 mM NADP+ and 0.8 mM 
prephenate, followed by addition of enzyme and monitoring A340nm as above from technical 
replicate assays (n = 3).  HPP was dissolved in a 20% solution of dimethyl sulfoxide for 
sufficient solubility and further diluted to 2% final concentration in the assays.  All enzyme 
assays were conducted at a reaction time and protein concentration that were in the linear range 
and proportional to reaction velocity.  
 
Computational Substrate Docking 
Molecular docking of arogenate into the GmPDH1 M219T/N222D•NADP+•Tyr three-
dimensional model with Tyr removed was performed using AutoDock Vina (ver. 1.1.2) (Trott and 
Olson, 2010).  The positions of NADP+ and Tyr in the structure was used to guide docking with a 
grid box of 30 x 30 x 30 Å and the level of exhaustiveness set to 8.  
 
Data Availability 
Genebank accession codes for the sequences mentioned in this article are as follows: 
G.max_18g02650 (GmPDH1), KM507071; G.max_14g05990 (GmncADH), KM507073; 
M.truncatula_3g071980 (MtPDH), KM507076; M.trunctula_5g083530 (MtncADH), 
KX957934; A.ipaensis_VYE8T (AiPDH/ADH), KX957935; S.lycopersicum_6g050630 




5T9E), GmPDH1•NADP+•citrate (PDB: 5T8X), GmPDH1 N222D•NADP+•Tyr (PDB: 5T9F), 




Identification and biochemical analysis of noncanonical ADH in legumes 
Our previous phylogenetic analysis of plant TyrA enzymes identified a “noncanonical” clade 
(gray box in Fig. 1b) containing legume PDHs that was distinct from the “canonical” ADHs 
present in all plant lineages (Schenck et al., 2015).  The noncanonical clade also contained 
additional homologs from some angiosperms (through absent in e.g. Brassicales, Cucurbitales, 
and Rosales; Fig. 1b).  For comparison of the biochemical properties of PDHs and their 
noncanonical TyrA homologs, representative members of each group were expressed as 
recombinant His-tagged proteins without chloroplast transit peptides (if present), purified for 
steady-state kinetic analysis, and compared with previously characterized PDHs and a canonical 
ADH (Fig. 1c, Table 2).  PDHs from Glycine max (GmPDH1: G.max_18g02650) and Medicago 
truncatula (MtPDH; M.truncatula_3g071980) prefered prephenate versus arogenate as substrates 
with 139-fold and 21-fold higher kcat/Km values, respectively, consistent with previous 
characterization6. The noncanonical TyrA homolog from soybean (G.max_14g05990) only 
displayed activity with arogenate, whereas that from M. truncatula (M.truncatula_5g083530) 
accepted both substrates but was ~6,200-fold more efficient with arogenate, similar to previously 
characterized ADH from Arabidopsis thaliana (AtADH2; A.thaliana_1g15710) (Rippert and 
Matringe, 2002).  Thus, G.max_14g05990 and M.truncatula_5g083530 are noncanonical ADHs 




prefers NADP+ over NAD+ as cofactor consistent with previously reported plant ADH and PDHs 
(Gaines et al., 1982; Rippert and Matringe, 2002; Schenck et al., 2015).  In addition to substrate 
specificity, these three types of plant ADHs and PDHs differ in feedback inhibition by Tyr (Fig. 
1d; Tables 2).  The canonical AtADH2, was highly sensitive to Tyr (IC50 = 38 µM), whereas 
GmPDH1 and MtPDH were insensitive to feedback inhibition by Tyr (up to 8 mM in assays, 
Fig. 1d), consistent with prior studies.  The noncanonical ADHs, GmncADH and MtncADH, 
were sensitive to Tyr but with IC50 values in the mM range.  Thus, unlike PDHs, legume 
noncanonical ADHs are partially inhibited by Tyr.  
To further define the phylogenetic boundaries of noncanonical ADH and PDHs additional 
homologs from Arachis ipaensis (peanut, A.ipaensis_VYE8T) and Solanum lycopersicum 
(tomato, S.lycopersicum_6g050630), which exist at key phylogenetic boundaries (Fig. 1b), were 
biochemically characterized.  A.ipaensis_VYE8T (AiPDH/ADH) used both arogenate and 
prephenate to similar degrees (kcat/Km = 11.6 and 14.9 mM-1 s-1, respectively), whereas 
S.lycopersicum_6g050630 (SlncADH) exhibited ADH but not PDH activity (Fig. 1c). 
AiPDH/ADH was insensitive to Tyr inhibition, whereas SlncADH showed relaxed sensitivity to 
Tyr with an IC50 = 12.8 mM (Fig. 1d; Tables 2), similar to legume ncADHs.  Thus, legume 
enzymes having considerable PDH activity are Tyr insenstitive and form a subclade within the 
noncanonical clade likely due to a recent gene duplication of an ncADH within legumes (Fig. 
1b). 
 
X-ray crystal structure of soybean PDH 
To understand the structure-sequence relationship of legume PDHs and ADHs, and because 




2010; Ku et al., 2010), the x-ray crystal structure of GmPDH1 was determined by single-
wavelength anomalous dispersion phasing using selenomethionine-substituted protein (Table 1).  
The resulting model was then used for molecular replacement with a 1.69 Å resolution native 
data set to solve the structure of the GmPDH1•NADP+•citrate complex (Fig. 2a; Table 1).  
GmPDH1 forms a homodimer with each 257 amino acid monomer adopting a N-terminal 
Rossman fold domain (residues 8-171) that shapes the NADP(H)-binding domain and an α-
helical C-terminal dimerization domain (residues 172-257) (Fig. 2a).  The PDH dimer is formed 
by two tail-to-tail monomers that pack closely resulting in a dumbbell-shaped molecule (Fig. 
2a).  The N-terminal domain is made up of seven β-strands sandwiched between two sets of 
three α-helices.  The C-terminal dimerization domain consists of an entirely helical architecture 
of four α-helices.  The active site in each monomer is found at the interface of the two domains. 
Consistent with the NADP+ specificity of GmPDH16, the crystal structure of GmPDH1 
shows clear electron density for this ligand in the N-terminal domain of each monomer (Fig. 2b) 
and extensive protein-ligand binding interactions (Fig. 2c).  The β1a-α1 loop (residues 16-21) is 
the conserved GxGxxG motif characteristic of NAD(P)(H)-dependent oxidoreductases 
(Wierenga et al., 1985) and contributes interactions with the pyrophosphate moiety and the 
nicotinamide ring.  The main-chain amides of Asn19 and Phe20 hydrogen bond with an oxygen 
atom in the diphosphate linker. The hydroxyl group of Ser223 interacts with another phosphate 
oxygen.  Additionally, contacts with five water molecules further stabilize the disphosphate 
linker.  The syn-conformation of the nicotinamide ring is stabilized by π-π stacking interactions 
with Phe20 and by polar contacts between N1 and the side-chain of Ser101.  Water molecules 
also interact with the carboxamide oxygen and nitrogen.  These interactions orient the B-face of 





Figure 2.  X-ray crystal structure of GmPDH1.   
(a) Ribbon diagram showing the monomeric units (colored gold and white, respectively) of the 
homodimer.  NADP+ (green) and citrate (purple) are depicted as space-filling models.  The N- 
and C-terminal domains are also indicated.  (b) Electron density for NADP+.  The 2Fo-Fc omit 
map (1.5 s) for the ligand is shown.  (c) Nicotinamide cofactor binding pocket of GmPDH1.  
Residues surrounding the bound NADP+ (green) and water molecules (red spheres) are shown. 
Ligand interactions are indicated by dotted lines.  (d) Active site residues in GmPDH1 in contact 
with citrate (purple) identify the proposed prephenate binding site. 
 
Other interactions complete the cofactor binding site (Fig. 2c).  The adenine ring, which is in 
the anti-conformation, hydrogen bonds to the side-chain of Glu80 and a water molecule through 
its exocyclic N6 and to the hydroxyl group of Thr73 via N3 and N9.  Water molecules form 
polar interactions with the adenine N3 and N7.  Extensive charge-charge interactions are formed 
between the 2′-phosphate of the adenine ribose and the side-chain of Arg40, the hydroxyl groups 
of Ser39, Ser41, and Tyr43, the backbone amide nitrogen of Ser41, and three water molecules.  
These interactions form the phosphate binding site that favors NADP(H) over NAD(H).  The 3′-
















    
Space group P1 P1 P1 P1 
Cell 
dimensions   
    



















34.1 - 2.03 
(2.06 - 2.03) 
0.979 
32.4 - 1.69 
(1.72 - 1.69) 
0.979 
33.9 - 1.99 
(2.05 - 1.99) 
0.979 
34.0 - 1.69 
(1.72 - 1.69) 
Rsym (%) 6.1 (43.2) 4.4 (43.9) 8.5 (28.5) 4.9 (34.4) 
I / s 7.6 (1.6) 13.8 (1.1) 10.2 (2.3) 12.3 (1.7) 
Completeness 
(%) 
96.0 (88.7) 97.0 (94.6) 88.9 (85.3) 88.9 (87.2) 
Redundancy 1.80 1.96 1.69 1.78 
Refinement     
Resolution 
(Å) 
34.1 - 2.03 32.4 - 1.69 33.9 - 1.99 34.0 -1.69 
No. unique 
reflections 
37,512 64,687 36,694 59,535 
Rwork / Rfree 
(%) 
18.8 / 22.9 15.3 / 18.2 15.8 / 20.6 15.4 / 18.4 
No. atoms     
    Protein 4017 4094 4054 4084 
    Ligand 224 604 435 616 
    Water 96 122 122 122 
B-factors     
    Protein 29.1 23.7 32.5 21.4 
    Ligand 25.3 19.6 32.0 15.3 
    Water 37.4 37.5 41.3 37.3 
R.m.s. 
deviations 
    
Bond lengths 
(Å) 
0.010 0.007 0.008 0.007 
Bond angles 
(°) 
1.17 1.17 0.91 0.98 
Table 1. Data collection and refinement statistics. *Data for each structure represents a single 





oxygen of the ribose hydrogen bonds to the hydroxyl group of Thr73.  Both the adenine ribose 
and the nicotinamide ribose adopt the C2′-endo conformation.  The 2′-hydroxyl of the 
nicotinamide ribose interacts with the side-chain hydroxyl and the main-chain nitrogen of 
Ser101, whereas the 3′-hydroxyl of the nicotinamide ribose hydrogen bonds to the backbone 
oxygen of Thr73.  A water molecule interacts with the 2′- and 3′-hydroxyls of the nicotinamide 
ribose. 
 
Figure 3. Electron density maps of citrate and Tyr ligands.  
(a) The 2Fo-Fc omit map (1.25 σ) for the citrate ligand from GmPDH1•NADP+•citrate complex 
is shown.  (b) The 2Fo-Fc omit map (1.25 σ) for the Tyr ligand from GmPDH 
M219T/N222D•NADP•Tyr complex is shown. 
 
Although efforts to obtain crystals with different ligands (e.g. prephenate and HPP) were not 
successful, the structure of PDH complexed with NADP+ and citrate, contributed from the 
crystallization buffer, suggests how substrates may bind within the active site (Fig. 2d).  The 
citrate is positioned in a pocket proximal to the nicotinamide ring and the putative catalytic 
histidine (His124).  The Ne of His124 and the side-chain amine of Gln184 form polar contacts 
with the α-carboxyl group of citrate.  Similarly, the side-chain nitrogen of Gln184 and Ne of 
His188 contact the γ-hydroxyl of citrate.  The ζ-carboxyl group of citrate interacts with the 
hydroxyl of Thr206, which is provided by the other subunit at the dimer interface.  Additional 




amide of Asn222.  The binding of citrate, which mimics the dicarboxylate portion of prephenate, 
identifies potential residues in the substrate binding site. 
 
Identification of a residue that confers TyrA substrate specificity 
Next, the predicted substrate binding site (Fig. 2d) and the phylogenetic distribution of PDH 
and ADHs (Fig. 1b) were used together to identify residues responsible for differences in 
substrate specificity.  Amino acid alignment of the plant TyrA enzymes showed highly 
conserved residues responsible for NADP+ binding, including the GxGxxG motif, and residues 
proposed to function in catalysis (e.g. Ser101 and His124) (Christendat et al., 1998; Christendat 
and Turnbull, 1999; Sun et al., 2006; Sun et al., 2009).  Within the PDH active site, residues 
uniquely conserved in either ADHs or PDHs were also identified (Fig. 5a).  Asp218 in 
GmncADH, which corresponds to Asn222 in GmPDH1, was highly conserved among ADHs but 
not in PDHs (Fig. 5a).  Similarly, Thr215 of GmncADH was generally conserved among ADHs 
but replaced by either Met or Val in PDHs, although peanut AiPDH/ADH retains a Thr at the 
corresponding position (Fig. 5a).  These comparisons suggest that either Met219 or Asn222 (or 
both) may determine prephenate specificity in PDH. 
To experimentally test the roles of the two residues in prephenate versus arogenate substrate 
specificity, site-directed mutagenesis was performed on GmPDH1 to convert Asn222 and 
Met219 into the corresponding residues in GmncADH (N222D and M219T).  The M219T 
mutant had very similar kinetic parameters to wild-type enzyme preferring prephenate over 
arogenate substrate (Fig. 5b; Tables 3).  The N222D mutant, however, showed a 115-fold 
reduction in kcat/Km with prephenate and gained ADH activity (Fig. 5b; Table 3).  The turnover 




GmncADH for prephenate and arogenate, respectively (30.4 and 27.7 s-1; Table 2).  The 
M219T/N222D double mutant, exhibited very similar kcat/Km values for PDH and ADH activity 
compared to the N222D single mutant (Fig. 5b; Table 3), suggesting that the M219T 
substitution had little effect on substrate specificity alone and in combination with the N222D 
mutation. 
 
Table 2. Kinetic analysis of representative plant PDHs and ADHs.  
 
To test if the analogous mutation alters substrate specificity outside of soybean PDH, the Asp 
residue was introduced to the corresponding Cys on Medicago PDH, MtPDH.  Similar to the  
GmPDH1 N222D mutant, the C220D mutation on MtPDH reduced PDH activity by >1000-fold 
and enhanced ADH activity by ~10-fold (Fig. 5b), which is also reflected by a 31-fold higher 
and 3-fold lower Km toward prephenate and arogenate, respectively, compared to wild-type 
(Tables 2 and 3).  To examine if an acidic Asp residue was necessary for converting PDH to 
ADH activity, an alanine mutation was introduced at Asn222 in GmPDH1 (N222A).  The 
N222A mutant reduced PDH activity, but did not introduce ADH activity, unlike N222D (Fig. 





enzymes is the key determinant for their substrate specificity, where an acidic Asp residue is 
crucial for ADH activity. 
 
Figure 4.  Identification of Asn222 as a determinant of PDH activity and Tyr sensitivity.  
(a) Trimmed amino acid alignment corresponding to the phylogeny in Fig. 1b highlighting 
residues Met219 and Asn222 (number based on GmPDH1). Identical amino acids present in 
>50% of the sequences are shaded black and biochemically similar residues present in >50% of 
the sequences are shaded gray. (b) PDH (red) and ADH (blue) activity of GmPDH1, MtPDH and 
corresponding site-directed mutants. Bars represent average catalytic efficiency (kcat/Km) in mM-1 
s-1 ± SEM of n = 3 replications. Data without bars had detectable activity unless N.D. (below 
detection limit) is indicated (see Tables 2 and 3 for values). (c) Effect of Tyr on PDH activity of 
wild-type and mutant GmPDH1 and MtPDH.  Data are shown as IC50 plots with enzymatic 
activity determined at increasing concentrations of L-Tyr (at the following concentrations: 0, 
0.01, 0.1, 0.5, 1, 5, and 8 mM).  Activity was normalized to an assay with no L-Tyr and 
expressed as percent activity of n = 3 ± SEM. Open symbols correspond to wild-type enzymes, 




Altered substrate specificity simultaneously affects Tyr-sensitivity 
The mutations on legume PDHs were also tested for their effect on Tyr sensitivity.  Similar 
to wild-type GmPDH1, the M219T and N222A single mutants, which did not alter substrate 
specficity, were not inhibited by Tyr (Fig. 5c; Table 3).  In contrast, the GmPDH1 N222D and 
M219T/N222D mutants, as well as the MtPDH C220D mutant, exhibited Tyr inhibition with 
IC50 values of 5 to 11 mM (Fig. 5c; Table 3).  Thus, mutating Asn222 and Cys220 of GmPDH1 
and MtPDH, respectively, into an Asp not only introduced ADH activity, but also Tyr sensitivity. 
 
Figure 5.  Crystal structures of GmPDH1 N222D and M219T/N222D reveal Tyr binding 
interactions.   
(a) Ribbon diagrams of overlay of GmPDH1 (blue), GmPDH1 N222D (rose), and GmPDH1 
M219T/N222D (white) with NADP+ (green) shown as a space-filling model.  (b) Active site 
overlay of wild-type and mutant GmPDH1 shows a conserved architecture.  Coloring of side-
chains is the same as panel a.  (c) Active site residues in GmPDH1 M219T/N222D in contact 
with Tyr (purple).  (d) Molecular docking of arogenate (rose) into the active site of GmPDH1 
M219T/N222D.  The surface of the active site pocket is shown with the surface corresponding to 





The GmPDH1 mutants that bind to Tyr can now be used to test the role of the active site 
Asp222 in ADH activity and Tyr sensitivity.  The GmPDH1 N222D and M219T/N222D mutants 
were successfully co-crystalized with Tyr and NADP+ bound in their active site at 1.99 and 1.69 
Å resolution, respectively (Table 1, Fig. 5).  An overlay of these two mutants with the wild-type 
structure revealed no global conformational changes (Fig. 5a).  Likewise, the substitutions did 
not drastically alter the active site structure of either mutant (Fig. 5b). 
In the GmPDH1 M219T/N222D structure, the ring hydroxyl of the Tyr ligand contacts Ne of 
His124, the hydroxyl of Ser101, and the amine group of Gln184 (Fig. 5c).  The side chain 
carboxylate of Tyr interacts with the hydroxyl group and backbone amide of Thr131, as well as  
the carbonyl and backbone amide of Gln130. The position of the bound Tyr is also stabilized by 
π-π stacking interation with the nicotinamide ring of NADP+.  The amine nitrogen of Tyr forms 
polar contacts with a water molecule, the carbonyl of Gln130, and the carboxylate of the mutated 
Asp222 residue.  Identical contacts were observed in the GmPDH1 N222D structure. Neither 
Met219 nor the mutated Thr219 makes a direct contact with the ligand. 
In the GmPDH1 mutant structures, the active site pocket near the site of hydride transfer 
from the substrate to the nicotinamide via His124 is composed of a wall of nitrogen atoms (e.g. 
of Gln184 and His188), and Asp222 adds a negatively charged region to the side of the pocket to 
recognize the amine of Tyr (Fig. 5c).  Computational docking of arogenate into the 
crystallographic structure of GmPDH1 M219T/N222D shows that the hydroxyl of arogenate can 
anchor itself between His124 and the nicotinamide ring, similar to Tyr (Fig. 5d).  Also, the 
carboxylate of Asp222 could form a polar interaction with the amine of arogenate (Fig. 5d).  By 




substrate recognition changes to preferentially recognize the amine of arogenate over the 
carbonyl of prephenate and also introduce sensitivity to Tyr. 
 
Mutating Asp218 introduces PDH activity in divergent plant ADH enyzmes 
To test if PDH activity can be introduced to legume ncADHs, the reciprocal mutation was 
made on GmncADH at position Asp218 (corresponding to Asn222 of GmPDH1) to generate the  
D218N mutant.  The D218N substitution reduced kcat/Km for ADH by ~6-fold while introducing 
PDH activity (Fig. 6a; Table 3) into an enzyme which was originally unable to use prephenate 
(Fig. 1c; Table 2).  The corresponding Asp to Cys mutation on MtncADH (D220C) showed 
similar results, e.g. reduced ADH activity and enhanced PDH activity (Fig. 6a). While wild-type 
MtncADH had a 6,190-fold preference for arogenate, MtncADH D220C was switched to prefer 
prephenate over arogenate by 1.7-fold (Table 3). These results suggest that multiple residues at 
the corresponding 222 position are able to confer PDH activity, whereas only an Asp residue is 
present in all ADHs (Figure 4a).  
The corresponding Asp residue was also mutated to Asn in divergent ADH from the basal 
noncanonical clade, tomato (SlncADH D224N), and canonical ADH clade, Arabidopsis 
(AtADH2 D241N, Fig. 1b).  Similar to the results observed with the legume ncADHs, the 
tomato and Arabidopsis mutant enzymes gained PDH activity at the expense of reduced ADH 
activity (Fig. 6a; Table 3).  Additionally, each ADH mutant (GmncADH D218N, MtncADH 
D220C, SlncADH D224N, and AtADH2 D241N) were less sensitive to Tyr inhibition than the 
respective wild-type enzymes (Fig. 6b; Tables 2 and 2). Instead, GmncADHD218N and 






Figure 6.  Asn222 confers PDH activity to divergent plant ADHs while simultaneously 
relaxing Tyr sensitivity.  
(a) ADH activity from wild-type ADH enzymes and their mutants that remove Asp at the 
corresponding 222 position.  Bars represent average catalytic efficiency (kcat/Km) in mM-1 s-1 ± 
SEM for n = 3.  Activity from AtADH2 is shown as specific activity (nkat/mg ± SEM for n = 3) 
as kinetics were unable to be determined. Data without bars had detectable activity unless N.D. 
(below detection limit) is indicated (see Tables 2 and 3 for values).  (b) IC50 plots show Tyr 
sensitivity of ADH activity from wild-type and mutated ADHs.  Enzymes were tested for ADH 
activity at increasing concentrations of Tyr (at the following concentrations: 0, 0.01, 0.1, 0.5, 1, 
5, and 8 mM) and were normalized to the 0 mM assay. Bars are average activity ± SEM for n = 
3. Open symbols correspond to wild-type enzymes, with dashed curves. Mutant enzymes have 





key active site Asp residue is the evolutionary switch needed to introduce PDH activity in 
diverse plant ADH enzymes while simultaneously relieving feedback inhibition by Tyr. 
Table 3. Steady-state kinetic parameters and effect of tyrosine on mutant GmPDH1, 
MtPDH1, GmncADH, MtncADH, and SolyncADH. 
 
DISCUSSION 
In plants, aromatic amino acid biosynthesis provides essential building blocks for proteins 
and diverse primary and specialized metabolites (Tzin and Galili, 2010; Maeda and Dudareva et 
al., 2012); however, the biochemical pathways for production of these compounds can vary, as 
exemplified in Tyr biosynthesis.  While all plants have canonical ADH for Tyr synthesis (Gaines 
et al., 1982; Connelly and Conn, 1986; Rippert and Matringe, 2002), our studies found that some 
angiosperms have noncanonical ADH (ncADH) and some legumes additionally have PDH (Fig. 
1b-c) (Schenck et al., 2015).  The three types of TyrA dehydrogenases share similar catalytic 
properties, but with distinct arogenate versus prephenate specificities (Fig. 1c; Table 2) (Rubin 




Moreover, the final pathway product, Tyr, strongly feedback inhibits the canonical ADHs and 
partially inhibits ncADHs (Fig. 1d), whereas legume PDHs are completely insensitive to Tyr 
(Fig. 1d) (Schenck et al., 2015).  Also, unlike plastid-localized canonical ADHs (Rippert et al., 
2009), ncADH from eudicots and PDH lack an N-terminal chloroplast transit peptide and 
localize in the cytosol (Schenck et al., 2015), as also shown for cytosolic CM and TAT isoforms 
that function before and after PDH, respectively (Westfall et al., 2014; Wang et al., 2016). Our 
data suggest that alternative Tyr pathways with distinct regulation and cellular localization have 
evolved in different plants, though their physiological functions remain unknown. 
Phylogenetic analyses of plant TyrAs showed that the legume PDH genes evolved through 
duplication of an ancestral plant ADH that likely occurred before divergence of basal 
angiosperms (Fig. 1), followed by subfunctionalization, rather than horizontal gene transfer of a 
bacterial PDH (Schenck et al., 2015). PDH enzymes are restricted to legumes, particularly in the 
more recently-diverged species, such as peanut and soybean (Fig. 1b) (Wojciechowski et al., 
2004; Cardoso et al., 2012).  Therefore, the PDH genes evolved through an ancient duplication 
event giving rise to the angiosperm noncanonical clade, which was followed by a second 
duplication within the legume family.  
The current study demonstrates that alteration of Asp218 (into either Asn or Cys) played a 
key role during the subfunctionalization of the duplicated gene from ADH to PDH (Figs. 5 and 
6). Comparison of the x-ray crystal structures of the wild type and N222D mutants of GmPDH1 
(Figs. 2 and 6) showed that the Asp substitution is readily accommodated in the active site 
without significant conformational changes (Fig. 5a-b).  Prephenate and arogenate are nearly 
identical with the exception of a carbonyl versus an amine, respectively (Fig. 1a).  Positioning of 




dominant ionic interaction with the amine of arogenate substrate (Fig. 5d), which would be 
protonated at physiological pH, compared to a hydrogen bond with the prephenate carbonyl 
group in the wild-type enzyme.  The same charge-charge interaction is also critical for feedback 
inhibition in the GmPDH1 mutants (Fig. 5c; Table 3) and binding with Tyr, which also has the 
side-chain amine (Fig. 5c).  
Although introduction of Asp218 into GmPDH1 restored ADH activity to near wild-type 
levels of GmncADH (kcat/Km of 52.5 vs 67.5, respectively, Fig. 5b; Tables 2 and 3), that of 
Asn222 into GmncADH was insufficient to obtain PDH activity comparable to wild-type 
GmPDH1 level (Figs. 5b and 6a). An additional mutation of Met219, which covaries with 
Asn222, on GmPDH1 wild-type and N222D mutant did not enhance ADH activity (Fig. 5b).  
Comparisons among GmPDH1, GmncADH, and AtADH2 reveal variety in the amino acid 
sequence of the b1e-b1f loop (Phe127 to Trp136 in GmPDH1, which is at the opposing side of 
the active site from Asn222 and consists of residues that interact with the ligand side chain 
carboxylate (Fig. 5c). Thus, residues on the b1e-b1f loop could be contributing to the correct 
positioning of the substrate for catalysis, and various combinations of active site mutations on 
both sides may be needed to convert an ADH to a fully functional PDH. 
The residue corresponding to Asp218 that confers ADH activity can now be used to trace the 
evolutionary origin of the plant ADHs.  Asp218 is present in TyrA homologs of all plants and 
algae (Fig. 7), suggesting that Asp218-containing ADHs are universal to the plant kingdom.  
Plant TyrA sequences were most similar to those of proteobacteria among other microbial TyrAs 
(Fig. 7) (Bonner et al., 2008; Reyes-Prieto et al., 2012; Dornfeld et al., 2014).  Interestingly, an 
Asp was present at the corresponding 218 position in the TyrA orthologs of proteobacteria, 




al., 1985), but absent in those of other microbes (Figs. 7b-c, 8) (Legrand et al., 2006). Together 
these data suggest that ADH containing Asp218 evolved in a bacteria ancestor, which was 
horizontally transferred to the common ancestor of plants and algae. Together with PPA-ATs 
aquired from a Chlorobi/Bacteroidetes ancestor (Dornfeld et al., 2014), the Asp218-containing 
ADHs are maintined in the plant kingdom for synthesis of Tyr via the arogenate pathway (Fig. 
1a). 
Is the corresponding Asp residue also responsible for substrate specificity and regulation of 
divergent microbial TyrA dehydrogenases?  In conclusion, microbial TyrA dehydrogenases 
likely have different mechanisms of substrate specificity from plant TyrAs. Here we compared 
the three-dimensional structure of GmPDH1 (Fig. 2), the first of a plant TyrA structure, to 
previously reported microbial TyrAs from the cyanobacteria Synechocystis sp. PCC 6803 
(SynADH; PDB: 2F1K) (Legrand et al., 2006) and A. aeolicus PDH (AaPDH; PDB: 3GGP) (Sun 
et al., 2009). SynADH is specific to arogenate and Tyr insensitive, whereas AaPDH prefers 
prephenate and is inhibited by Tyr (Legrand et al., 2006; Bonvin et al., 2006; Sun et al., 2006; 
Sun et al., 2009). The overall fold of GmPDH1 is conserved (root mean square deviations of 2.5-
3.0 Å2 for ~235 Ca atoms) with SynADH and AaPDH (Fig. 8a). While the N-terminal 
Rossmann-fold was highly conserved, some differences in topology were found in the C-
terminal dimerization domain: the 310 helix (a9) and the long C-terminal helix (a13) of SynADH 
and AaPDH are missing in the soybean enzyme, and the a7 helix of GmPDH1 is split into two 
helices in SynADH and AaPDH (a7 and a8, Fig. 8a). 
 Comparison of cofactor binding sites of these enzymes also reveals structural variation that 
defines the NADP(H) cofactor specificity of GmPDH1 (Fig. 8a). The b1b-a2 loop of GmPDH1 






Figure 7. Asp222 is conserved in plant ADHs and proteobacteria orthologs.  
A sequence similarity network10 was created using GmPDH1 to identify 318 homologs with a 
BLAST e-value ≤ 10-5 and visualized in cytoscape11. Each circle (node) represents a single TyrA 
homolog with each line (edge) connecting the nodes representing two proteins that have 
sequence similarity greater than a given threshold. (a) 100% networks are shown with increasing 
sequence similarity scores from left to right of ≥ 20, 25, and 30, respectively. (b) 100% network 
shows that plants (bright green) and brown algae (dark green) are separate, but more close in 
sequence similarity to bacteria (red) than archaea (blue). The residue at position 222 
(corresponding to GMPDH1) is shown for representative TyrA homologs on top of the node that 
it represents (D, aspartic acid, N, asparagine, and Q, glutamine). P. zucineum (α-
proteobacteriabacteria ortholog) is from the same genus that contains ADH activity12. Algae 
orthologs fall into the plant group including C. merolae (red algae), A. anophagefferens (brown 





interactions (Ser39, Ser41, and Thr43) with the phosphate group.  A similar set of interactions 
are formed with Arg31, Gln32, and Thr35 in the NADP(H)-dependent SynADH.  In contrast, the 
same loop in the NAD(H)-dependent AaPDH (Asp62, Ile63, and Asn64) is repositioned to fill 
the corresponding space. This allows for direct interaction with the hydroxyl groups of the 
adenine ribose of NAD(H) (Fig. 8b). Interestingly, the diphosphate group of NADP(H) adopts a 
trans-conformation in GmPDH1, where the same cofactor moiety in SynADH and AaPDH are in 
cis-conformations (Fig. 8b).  In SynADH and AaPDH, a 4.5 and 7.7 Å shift in a1 compared to 
GmPDH, respectively, containing part of the GxGxxG motif, accomodates the cis conformer of 
cofactor. Thus, the trans-conformation of NADP(H) appear to be a unique feature of GmPDH1 
and likely plant TyrAs. 
Despite the cofactor binding site variations, each structure maintains the positioning of the 
ribose and nicotinamide ring relative to a key catalytic histidine (Fig. 5b-c; Fig. 8b-c).  The 
residues that contribute hydrogen bonds to the nicotinamide ribose (Thr73 and Ser101 in 
GmPDH1; Thr65 and Ser92 in SynADH; Ser99 and Ser126 in AaPDH) are conserved, as is an 
apolar residue stacking with the nicotinamide ring (Phe28 in GmPDH1; Ile11 in SynADH; 
Met41 in AaPDH, Fig. 5b-c; Fig. 8b-c).  Overall, these interactions position the C4 of the 
nicotinamide ring in proximity to the conserved catalytic histidine (His124 in GmPDH1; His112 
in SynADH; His147 in AaPDH) for the ensuing oxidative decarboxylation reaction (Legrand et 
al., 2006; Sun et al., 2006; Sun et al., 2009).  
Notable differences were found in the architecture of the residues and regions that recognize 
the side chain of substrates and the Tyr effector (Fig. 8c); part of which reflects the structural 
variations in the C-terminal dimerization domain (Fig. 8a).  SynADH contains an Asn in the 222 




Figure 8. Structural comparison of plant PDH, cyanobacterial ADH, and bacterial PDH. 
(a) Altered dimerization domains. Ribbon diagrams with a-helices shown as cylinders of 
GmPDH1 (white, PDB: 5T8X), SynADH (purple, PDB: 2F1K), and AaPDH (gold, PDB: 3GGP) 
with NAD(P)+ (green) in each structure shown as a stick model.  (b) Nicotinamide cofactor 
binding sites of GmPDH1 show trans--conformation, whereas those of SynADH and AaPDH are 
in cis-conformation. The SynADH structure depicts the diphosphate moiety in two alternate cis-
conformations. Coloring of the ribbons and side-chains is the same as in (a).  (c) Substrate 
binding site variations. Residues forming the active site in the GmPDH1•NADP+•citrate 
complex, SynADH•NADP+ complex, and the AaPDH•NAD+•4-hydroxyphenylpyruvate complex 
are shown as stick models. 
 
the placement of α-helix adjacent to Asn222 or Asp255 (α11 in SynADH and AaPDH compared 
to α9 in GmPDH1) varies. This is partly due to a proline residue uniquely present in SynADH 
and AaPDH but absent in GmPDH1, which kinks the a11 helix to orient the ligand towards the 




condensed in GmPDH1 (Phe127-Trp136) compared to SynADH (Ala115-Leu129) and AaPDH 
(Ala150-Leu164).  These key differences in the active site configuration likely prevent the 
Asp/Asn residue from being involved in arogenate/prephenate specificity and Tyr inhibition in 
the microbial structures (Fig. 8c). Thus, microbial TyrA dehydrogenases, which are distantly-
related from plant TyrAs (Fig. 7c), have taken different and yet unknown evolutionary paths 
towards refining substrate specificty as compared to plant TyrAs.  
In summary, using a combined phylogenetic and structural approach, we identified the 
critical residue that controls the substrate specificity and Tyr sensitivity of TyrAs and underlies 
the functional evolution of alternative Tyr pathways in plants. The high conservation of the Asp 
residue among all plantae and some microbial TyrA orthologs suggests an ancient evolutionary 
origin of the ADH Tyr pathway universally present in the plant kingdom today. Structural 
variations of the ligand side-chain recognition between plant and distant microbial TyrAs further 
indicate that the Asp-mediated substrate switch is a unique mechanism among plant TyrA 
orthologs. The identified key residue can now be used to alter Tyr biosynthetic pathways and 
regulation, as demonstrated in diverse plant TyrAs (Fig. 6), to optimize Tyr availability for the 
production of its derived natural products, including vitamin E and morphine alkaloid (Millner 
and Barber, 1984; Strack et al., 2003; Hunter and Cahoon, 2007; Hagel and Facchini, 2013; 
Gleadow and Møller, 2014). 
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Unlike metazoans, plants, bacteria, and fungi retain the enzymatic machinery necessary to 
synthesize the three aromatic amino acids, L-phenylalanine, L-tyrosine, and L-tryptophan de 
novo. In legumes, such as soybean, alfalfa, and common bean, prephenate dehydrogenase (PDH) 
catalyzes the tyrosine-insensitive biosynthesis of 4-hydroxyphenylpyruvate, a precursor to 
tyrosine. The three-dimensional structure of soybean PDH1 was recently solved in complex with 
the NADP+ cofactor. This structure allowed for the identification of both the cofactor- and 
ligand-binding sites. Here, we present steady-state kinetic analysis of twenty site-directed active 
site mutants of the soybean (Glycine max) PDH compared to wild-type. Molecular docking of 
the substrate, prephenate, into the active site of the enzyme reveals its potential interactions with 
the active site residues and makes a case for the importance of each residues in substrate 
recognition and/or catalysis, most likely through transition state stabilization. Overall, these 
results suggest that the active site of the enzyme is highly sensitive to any changes, as even 












Aromatic amino acids are essential components of proteins and are critical for human health.  
Despite this importance, the biosynthetic pathways of L-phenylalanine, L-tyrosine, and L-
tryptophan in plants have only recently gained attention (Maeda and Dudareva, 2012). 
Historically, aromatic amino acid biosynthesis in plants was thought to mirror the pathways in 
microbes, but new discoveries such as the recent discovery of an evolutionarily distinct 
prephenate dehydrogenase (PDH) in plants highlights how these biosynthesis pathways in plants 
can differ from those found in microbes (Schenck et al., 2014). 
Tyrosine is downstream of the shikimate pathway, which converts phosphoenolpyruvate and 
D-erythrose 4-phosphate from central carbon metabolism to the aromatic amino acid.   The 
shikimate pathway generates chorismate, the branch point metabolite in aromatic amino acid 
biosynthesis (Maeda and Dudareva, 2012; Tzin and Galili, 2010; Toghe et al., 2013). Chorismate 
mutase then converts chorismate to prephenate, the precursor to enzymes in both tyrosine and 
phenylalanine (Romero et al., 1995; Mobley et al., 1999; Westfall et al., 2014; Kroll and Holland 
et al., 2017).  En route to tyrosine, plants primarily use the arogenate pathway, where prephenate 
is transaminated to arogenate by prephenate aminotransferase, followed by an oxidative 
decarboxylation by arogenate dehydrogenase (ADH) (Bommer and Jensen, 1985; Jung et al., 
1986; Eberhard et al., 1996; Rippert and Matringe, 2002; Legrand et al., 2006; Cho et al., 2007; 
Yamada et al., 2008; Rippert et al., 2009; Colquhoun et al., 2010; Graindorge et al., 2010; Maeda 
et al., 2010; Dal Cin et al., 2011; Maeda et al., 2011; Holland et al., 2018).  Some plants contain 
a PDH that leads to these reactions being performed in the reverse order.  PDH oxidatively 
decarboxylates prephenate to 4-hydroxyphenylpyruvate (4-HPP) and prephenate 




(Schenck and Holland et al., 2017).  This alternate tyrosine biosynthesis pathway in legumes 
may provide a means for dedicating cytosolic metabolites for specialized metabolism. 
While most fungi and bacteria contain PDH, legumes (Leguminosae) are the only land plants 
found to contain functional dimeric PDH (Stenmark et al., 1974; Fazel and Jensen, 1979).  In 
microbes, PDH exists as either monofunctional or bifunctional homodimeric enzymes, in which 
PDH is fused to chorismate mutase, 5-enolpyruvylshikimate-3-phosphate (EPSP) synthase, or an 
aminotransferase (Song et al., 2005).  In plants, PDH functions as a homodimer.  In microbes, 
PDHs are allosterically inhibited by tyrosine (Sun et al., 2006; Sun et al., 2009).  The plant PDHs 
are insensitive to regulation by tyrosine, unlike their bacterial homologues, making it an 
excellent candidate for metabolic engineering in microorganisms to produce tyrosine-derived 
products (e.g. morphine and vitamin E) (Rubin and Jensen, 1979; Gamborg and Keeley, 1966). 
 A recent three-dimensional structure of GmPDH1 from soybean (Glycine max) has shed light 
on the mechanisms governing sensitivity to tyrosine and substrate specificity of PDH (Schenck 
and Holland et al., 2017).  A single residue in the active site of PDH (Asn222) was found to 
mediate binding of both the substrate and the feedback-inhibitor tyrosine, showing that this 
single residue, which is an aspartate in ADH, is responsible for the evolution of PDH activity and 
the deregulation of this enzyme in plants.  The crystal structure combined with phylogenetic data 




 Because this PDH form was only recently discovered, the roles of the active site residues, 




ray crystal structure of GmPDH1 for computational docking of prephentate in the active site to 
guide functional analysis of twenty site-directed mutants generated to probe the contributions of 
active site residues to PDH activity. 
 Computational docking of prephenate into the three-dimensional structure of the 
GmPDH1•NADP+ complex yielded a solution that places the reactive C4 group of prephenate in 
proximity to the nicotinamide ring of NADP+ and His124 (Figure 1).  The ring carboxylate group 
of C1 is oriented toward Ser101, Gln184, His188, and Thr206 and the pyruvyl moiety positioned 
to interact with Gln130, Thr131, and Asn222.  The prephenate docking solution mimics the 
observed binding of the dicarboxylic acid citrate in the GmPDH1 active site (Schenck and 
Holland et al., 2017).  In the crystal structure, His124 and His188 contact the a-carboxyl group 
and g-hydroxyl group of citrate, respectively, with additional interactions between the e-
carboxyl from Thr131 and Asn222. 
 
Figure 1. Molecular docking of prephenate (grey) into the x-ray crystal structure of 
GmPDH1 in complex with NADP+ (green).  Putative protein-ligand interactions are shown as 






 To examine the contributions of the active site residues identified from docking of 
prephenate into GmPDH1, a series of point mutants (S101A, H124A, H124N, H124Q, Q130A, 
Q130D, Q130E, Q130S, T131A, T131S, Q184A, Q184D, H188A, H188N, H188Q, T206A, 
T206S, N222A, and N222Q) were generated, expressed in E. coli, and purified for biochemical 
comparison with wild-type GmPDH1.  Wild-type GmPDH1 had a Km of 270 µM and a turnover 
rate of 980 min-1 with prephenate (Table 1).  
 
Table 1. Steady-state kinetics parameters for GmPDH1 and its mutants. 
 
To probe the potential role of His124 in the PDH reaction mechanism, this residue was 
mutated to an alanine to remove the side-chain and to glutamine and asparagine, which can act as 
hydrogen-bond donors and acceptors to maintain possible hydrogen bonding patterns.  Each of 
these three mutations led to substantial decreases in catalytic efficiency compared to wild-type 
(Table 1; Figure 1).  These changes primarily result from 22- to 4000-fold reductions in turnover 
















980 ± 76 
1,100 ± 210 
5.5 ± 0.2 
4.5 ± 0.5 
2.4 ± 0.3 
3.3 ± 0.5 
170 ± 8 
230 ± 8 
28 ± 2 
7.3 ± 0.4 
3.9 ± 0.2 
3.1 ± 0.6 
6.5 ± 0.4 
1.5 ± 0.1 
30 ± 2 
0.27 ± 0.05 
5.2 ± 1.2 
0.034 ± 0.006 
0.29 ± 0.07 
0.13 ± 0.06 
0.22 ± 0.09 
0.48 ± 0.05 
0.44 ± 0.03 
0.13 ± 0.03 
0.21 ± 0.03 
0.11 ± 0.02 
0.37 ± 0.18 
0.07 ± 0.02 
0.032 ± 0.001 



















rate, which is not surprising considering this residue is well positioned to facilitate hydride 
transfer from prephenate to NADP+. 
 Substitutions of residues that potentially interact with the prephenate ring carboxylate group 
(i.e., Ser101, Gln184, His188, and Thr206) also altered the steady-state kinetic parameters of 
prephenate conversion by GmPDH1 (Table 1).  The S101A mutant primarily affected the Km 
value for prephenate with a 20-fold increase, which suggests that this residue does not 
significantly contribute to catalysis.  Substitution of Gln184 with acidic residues (Q184D and 
Q184E) resulted in a loss of detectable PDH activity.  These results suggest that the polar, 
uncharged nature of glutamine is critical for catalysis, as adding a negative charge to the side 
chain removed all activity.  Removal of the side-chain in the Q184A mutant resulted in a 320-
fold lower kcat value with a Km comparable to wild-type.  Gln184 is in close proximity to the 
hydroxyl and carboxylate groups at C1 and C4 on the cyclohexanediene ring (Figure 1).  
Therefore, this residue likely helps position the ligand for hydride transfer and the ensuing 
decarboxylation reaction.  His188 is positioned in the active site to facilitate the decarboxylation 
of prephenate following hydride removal (Figure 1).  Like the His124 mutant, this residue was 
mutated to alanine, asparagine, and glutamine. The H188A and H188N mutants were inactive.  
The H188Q mutant exhibited a 150-fold reduction in turnover rate with modest changes in Km.  
Thr206 is likely to serve as a hydrogen bond donor to prephenate’s central carboxylate.  
Mutation of this residue to alanine leads to a loss of catalysis, but the T206S mutant displayed a 
tremendous loss of activity, with a decrease in turnover from 980 to 1.5 min-1.  As serine 
maintains a polar, uncharged functional group in this position within the active site, our data 





 Gln130, Thr131, and Asn222 are positioned to contact the pyruvyl group of prephenate 
(Figure 1).  Mutation of Gln130 generally had modest effects on reaction kinetics.  The Q130D 
and Q130E mutants had 4- to 6-fold reductions in kcat and less than 2-fold increases in Km.  In 
contrast, substitution with either alanine or serine resulted in 300- and 35-fold lower turnover 
rates, respectively.  These results suggest that maintaining hydrogen bonding to the substrate 
from this position of the active site is important for catalysis.  In contrast, even modest changes 
of Thr206 led to either a loss of activity (T206A mutant) or a 650-fold decrease in kcat (T206S 
mutant).  Asn222 was previously mutated to an aspartate, which was found to introduce 
sensitivity to tyrosine and to switch the activity from prephenate to arogenate (Schenck and 
Holland et al., 2017). As such, the complete loss of activity in the N222A mutant was not 
unexpected.  A slight shift in side-chain length with the N222Q mutant resulted in a 30-fold 
decrease in kcat and a modest change in Km. 
To gain a better understanding of the degree of conservation among PDHs in plants, the 
GmPDH1 active site residues were compared to the amino acid sequences of PDHs from 
common bean (Phaseolus vulgaris) and alfalfa (Medicago truncatula) (Figure 2).  Not 
surprisingly, residues corresponding to Ser101, His124, Gln184, His188, and Thr206 were 
invariant in all three enzymes.  Gln130 and Thr131 in the carboxylate-binding pocket were 
variable between GmPDH1 and the homologs from bean and alfalfa.  Asn222 is conserved in the 
bean PDH, but is a cysteine in alfalfa, which was previously assayed and found to influence 
prephenate recognition in the alfalfa enzyme (Schenck and Holland et al., 2017).  Gln130 was a 
valine and Thr131 a serine in the bean and alfalfa enzymes.  As noted above, the T131S mutation 




Studies of the ADH/TyrA homologs from different microbes (e.g., Ochrobactrum 
intermedium LMG 3301, Sediminspirochaeta smaragdinae DSM 11293, and Methanosaeta 
harundinacea) indicates that mutation of the aspartate that corresponds to Asn222 of GmPDH1 
to an asparagine introduces PDH activity into these proteins (Schenck et al., 2017). 
 
 
Figure 2. PDH sequence alignment of Medicago truncatula (XP_003601003.1; MtPDH), 
Glycine max (NP_001304525.1; GmPDH11), and Phaseolus vulgaris (XP_007163590.1; 




Sequence alignment of these microbial ADH and GmPDH1 reveals strict conservation of 
residues corresponding to Ser101, His124, Gln184, and His188 across the homologs (Figure 3).  
Gln130 is conserved in OiTyrA but is an aspartate in the Sediminspirochaeta homolog and a 
threonine in the Methanosaeta ADH.  Thr131 varies in the microbial enzymes, whereas, Thr206 
is conserved except in Methanosaeta, in which it is a serine.  Finally, the residue responsible for 
recognizing prephenate versus arogenate (Asn222 in GmPDH1), is an aspartate in OiTyrA and 
SsTyrA and a glutamine in MhTyrA.  In MhTyrA, mutation of the glutamine to glutamate 




enzymes, the identity of residue 222 (GmPDH1 numbering) determines ADH versus PDH 
activity. 
Earlier work on the canonical microbial PDH suggested a concerted mechanism for 
conversion of prephenate to 4-HPP through the coupling of hydride transfer and oxidative 
dihydroxylation (Hermes et al., 1984).  Subsequent studies identified the role of ionizable groups 
and implicated a deprotonated histidine (pKa = 6.5) as a key catalytic residue (Turnbull et al., 
1991; Christendat et al., 1998; Christendat and Turnbull, 1999).  X-ray crystal structures and 
site-directed mutagenesis of the monofunctional homodimeric chorismate mutase-PDH from the 
microbe Aquifex aeolicus showed that a histidine (corresponding to His124 in GmPDH1) 
polarizes the substrate C4-hydroxyl group for hydride transfer and that an arginine (not found in 
GmPDH1) interacts with the C1-carboxylate to facilitate prephenate binding and decarboxylation 
(Sun et al., 2006; Sun et al., 2009; Christendat et al., 1998).  Interestingly, the three-dimensional 
structure of GmPDH1 revealed that some active site features are retained in the non-canonical 
PDH (Schenck and Holland et al., 2017). 
Mechanistic analyses of the microbial PDH centered on the histidine and arginine proposed 
to serve as 'catalytic' residues (Sun et al., 2006; Sun et al., 2009; Christendat et al., 1998); 
however, the stereochemical consequences of the PDH reaction, which leads to conformational 
changes that flatten the substrate during aromatization and decarboxylation, suggests that other 
active site residues likely contribute to transition state stabilization during this dynamic process.  
Site-directed mutagenesis and steady-state kinetic analysis of point mutants targeting each 
contact residue in the active site suggest a catalytic mechanism for PDH that requires multiple 






Figure 3. PDH sequence alignment of Glycine max (NP_001304525.1; GmPDH11), 
Ochrobactrum intermedium LMG 3301 (EEQ93947.1; OiTyrA), Sediminispirochaeta 
smaragdinae DSM 11293 (ADK80640.1; SsTyrA), and Methanosaeta 
harundinacea (KUK94425.1; MhTyrA). Residues in blue are conserved in all sequences, while 




We propose a mechanism for GmPDH1 and the other non-canonical PDH from legumes in 
which His124 facilitates hydride transfer with His188, Gln184, and Thr206 promoting 
decarboxylation at C1 (Figure 2).  In GmPDH1, critical binding contacts are made between 
prephenate and active site residues.  Gln130 and Thr131 are positioned to stabilize the pyruvyl 
group carboxylate to orient the carbonyl towards Asn222, which is the selectivity switch between 




tyrosine (Schenck and Holland et al., 2017).  Mutations in these residues had a lesser effect on 
catalytic efficiency that other positions in the active site (Table 1).  As described for the 
microbial PDH, His124 in GmPDH1 is ideally positioned to polarize the C4-hydroxyl group of 
prephenate during hydride transfer to NADP+ and is the invariant catalytic residue with 
mutations greatly impacting activity.  In addition, Ser101 of GmPDH1 is also conserved and 
contributes to substrate binding and coordination of the hydrogen-bonding network between 
His124, cofactor, and prephenate, as proposed for the microbial PDH and suggested by the 
primary effect on Km with mutants of this residue (Sun et al., 2006; Sun et al., 2009).  In contrast 
to the microbial enzyme, His188, instead of an arginine, is positioned to interact with the C1-
carboxylate group, along with additional contacts provided by Gln184 and Thr206.  The effect of 
mutating His188, Gln184, and Thr206 are consistent with these residues interacting with the C1-
carboxylate with His188 as a key residue for this part of the reaction mechanism.  We suggest 
that residues surrounding the bound prephenate stabilize the transition state that leads to 
formation of the aromatic 4-HPP product and that conformational strain is an important driving 
force behind the reaction chemistry.  This is analogous to the role of active site residues in 
chorismate mutase and their contributions to stabilization during the reaction that generates 
prephenate (Westfall et al., 2014; Kroll and Holland et al., 2017). 
Understanding the structure-function relationships in the PDH from the alternative tyrosine 
biosynthesis pathway may prove useful for use of this protein as an herbicide tolerance trait.  
Increased expression of PDH could potentially allow plants to resist herbicides, such as the 
triketone herbicides sulcotrione, mesotrione, nitisnone, leptospermone, fluorochloridone, and 
isoxaflutole, that target 4-HPP dioxygenase (Siehl et al., 2014; Ndikuryayo et al., 2017).  Due to 





Figure 4. Proposed reaction mechanism for GmPDH1 and the non-canonical PDH of the 
alternative tyrosine biosynthesis pathway found in legumes. 
 
microbial homologues, these enzymes could be used to increase production of natural products 
derived from tyrosine and 4-HPP when heterologously expressed in non-legume plants.  
Additionally, plants expressing ADH and PDH may exhibit resistance to herbicides through 
increased 4-HPP and plastoquinone synthesis.   Plastoquinone, a 4-HPP derivative, is an electron 
carrier in photosynthesis and a cofactor in carotenoid biosynthesis (Liu et al., 2016). Inhibiting 
plastoquinone biosynthesis causes photobleaching and lethal phenotypes, which has led to the 
development of herbicides that target 4-HPP dioxygenase. By overexpressing feedback-
insensitive PDH additional 4-HPP could be produced, which could promote resistance to 4-HPP 
dioxygenase-targeted herbicides. In plants containing the PDH pathway, 4-HPP can be directly 
synthesized using one enzyme instead of three that would be required by the arogenate pathway. 
In summary, our results suggest that the GmPDH1 active site has been highly conserved in 
the evolution of the function of the enzyme, as small changes in the active site severely disrupt 
activity.  Thus, nature has already engineered the best version of this enzyme, and it is unlikely 
that the catalytic efficiency of this already proficient enzyme in tyrosine biosynthesis of legumes 





Computational Substrate Docking   
Prephenate was docked into the active site of the x-ray crystal structure of GmPDH1 
complexed with NADP+ (PDB:  5WHX; Schenck and Holland et al., 2017) using AutoDockVina 
(Trott and Olson, 2010) (ver. 1.1.2) in the active site of the GmPDH1 structure (PDB: 5WHX).  
For docking, a grid box of 30 x 30 x 30 Å and level of exhaustiveness = 8 were used. 
 
Generation of Site-Directed Mutants  
Site-directed mutants of GmPDH1 (S101A, H124A, H124N, H124Q, Q130A, Q130D, 
Q130E, Q130S, T131A, T131S, Q184A, Q184D, Q184E, H188A, H188N, H188Q, T206A, 
T206S, N222A, N222Q) were generated with the pET-28a-GmPDH1[6] vector as template and 
oligonucleotides containing mutations using the QuikChange PCR method (Stratagene). 
 
Protein Expression and Purification   
Expression constructs were transformed into E. coli Rosetta II (DE3) cells (Novagen).  Cells 
were cultured in Terrific broth until A600nm∼0.6–0.8 was reached, at which time protein 
expression was induced by addition of a final concentration of 1 mM isopropyl-β-D-1-
thiogalactopyranoside.  Cells were grown at 16°C for 16-18 hours and then pelleted by 
centrifugation and resuspended in CelLytic B (Sigma-Aldrich) (1mL/mg cells).  Following 
sonication, cell debris was removed by centrifugation, and the resulting lysate was passed over a 
Ni2+-nitriloacetic acid (Qiagen) column equilibrated in 50 mM Tris (pH 8.0), 500 mM NaCl, 20 
mM imidazole, 10% glycerol (v/v), and 1% Tween-20 (v/v).  The column was then washed with 




tagged protein was eluted with 50 mM Tris (pH 8.0), 500 mM NaCl, 250 mM imidazole, and 
10% glycerol (v/v).  Protein concentration was determined by the Bradford method (Protein 
Assay, Bio-Rad) with bovine serum albumin as standard.  Site-directed mutants of GmPDH1 
were expressed and purified using the same methods. 
 
Kinetic Analysis of Wild-type and Mutant Proteins   
Enzyme assays that monitored the conversion of prephenate to 4-HPP were performed using 
1-15 µg of recombinant protein added to a 50-µL reaction mixture of 50 mM Hepes (pH 7.5), 50 
mM NaCl, 0.5 mM NADP+, and varied concentrations of prephenate (0–1 mM).  The reduction 
of NADP+ to NADPH leads to an absorbance increase at A340nm (ϵ = 6220 M−1 cm−1).  Reactions 
were initiated by addition of the reaction mixture and were conducted at 37ºC using a microplate 
reader (Tecan) in a 384-well plate.  The initial velocity data were fit to the Michaelis-Menten 
equation using GraphPad Prism (version 7.0c for Mac, GraphPad Software). 
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Plants, fungi, and bacteria synthesize the aromatic amino acids: L-phenylalanine, L-tyrosine, 
and L-tryptophan. Chorismate mutase catalyzes the branch point reaction of phenylalanine and 
tyrosine biosynthesis to generate prephenate. In Arabidopsis thaliana, there are two plastid-
localized chorismate mutases that are allosterically regulated (AtCM1 and AtCM3) and one 
cytosolic isoform (AtCM2) that is unregulated. Previous analysis of plant chorismate mutases 
suggested that the enzymes from early plants (i.e., bryophytes/moss, lycophytes, and basal 
angiosperms) formed a clade distinct from the isoforms found in flowering plants; however, no 
biochemical information on these enzymes is available. To understand the evolution of allosteric 
regulation in plant chorismate mutases, we analyzed a basal lineage of plant enzymes 
homologous to AtCM1 based on sequence similarity. The chorismate mutases from the 
moss/bryophyte Physcomitrella patens (PpCM1 and PpCM2), the lycophyte Selaginella 
moellendorffii (SmCM), and the basal angiosperm Amborella trichopoda (AmtCM1 and 
AmtCM2) were characterized biochemically. Tryptophan was a positive effector for each of the 
five enzymes examined. Histidine was a weak positive effector for PpCM1 and AmtCM1. 
Neither tyrosine nor phenylalanine altered the activity of SmCM; however, tyrosine was a 
negative regulator of the other four enzymes. Phenylalanine down-regulates both moss enzymes 
and AmtCM2. The 2.0 Å x-ray crystal structure of PpCM1 in complex with the tryptophan 
identified the allosteric effector site and reveals structural differences between the R- (more 
active) and T-state (less active) forms of plant chorismate mutases. Molecular insight into the 
basal plant chorismate mutases guides our understanding of the evolution of allosteric regulation 





All organisms use the three aromatic amino acids, L-phenylalanine, L-tyrosine, and L-
tryptophan, for protein synthesis and as precursors of indoles and other aromatic metabolites 
(Gosset 2009; Maeda and Dudareva, 2012; Tohge et al., 2013).  Chorismate, the precursor of 
aromatic amino acids, vitamins, and the phytohormone salicylic acid, is synthesized in plants, 
fungi, and bacteria by the shikimic acid pathway, which uses erythrose-4-phosphate from the 
pentose phosphate pathway and phosphoenolpyruvate from glycolysis as starting molecules 
(Tzin and Galili et al., 2010).  Up to thirty percent of carbon fixed by photosynthesis goes 
through the shikimate pathway to produce the three aromatic amino acids (Tohge et al., 2013). 
Chorismate lies at the metabolic branch point of aromatic amino acid biosynthesis, where 
chorismate mutase catalyzes the pericyclic Claisen rearrangement of chorismate into prephenate 
in the first committed step of phenylalanine and tyrosine biosynthesis (Sträter et al., 1997) 
(Figure 1).   
 
 
Figure 1.  Aromatic amino acid biosynthesis from chorismate and the evolutionary 
relationships of plant chorismate mutases.   
(A) Metabolic role of chorismate mutase and the routes to tryptophan, tyrosine, and 
phenylalanine are shown.  (B) Chorismate mutase catalyzes the pericyclic Claisen rearrangment 




Chemically, interactions with charged residues in the active site distort chorismate into a 
reactive transition state that leads to prephenate (Sträter et al., 1997).  Alternatively, anthranilate 
synthase competes with chorismate mutase for chorismate for the tryptophan biosynthetic 
pathway (Romero et al., 1995).  The two enzymes of this branch point are reciprocally regulated 
by feedback activation and/or inhibition in higher plants and yeast (Gosset 2009; Maeda and 
Dudareva, 2012; Tohge et al., 2013; Tzin and Galili, 2010).  For example, tryptophan inhibits 
anthranilate synthase and activates chorismate mutase to avoid buildup of the amino acid 
(Bernasconi et al., 1994; Westfall et al., 2014). 
While chorismate mutase activity has been identified in bacteria, fungi and plants, the 
sequence similarity and overall structure vary significantly among these enzymes.  Recent 
biochemical and structural characterization of the chorismate mutases from the model plant 
Arabidopsis thaliana (thale cress) sheds light on the allosteric regulation of these enzymes in 
plants [8].  Arabidopsis contains three chorismate mutase isoforms (AtCM1-3) (Eberhard et al., 
1993; Eberhard et al., 1996; Mobley et al., 1999; Westfall et al., 2014).  AtCM1 and AtCM3 are 
plastid-localized and exhibit allosteric regulation by downstream aromatic amino acids, while 
AtCM2 is an unregulated cytosolic isoform.  Typically, the allosterically regulated chorismate 
mutases are repressed by tyrosine and phenylalanine and are activated by tryptophan.  The 
aromatic amino acids bind an effector site on the enzyme and regulate the ability of chorismate 
to bind at the active site for catalysis. 
Previous phylogenetic analysis of chorismate mutases across the plant lineage revealed 
different clades of the enzyme (Westfall et al., 2014).  The chorismate mutases from algae 
grouped with the enzyme from yeast, which is activated by tryptophan and inhibited by tyrosine 




mutases were generally grouped into clades that matched the three isoforms from Arabidopsis.  
For example, representatives of the cytosolic AtCM2-like clade, which lack the allosteric 
effector site, and the plastidal, feedback regulated AtCM1-like clade were found across a variety 
of plants.  Unlike the other Arabidopsis isoforms, AtCM3 is unaltered by either phenylalanine or 
tyrosine but is activated by tryptophan, histidine, and cysteine (Westfall et al., 2014).  
Phylogenetically, the AtCM3-like clade was found only in the Brassicaceae, which suggests a 
possible specialized role for this enzyme in those plants.  These three groups of chorismate 
mutases did not include representatives of the basal plant lineages, which formed another 
distinctive group.  This clade contained chorismate mutases from the bryophyte (moss) 
Physcomitrella patens, the lycophyte Selaginella moellendorffii, and the basal angiosperm 
Amborella trichopoda, all of which diverged from other flowering plants over 130 million years 
ago (Amborella Genome Project, 2013).  Structural analysis of the AtCM1 effector site revealed 
two amino acids (Gly149 and Gly213) that are involved in regulating effector binding in the 
Arabidopsis isoforms (Westfall et al., 2014).  Like AtCM1, the chorismate mutases of these basal 
organisms contain the two glycine residues in these positions that confer allosteric regulation, but 
also vary in sequence of the site.  Given the distinct clade formed by the basal plant chorismate 
mutates, structural and biochemical analysis of these enzymes could guide our understanding of 
the evolution of their allosteric regulation. 
To understand the origins and molecular basis of allosteric regulation in the plant chorismate 
mutases, here we examine the steady-state kinetic properties of the enzymes from P. patens 
(PpCM1 and PpCM2), Am. trichopoda (AmtCM1 and AmtCM2), and S. moellendorffii (SmCM) 
and determined the x-ray crystal structure of PpCM1 in complex with tryptophan.  Biochemical 




yeast provide new information about the molecular evolution of effector regulation control of a 
key branch point in plant aromatic amino acid biosynthesis. 
 
METHODS 
Generation of expression constructs 
Codon-optimized coding regions for PpCM1 (XM_001761190.1), PpCM2 
(XM_001771774.1), AmtCM1 (XM_006844803.3), AmtCM2 (XM_006857165.3), and SmCM 
(XM_002962173.1) in the pET-28a bacterial expression vector were synthesized by Genewiz.  
For each construct, the putative chloroplast transit peptide was identified by sequence 
comparison with the AtCM1-3 isoforms (Figure 2).  The resulting constructs allow for 
expression of N-terminally hexahistidine-tagged proteins with a thrombin cut site between the 
His-tag and the first residue of the coding region. 
 
Protein expression and purification  
Each pET-28a expression construct was transformed into Escherichia coli Rosetta II (DE3) 
cells (EMD Millipore), which were cultured in Terrific broth at 37 °C until A600nm of 0.6-0.8 was 
reached.  To induce protein expression, a final concentration of 1 mM isopropyl b-D-1-
thiogalactopyranoside was added to the cultures, after which the cells incubated for 16-18 hours 
at 16 °C.  Cells were pelleted by centrifugation (5000 x g) and resuspended in lysis buffer 
(50mM Tris, pH 8.0, 500 mM NaCl, 20 mM imidazole, 10% (v/v) glycerol, and 1% (v/v) 
Tween-20).  Following sonication, cell debris was removed by centrifugation (23,000 x g) and 






Figure 2.  Sequence comparisons among the three chorismate mutases from A. thaliana 
(AtCM1-3), S. cerevisiae (ScCM), and the five basal plant chorismate mutases from P. 
patens (PpCM1 and PpCM2), Am. trichopoda (AmtCM1 and AmtCM2), and S. 
moellendorffii (SmCM).  Numbering of the sequences is based on the PpCM1 sequence, and 
helices based on the the PpCM1 structure are labeled in gold above the sequence.  Generally 
conserved residues are colored black, while conserved residues in the active site are red.  
Variable active site residues are pink.  Conserved effector residues are dark blue, and variable 




equilibrated in the lysis buffer.  The column was then washed with 50 mM Tris, pH 8.0, 500 mM 
NaCl, 20 mM imidazole, and 10% (v/v) glycerol.  Bound His-tagged protein was eluted with 50  
mM Tris, pH 8.0, 500 mM NaCl, 250 mM imidazole, and 10% (v/v) glycerol.  The His-tag was 
removed by overnight dialysis at 4 °C using thrombin (1:2000 total protein).  Dialyzed protein 
was loaded onto a mixed benzamidine-sepharose/Ni2+-NTA column equilibrated in the above 
wash buffer to deplete the sample of thrombin and undigested protein.  The flow-through of this  
column was loaded onto a Superdex-75 26/60 HiLoad size-exclusion column (GE Healthcare) 
equilibrated with 25 mM HEPES, pH 7.5, and 100 mM NaCl using an AktaExplorer FPLC 
system.  Protein concentration was determined by the Bradford method (Protein Assay, Bio-Rad) 
with bovine serum albumin as a standard. 
 
Preparation of chorismate 
Chorismate preparation was adapted from a protocol using a chorismate mutase knockout 
strain of Aerobacter aerogenes 62-1 provided by Prof. Tim Wencewicz (Washington U. St. 
Louis, Chemistry) (Parker and Walsh, 2012).  The A. aerogenes 62-1 mutant was cultured and 
extracted as previously described.  The pH of the supernatant was adjusted from 6.9 to 2.8 with 
HCl before loading onto a Phenomenex Strata-C18 E solid phase extraction column that was 
washed with 60 mL of methanol and equilibrated with 60 mL of water.  Once the supernatant 
was loaded, the column was washed with water and eluted with methanol.  The elution was 
analyzed by HPLC using a 4.6 x 250 mm Fluophase PFP HPLC column at a flow rate of 1.5 mL 
min-1.  Solution A consisted of 0.05% (v/v) trifluoroacetic acid and Solution B consisted of 




and 10% solution B followed by a 15 min gradient to 33% solution B. The elutions were dried 
overnight by centrifugal evaporation. NMR confirmed the identity of the sample. 
 
Chorismate mutase assays 
Steady-state kinetic assays monitoring the conversion of chorismate to prephenate were 
performed as described previously (Westfall et al., 2014).  Either 1 µg (AmtCM1) or 5 µg 
(SmCM1, PpCM1, PpCM2, and AmtCM2) of protein were used in each reaction.  Protein was 
added to the reaction mixture (100 µL) of 50 mM Tris, pH 8.0 and varying concentrations (0 - 8 
mM) of chorismate.  The disappearance of chorismate leads to an absorbance decrease at A274 nm 
(e = 2630 M−1 cm−1).  Initial velocity data were fit to the Michaelis-Menten equation with Prism 
(GraphPad).  To screen for amino acid effectors, each protein was assayed with 50 mM Tris, pH 
8, 0.5 mM chorismate, and 2 mM amino acid, as above.  Assays showing a 1.5-fold effect (either 
activation or inhibition) on specific activity were selected for further analysis.  EC50 values for 
activation and inhibition by specific amino acids (0-10 mM) were then determined from fitting 
data to y = max / (1 + (Ef/EC50)), where max is the maximum observed rate difference and Ef is 
the effector concentration using Prism. 
 
X-ray crystallography of Physcomitrella patens chorismate mutase 1 
Purified PpCM1 was concentrated to 6 mg mL−1 and crystallized using the hanging-drop 
vapor-diffusion method with a 2-µL drop (1:1 protein:crystallization buffer).  Diffraction quality 
crystals of PpCM1 were obtained at 4 °C with a crystallization buffer of 10% (w/v) polyethylene 
glycol 4000, 20% (v/v) 2-propanol, and 100 mM HEPES, pH 7.5.  Crystals were flash-frozen in 




Diffraction data (100 K) was collected at the Argonne National Laboratory Advanced Photon 
Source Structural Biology Center 19-ID beamline.  X-ray data were indexed, scaled, and 
integrated with HKL3000 (Minor et al., 2006).  Molecular replacement implemented in 
PHASER (Fortelle and de la Bricogne, 1997) used AtCM1 in complex with tyrosine (PDB: 
4PPU; Westfall et al., 2014) as a search model to determine the structure of the PpCM1•Trp 
complex.  Iterative rounds of manual model building and refinement, which included translation-
libration-screwmotion (TLS) models, used COOT (Emsley and Cowtan, 2004) and PHENIX 
(Adams et al., 2010).   Data collection and refinement statistics are summarized in Table 3.  The 
final model of the PpCM1•Trp complex included residues Leu73 to Asp316 for chain A, residues 
Glu69 to Pro152, Arg161 to Glu272, and Arg283 to Asp316 for chain B, two tryptophan effector 
molecules, one HEPES molecule, and 495 waters. Coordinates and structure factors for the 




Functional comparisons of chorismate mutases from early plants 
The moss (PpCM1 and PpCM2), lycophyte (SmCM), and basal angiosperm (AmtCM1 and 
AmtCM2) chorismate mutase isoforms were expressed in E. coli using codon-optimized N-
terminally His-tagged constructs.  The predicted N-terminal chloroplast signal peptides for 
PpCM1, PpCM2, AmtCM1, and AmtCM2 were not included in the constructs to aid in protein 
solubility.  SmCM is not predicted to have a chloroplast signal peptide.  Each enzyme was 
purified by Ni2+-affinity and size-exclusion chromatography and was isolated as homodimeric 




For comparison to the chorismate mutases from Arabidopsis, the steady-state kinetic 
parameters of purified PpCM1, PpCM2, SmCM, AmtCM1, and AmtCM2 were determined 
(Table 1).  The data indicate that the chorismate mutases from the early plants have turnover 
rates comparable to AtCM1 (kcat = 16 s-1) and AtCM3 (kcat = 13 s-1) and within 2-fold of AtCM2 
(kcat = 39 s-1) (Westfall et al., 2014); however, these rates are 17- to 25-fold lower than the rates 
reported for the yeast enzyme (Schnappauf et al., 1998).  The Km values for chorismate 
determined for the five enzymes from early plants are higher than those reported for AtCM1 
(Km = 0.55 mM), AtCM2 (Km = 0.15 mM), and AtCM3 (Km = 1.10 mM) (Westfall et al., 2014).  
Overall, the catalytic efficiencies (kcat/Km) of the five chorismate mutases from basal plants were 
comparable to each other and to AtCM3 (kcat/Km = 11,800 M-1  s-1), but were 3- to 6-fold lower 
than AtCM1 (kcat/Km = 29,300 M-1 s-1) and 64- to 130-fold less efficient than AtCM2 (kcat/Km = 
258,000 M-1 s-1). 
 
protein kcat, s-1 Km, mM kcat/Km, M-1 s-1 
PpCM1 20.7 ± 0.8 2.39 ± 0.24 8,660 
PpCM2 19.5 ± 0.7 2.33 ± 0.45 8,370 
SmCM 18.8 ± 2.9 5.19 ± 1.55 3,620 
AmtCM1 15.0 ± 1.0 3.19 ± 0.48 4,700 
AmtCM2 22.8 ± 5.7 6.79 ± 3.02 3,360 
Table 1.  Steady-state kinetic parameters of chorismate mutases from basal plants. 
Enzyme assays were performed using purified protein as described in the methods.  Values 
shown are the mean ± standard deviation for n = 3. 
 
 
Differential regulation of basal plant chorismate mutases by amino acid effectors 
Because the two plastidial chorismate mutases in the model plant Arabidopsis thaliana are 
regulated by downstream aromatic amino acids, the potential role of all twenty amino acids as 
effector molecules for each of the five basal chorismate mutases was tested.  In this initial 












tryptophan (activator)    
PpCM1 20 ± 9.6 3.35 ± 0.46 10.2 ± 1.2 
PpCM2 19 ± 8.8 2.44 ± 0.22 10.4 ± 0.2 
SmCM 14 ± 5.7 2.81 ± 0.27 4.53 ± 0.82 
AmtCM1 140 ± 37 3.41 ± 0.09 9.71 ± 1.29 
AmtCM2 73 ± 14 3.25 ± 0.39 14.9 ± 0.8 
histidine (activator)    
PpCM1 250 ± 82 2.72 ± 0.23 3.82 ± 0.06 
AmtCM1 2,300 ± 980 2.52 ± 0.50 3.44 ± 0.31 
tyrosine (inactivator)    
PpCM1 100 ± 25 3.28 ± 0.27 0.58 ± 0.12 
PpCM2 240 ± 61 2.48 ± 0.23 1.64 ± 0.29 
AmtCM1 170 ± 64 2.68 ± 0.53 0.84 ± 0.28 
AmtCM2 62 ± 21 3.24 ± 0.10 2.14 ± 0.47 
phenylalanine (inactivator)    
PpCM1 2,600 ± 590 3.02 ± 0.37 1.68 ± 0.28 
PpCM2 7,400 ± 2,000 2.44 ± 0.25 1.40 ± 0.04 
AmtCM2 82 ± 17 2.62 ± 0.11 0.16 ± 0.05 
Table 2.  Summary of amino acid effector regulation in chorismate mutases from basal 
plants. 
Enzyme assays were performed using purified protein as described in the methods.  EC50 values 
for activators (tryptophan and histidine) and inhibition (tyrosine and phenylalanine) with 
specific activities for apoenzyme and bound forms shown as mean ± standard deviation for n = 
3. 
 
suggested that tryptophan and histidine were potential activators and that tyrosine and 
phenylalanine were negative effectors; however, the effect of these amino acids varied between 
each of the five enzymes examined.  To determine how these amino acids affect the activity of 
PpCM1, PpCM2, SmCM, AmtCM1, and AmtCM2, EC50 values for the effectors were 
determined (Table 2).  Tryptophan enhanced the activity of all five chorismate mutases.  The 
PpCM1 and PpCM2 enzymes showed 3.0- and 4.2-fold increases in activity, respectively, with 




with an EC50 = 14 µM.  Tryptophan exhibited 2.9- and 4.6-fold increases in maximal rate of the 
two chorismate mutases from Amborella, which is comparable to the moss enzymes with EC50 
values 3.5- to 7-fold higher than the moss enzymes.  Weak activation of PpCM1 (1.4-fold; EC50 
= 250 µM) and AmtCM1 (1.4-fold; EC50 = 2,300 µM) by histidine was observed and required 
concentrations roughly 15-fold higher than tryptophan for each enzyme.  Given the high EC50  
values and modest increases in maximal rate, histidine may not be a physiologically relevant 
effector for PpCM1 and AmtCM1. 
As reported for the chorismate mutases from yeast, Arabidopsis, tobacco (Nicotiana 
silvestris), and potato (Solanum tuberosum), tyrosine and phenylalanine act as negative 
effectors of four of the five basal chorismate mutases examined here (Table 2) (Goers and 
Jensen, 1984; Kuroki and Conn, 1988; Eberhard et al., 1993; Eberhard et al., 1996; Schnappauf 
et al., 1998; Mobley et al., 1999; Westfall et al., 2014).  Neither tyrosine nor phenylalanine had 
any effect on the enzyme from Selagenella.  Both tyrosine and phenylalanine were negative 
effectors of PpCM1, PpCM2, and AmtCM2.  For PpCM1, tyrosine was a more potent effector 
than phenylalanine, as it decreased activity by 5.2-fold with an EC50 = 100 µM compared to a 
1.8-fold effect and EC50 = 2,600 µM for phenylalanine.  Similarly, PpCM2 had EC50 values of 
240 µM with tyrosine and 7,400 µM with phenylalanine, and both amino acids lowered activity 
~1.5-fold.  Of the two chorismate mutases from Amborella, AmtCM1 was only inhibited by 
tyrosine with a 3.2-fold reduction in activity and EC50 = 170 µM.  In contrast, phenylalanine 
reduced AmtCM2 activity 16-fold with an EC50 = 82 µM and tyrosine was the less effective 
molecule (1.5-fold lower turnover; EC50 = 62 µM).  Overall, although the chorismate mutases 




steady-state kinetic parameters, they display differences in which amino acids act as regulators 
and the degree to which those effectors either activate or inhibit. 
 
Overall structure, active site, and effector site of P. patens chorismate mutase 1 
To understand the evolution of regulation in the early plant chorismate mutases, the x-ray 
crystal structure of PpCM1 was determined in complex with the activator tryptophan at 2.0 Å 
resolution (Table 3).  PpCM1 crystallized as a homodimer in the asymmetric unit with eight a-
helices in each monomer (Figure 3A).  The overall fold of PpCM1 is similar to that of the 
AtCM1 with a root mean square deviation of 1.02 Å for 208 Ca-atoms (Westfall et al., 2014).  
As observed in the Arabidopsis enzyme, four a-helices (a1, a2, a4, and a7) from one 
monomer interact with the same helices in the adjacent monomer to form the dimer interface.  
Clear electron density for two tryptophan molecules at the interface between the subunits was 
observed (Figure 3B).  Each tryptophan binds in the effector site at the N-terminal ends of a2 
and a4 (Figure 3A) with the indole ring braced against the two a-helices and the carboxyl 
group oriented toward the adjacent subunit (Figure 3C). 
Although none of the plant chorismate mutases have been crystallized with a ligand bound 
in the catalytic site, structural comparison of PpCM1 to the yeast chorismate mutase co-
crystallized with the 8-hydroxy-2-oxa-biocyclo[3.3.1]non-6-ene-3,5-dicarboxylic acid transition 
state analogue bound in the active site (Sträter et al., 1997). This indicates the position of the 
active site in a region in PpCM1 surrounded by the C-terminal portion of a4 and a1, a5, and 
a8 (Figure 3A).  The yeast enzyme and PpCM1 also share a similar fold with root mean square 
deviation of 1.65 Å for 214 Ca-atoms.  Within the catalytic site (Figure 4A), several basic 





Figure 3.  X-ray crystal structure of the PpCM1•tryptophan complex.   
(A) The overall dimeric structure of PpCM1 with each monomer colored gold and white, 
respectively.  The eight a-helices forming the monomer fold are labeled in the gold monomer.  
Tryptophan binding defines the location of the effector sites at the dimer interface, as indicated.  
The open circle indicates the location of the active site, based on comparison to the structure of 
yeast chorismate mutase bound to a transition state analog.  The bottom panel shows the dimer 
structure rotated 90° relative to the view in the top panel.  (B) Electron density for tryptophan is 
shown as a 2Fo-Fc omit map (1.5 s).  (C) Surface view of the dimer interface showing the two 
bound tryptophan molecules as stick models. 
 
comparison to the yeast and bacterial chorismate mutases likely position the negatively-charged 
dicarboxylate substrate and stabilize the transition state leading to prephenate formation (Figure 
1B) (Chook et al., 1994; Lee et al., 1995; Rippert et al., 2009).   
Sequence comparison of PpCM1, PpCM2, SmCM, AmtCM1, AmtCM2 and the three AtCM 
isoforms indicates that residues corresponding to Arg77, Arg214, Val221, Lys225, Glu255, 
Thr303, and Lys304 of PpCM1 are invariant (Figure 2).  Three other residues, Phe251, 
Met300, and Gln307, of PpCM1 are retained in PpCM2, AmtCM1, and AtCM1.  The 
Selaginella enzyme has the most variations in other positions of the active site with an 
asparagine, isoleucine, and glutamate replacing the side-chains of Phe251, Met300, and Gln307, 







Table 3.  Summary of crystallographic data collection and refinement statistics 
 
in AtCM2.  AmtCM1 and AtCM3 share a tyrosine substitution for Phe251.  Overall, the 
catalytic site is highly conserved across these enzymes. 
Binding of two tryptophan molecules in the dimer interface of PpCM1 identified the 
effector binding site for this enzyme near a2 of one monomer and a4 of the adjacent monomer 
(Figure 3).  The location of the effector site is the same as in the previously described AtCM1 
crystal structure, which is consistent with binding of positive and negative regulators at the 
same site in the plant enzymes (Westfall et al., 2014).  Tryptophan binds in the PpCM1 effector 
site through multiple charge-charge, hydrogen bond, and van der Waals contacts (Figure 4B).  
Val133 and Arg135 provide surface contacts to the amino acid with the aliphatic portion of the 
arginine side-chain packing against the indole ring of the ligand.  The guanidinium group of 
Arg134 (3.3 Å) of one monomer and the backbone nitrogens of Gly198 (2.8 Å) and Ser199 (2.9  
Crystal PpCM1•Trp 
Space group P22121 
Cell dimensions a = 57.76 Å, b = 87.41 Å, c = 126.0 Å 
Data Collection  
Wavelength (Å) 0.979 
Resolution (Å) (highest shell) 37.4 - 2.00 (2.03 - 2.00) 
Reflections (total / unique) 131,509 / 38,326 
Completeness (highest shell) 96.5% (97.0%) 
<I/s> (highest shell) 10.6 (2.1) 
Rsym (highest shell) 5.9 (41.6)% 
Refinement  
Rcryst / Rfree 15.5% / 19.6% 
No. of protein atoms 3,859 
No. of water molecules 495 
No. of ligand atoms 45 
R.m.s. deviation, bond lengths (Å) 0.007 
R.m.s. deviation, bond angles (°) 1.005 
Avg. B-factor (Å2), protein, water, ligand 26.1, 36.8, 27.6 





Figure 4.  Active site and allosteric effector sites of PpCM1.   
(A) Residues in the PpCM1 active site are shown as stick models.  Residues shown were 
identified by structural comparison to the yeast chorismate mutase in complex with a transition 
state analog.  (B) Structure of the PpCM1 effector site.  Amino acids from a2 of one monomer 
(gold) and amino acids from a4 of the adjacent monomer (white) form the allosteric effector 
binding site and are shown as stick models.  Tryptophan (purple) and two water molecules (red 
spheres) are bound in the interface.  (C) Targeted sequence alignment of allosteric effector site 
residues of the chorismate mutases from P. patens (PpCM1-2), S. moellendorffii (SmCM), Am. 
trichopoda (AmtCM1-2), and A. thaliana (AtCM1-3).  Variable residues are shown in green.  
The glycine versus aspartate change that defines the activator profiles of AtCM1 versus AtCM3 
is indicated in blue.  The proline substitution that disrupts allosteric regulation in AtCM2 is 
shown in red. 
 
Å) from the adjacent monomer provide charge-charge and hydrogen bond interactions with the 
carboxylate of the effector molecule.  The side-chain hydroxyl of Ser199 (3.0 Å) formed a 
hydrogen bond with the tryptophan carboxylate group.  The amine group of the tryptophan 
interacts through polar contacts with two water molecules (2.5 and 2.8 Å) and the amide oxygen 
of Asn196 (2.8 Å).  The side-chain of Glu141 (3.3 Å), which is located on the a2-a3 loop, 
helps position the indole ring of the effector by a hydrogen bond to the ring nitrogen. 
Comparison of residue in the effector binding site of PpCM1 to the chorismate mutases 
from moss, Amborella, Selaginella, and Arabidopsis reveals common and varied features 
(Figure 4C).  Key interaction residues, Glu141, Asn196, and Ser199 of PpCM1, are invariant 
across these enzymes. Val133 is retained in most of the plant enzymes, but is replaced in 




Arg135, while conserved in all other sequences, is a leucine; additionally, Val133 is an alanine 
in Selaginella. The residue at position 134 appears to change over evolutionary time, as the 
bryophyte and lycophyte chorismate mutases share an arginine, but Amborella, a later evolving 
basal angiosperm, and two of the Arabidopsis isoforms have a glycine at this position with 
AtCM3 having an aspartate.  In ScCM, a phenylalanine is positioned between the PpCM1 
residue 134 and 135. The difference between a glycine in AtCM1 versus an aspartate in AtCM3 
was shown to account for the differences in positive effector profiles of these enzymes (Westfall 
et al., 2014).  The yeast enzyme contains an asparagine for the residue corresponding to Gly195 
of PpCM1 (Figure 2).  Multiple variations occur at position 197.  The second key glycine 
residue in the effector site (i.e., Gly198 in PpCM1) is retained in all of the basal plant 
chorismate mutases.  The proline in AtCM2 disrupts the allosteric effect of ligand binding, 
whereas, the glycine allows for regulatory effects.  This structural and sequence information 
provides insight on the varied effector profiles of the enzymes from basal plants.  Moreover, the 
structure of PpCM1 in complex with an activator and the previously reported structures of 
AtCM1 in complex with either tyrosine or phenylalanine, which inhibit activity, provide 
snapshots of the structural changes associated with transition from T- (less active) and R- (more 
active) states of the plant chorismate mutases. 
 
DISCUSSION 
Chorismate is the precursor to the three aromatic amino acids and to a number of growth 
hormones in plants, as well as an essential metabolite (Gosset 2009; Maeda and Dudareva, 2012; 
Tohge et al., 2013; Tzin and Galili, 2010). At the chorismate branch point, the enzymes 




tryptophan or tyrosine and phenylalanine, respectively (Figure 1).  Although the three A. 
thaliana chorismate mutases have been investigated (Bernasconi et al., 1994; Mobley et al., 
1999; Westfall et al., 2014), questions remained as to the evolution of these highly regulated 
enzymes in higher plants.  Previous phylogenetic analysis suggested that the early plant 
chorismate mutases from a representative bryophyte (P. patens), lycophyte (S. moellendorffi), 
and early angiosperm (Am. trichopoda) form a separate clade that might share properties distinct 
from the different forms of the enzyme found in higher plants.  To examine the basal chorismate 
mutases in the green lineage, we determined the steady-state kinetic properties of five early plant 
chorismate mutases (Table 1), identified differences in positive and negative effectors for these 
enzymes (Table 2), and solved the three-dimensional structure of the PpCM1•tryptophan 
complex (Figures 3 & 4).  Our data provides insight on the structure-activity relationship in the 
effector site and reveals structural changes associated with allosteric transition between activated 
and inhibited forms of the plant chorismate mutases. 
Kinetic analysis of the purified early plant chorismate mutases provided insight into the 
biochemical and regulatory properties of these enzymes (Table 1).  Although PpCM1, PpCm2, 
SmCM, AmtCM1, and AmtCM2 displayed higher Km values than isoforms from Arabidopsis, all 
of the plant chorismate mutases had comparable turnover rates of ~20 s-1.  This reflects the 
highly conserved structural similarity of the active site in these enzymes (Figure 4A).  The 
overall sequence and structural similarity of the plant chorismate mutases indicates a common 
reaction mechanism in which the proper orientation of charged amino acid side-chains and 
groups on the substrate guide the pericyclic rearrangement that coverts chorismate to prephenate 




moellendorffi, and Am. trichopoda enzymes may correlate with higher local concentrations of 
chorismate within the chloroplasts compared to the cytosol of these plants (Rippert et al., 2009). 
The basal plant chorismate mutases display a mix of allosteric effector responses that reflect 
the sequence variation in the regulatory site of these enzymes (Table 2).  The structure of the 
PpCM1•tryptophan complex identifies the location of the effector site (Figures 3 & 4B), which 
combined with sequence comparisons (Figure 4C), provides insight on differential regulation in 
this clade of enzymes.  Similar to AtCM1, both moss chorismate mutases (PpCM1 and PpCM2) 
and one of the two basal angiosperm enzymes (AmtCM2) were activated by tryptophan and 
inhibited by both tyrosine and phenylalanine.  These enzymes share the highest level of effector 
site sequence similarity with AtCM1 and AtCM2; however, the proline replacement for the 
glycine corresponding to position 198 of PpCM1 disrupts allosteric control (Westfall et al., 
2014).  Thus, the glycine at this position is a key determinant of allosteric regulation of plant 
chorismate mutases. 
Previous work identified two residues in AtCM1 and AtCM3 that control amino acid effector 
specificity (Westfall et al., 2014).  Mutating AtCM1 Gly149 (Gly134 in PpCM1) to the 
corresponding aspartate of AtCM3 led to kinetic properties and effector regulation more similar 
of AtCM3, and the reverse was true of the reciprocal glycine mutation in AtCM3.  Interestingly, 
the glycine is conserved in AmtCM1 and AmtCM2, but is an arginine in the enzyme from P. 
patens and a serine in the S. moellendorffi enzyme.  This residue is also an arginine in the yeast 
chorismate mutase (Sträter et al., 1997; Schnappauf et al., 1998).   
Of the basal plant enzymes, SmCM is most similar to the cytosolic, unregulated AtCM2 
isoform, as there are no negative effectors, although tryptophan serves as an activator.  The three 





Figure 5.  Allosteric structural changes in plant chorismate mutases.   
(A) The effector site of PpCM1 with tryptophan (activator; purple) bound.  Side-chains of key 
residues from the a2 monomer (white) and a4 monomer (gold) are shown as stick models.  (B) 
The effector site of AtCM1 with phenylalanine (inhibitor; rose) bound.  Side-chains of key 
residues from the a2 monomer (white) and a4 monomer (rose) are shown as stick models.  In 
panels A and B, the positions of the left-hand monomers were overlaid to highlight the 3.5 Å 
shift in positions of the effector molecule and adjacent monomer between the two complexes.  
(C)  Conformational changes in the transition from activated (R-state) to inhibited (T-state) 
forms of plant chorismate mutases.  The three-dimensional structures of one monomer from the 
PpCM1•tryptophan complex and the AtCM1•phenylalanine complex were overlaid (not shown) 
with the adjacent monomers shown as ribbon diagrams with cylindrical a-helices (PpCM1 - gold 
with white labels and AtCM1 - rose with black labels).  Space-filling models for the two 
tryptophans bound in the effector sites of PpCM1 are shown.  The active site location, based on 
comparison to the yeast enzyme is shown as a circle.  (D) Summary of allosteric effector action 
on the reaction catalyzed by PpCM1. 
 
amino acids.  Of the five basal chorismate mutases, AmtCM1 falls between the other members of 




that the basal plant chorismate mutases provide functional adaptability as a foundation for 
evolution of the three distinct clades of chorismate mutases found in later evolving plants. 
The x-ray crystal structure of PpCM1 in complex with the activator tryptophan reveals the 
common overall three-dimensional fold reported for the chorismate mutases from Arabiopsis and 
yeast (Figure 3) (Sträter et al., 1997; Westfall et al., 2014).  Unlike bacterial chorismate mutases,  
the enzymes from yeast and Arabidopsis are allosterically regulated by aromatic amino acids, 
although the plant chorismate mutases use a wider range of effector molecules.  As reported for 
the yeast chorismate mutase (Xue et al., 1994; Sträter et al., 1996; Sträter et al., 1997; 
Schnappauf et al., 1998; Hemstaedt et al., 2002), postitive and negative effectors bind at the 
same sites in the dimer interface in the moss and Arabidopsis enzymes (Figure 3) (Westfall et 
al., 2014).  Comparison of the chorismate mutases from moss and Arabidopsis provides 
snapshots of the conformational changes associated with the transition from the activated R-state 
to inactivated T-state forms of the plant enzymes (Figure 5).  To highlight the differences in the 
effector binding site and the structural changes associated with activator versus inhibitor binding, 
one monomer of the PpCM1•tryptophan complex was aligned with one monomer of the 
AtCM1•phenylalanine complex (r.m.s.d. = 0.73 Å).  As described above, binding of tryptophan 
identified the effector site at the interface of the two PpCM1 monomers with residues contributed 
from the a2-a3 loop of one monomer and a4 of the adjacent monomer (Figures 4B & 5A).  The 
indole ring of tryptophan makes van der Waals contacts with the aliphatic portion of the Arg135 
side-chain and orients the effector carboxylate group to interact with residues of a4.  Likewise, 
binding of phenylalanine in the effector site of AtCM1 (Figure 5B) shows a similar set of 
interactions [8]; however, the position of phenylalanine is shifted by 3.3 Å away from the dimer 




mutase, the difference between R-state activation by tryptophan and T-state inhibition by 
tyrosine was suggested to result from an arginine that did not interact with the indole ring of 
tryptophan but formed a hydrogen bond to the tyrosine hydroxyl group to move the contact helix 
(Sträter et al., 1996); however, neither PpCM1 nor AtCM1 retain the arginine.  As suggested in 
later work on the yeast enzyme (Westfall et al., 2014), steric interactions may lead to 
conformational changes in the plant chorismate mutases. 
Comparison of the PpCM1•tryptophan and AtCM1•phenylalanine structures indicates that 
the 6-membered ring of phenylalanine in the AtCM1 structure binds in approximately the same 
space as the 5-membered ring of tryptophan in the PpCM1 structure (Figure 5A-B).  Steric 
interactions with the indole ring of tryptophan may provide additional contacts that position the 
amino acid deeper into the effector site compared to phenylalanine.  This would then alter the 
placement and orientation of the amino acid carboxylate between the two structures, which in 
turn shifts the position of the N-terminal region of a4 (i.e., Asn196-Ser199).  The 3.5 Å shift in 
placement of a positive versus negative effector at the intersection of a2 and a4 leverages larger 
structural changes in the a-helices around the active site for the R- verus T-state transition 
(Figure 5C).  For example, binding differences in the effector site result in a ~10° tilt of a4 and 
translation of active site residues, including Arg214, Val221, Lys225, and Glu255 (Figure 4A), 
on this helix by 10-12 Å toward the putative substrate binding site.  This movement also shifts 
the positions of other helices (i.e., a1 and a7) that contribute residues to the catalytic site.  As 
suggested for the yeast enzyme, movement of key catalytic residues into the chorismate mutase 
active site likely positions reactive groups to enhance the pericyclic reaction (Figure 1B) in the 
R-state with movement away from the active site favored by the T-state.  Moreover, molecular 




influence global flexibility of the enzyme, which also mediates the transition between R- and T-
states (Kong et al., 2006).  This is likely the case for the plant chorismate mutases, as well. 
In seed plants, there are typically two or more chorismate mutase genes in the genome: one 
that encodes for a cytosolic isoform and at least one that encodes for a plastid localized protein 
(Westfall et al., 2014).  Because aromatic amino acid synthesis is localized to the plastid, the 
physiological role of the cytosolic chorismate mutases remains to be determined (Rippert et al., 
2009).  The enzymes that did not contain a putative chloroplast transit peptide were assumed to 
be cytosolic; however, localization data is needed to verify this.  A prephenate dehydrogenase in 
the cytosol has been recently identified in legumes (Leguminosae) and shown to have evolved 
from an arogenate dehydrogenase and neofunctionalized in the cytosol to generate 4-
hydroxyphenylpyruvate for tyrosine biosynthesis (Schenck et al., 2015; Schenck and Holland et 
al., 2017).  4-Hydroxyphenylpyruvate is also an important plant metabolite because it is 
upstream of tocopherol (vitamin E), plastoquinone, isoquinoline alkaloids, cyanogenic 
glycosides, and betalain pigments (Gosset 2009; Maeda and Dudareva, 2012; Tohge et al., 2013; 
Tzin and Galili, 2010).  Because a cytosolic prephenate dehydrogenase has not been identified in 
these early plant lineages, the value of an extra-plastidial pool of prephenate remains to be 
determined.  In later evolving plants, cytosolic forms of chorismate mutases may provide a 
source of prephenate for specialized metabolic pathways (Ishihara et al., 2008; Colquhoun et al., 
2010; Alvarez et al., 2016). 
In summary, using a sequence-structure-function analysis, we have characterized chorismate 
mutases from several evolutionary ancestors to modern flowering plants.  These enzymes 
retained some of the characteristics similar to the yeast enzyme, but also share some features 
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Aromatic amino acids are protein building blocks and precursors to a number of plant natural 
products, such as the structural polymer lignin and a variety of medicinally relevant compounds. 
Plants make tyrosine and phenylalanine by a different pathway from many microbes, which 
requires prephenate aminotransferase (PAT) as the key enzyme. PAT produces arogenate, the 
unique and immediate precursor for both tyrosine and phenylalanine in plants, and also has 
aspartate aminotransferase (AAT) activity. The molecular mechanisms governing the substrate 
specificity and activation or inhibition of PAT are currently unknown.  Here we present the x-ray 
crystal structures of wild-type and various mutants of PAT from Arabidopsis thaliana (AtPAT).  
Steady-state kinetic and ligand binding analyses identified key residues, such as Glu108, that are 
involved in both keto acid and amino acid substrate specificities and likely contributed to the 
evolution of PAT activity among class Ib AAT enzymes. Structures of AtPAT mutants co-
crystalized with either a-ketoglutarate or pyridoxamine 5’-phosphate (PMP) and glutamate 
further define the molecular mechanisms underlying keto acid and amino acid substrate 
recognition. Furthermore, cysteine was identified as an inhibitor of PAT from A. thaliana and 
Antirrhinum majus plants as well as Chlorobium tepidum bacterium, uncovering a potential new 











Throughout evolution, fungi, bacteria, and plants maintained the machinery necessary to 
synthesize aromatic amino acids de novo (Maeda and Dudareva, 2012; Tzin and Galili, 2010; 
Toghe et al., 2013). Aromatic amino acids are precursors of multiple physiologically important 
metabolites, including phytohormones such as auxins and salicylic acid, the structural polymer 
lignin, flavonoids, vitamin E, and alkaloids (Boerjan et al., 2003; Hunter and Cahoon, 2007; Yu 
and Jez, 2008; Zhao, 2012; Hagel and Facchini, 2013; Geadow and Møller, 2014; Cook et al., 
2016). Additionally, aromatic amino acid biosynthetic pathways are potential targets of 
antimicrobials and plant herbicides (Schönbrunn et al., 2001; Reichau et al., 2011).  
In plants and microbes, phenylalanine and tyrosine biosynthesis both stem from the precursor 
prephenate, which is formed from chorismate (Romero et al., 1995; Westfall et al., 2014). In this 
pathway, prephenate dehydrogenase or prephenate dehydratase decarboxylate prephenate into 
either 4-hydroxyphenylpyruvate (4-HPP) or phenylpyruvate, respectively (Bentley, 1990). An 
aminotransferase next converts the resulting a-keto acid (i.e., 4-HPP or phenylpyruvate) to an 
amino acid (i.e., tyrosine or phenylalanine). Plants, and some microbes, use an alternative 
pathway to synthesize these amino acids via arogenate (Eberhard et al., 1996; Mobley et al., 
1999; Colquhoun et al., 2010; Maeda et al., 2010). In this pathway, prephenate aminotransferase 
(PAT) catalyzes the first step by aminating prephenate into arogenate (Bonner and Jensen, 1985; 
Graindorge et al., 2010; Maeda et al., 2011) (Figure 1). Decarboxylation of arogenate by either 
arogenate dehydrogenase or arogenate dehydratase yields either tyrosine or phenylalanine, 






Figure 1. Prephenate aminotransferase catalytic reaction.  
Prephenate aminotransferase (PAT) catalyzes the PLP-dependent transfer of an amine from an 
amine acid (aspartate) to a keto acid substrate (prephenate) resulting in a new amino acid 
(arogenate) and a new keto acid (oxaloacetate - OAA). 
 
 
Much of what is known about aromatic amino acid biosynthesis in plants is inferred from 
microbial investigations (Maeda and Dudareva, 2012), but the modulation of aromatic amino 
acid metabolism in plants is not well understood. Although PAT activity has been detected in 
various plants (Rubin and Jensen, 1979; Bonner and Jensen, 1985; Siehl et al., 1986; de la Torre 
et al., 2014; Kilpatrick et al., 2016), the gene encoding a plant PAT was only recently identified 
in Arabidopsis (i.e., AtPAT) (Graindorge et al., 2010; Maeda et al., 2011). PAT has a dual role in 
metabolism and can also function as an aspartate aminotransferase (AAT). The reaction 
catalyzed by PAT involves the reversible transfer of aspartate's α-amino group to a keto acid 
substrate, either α-ketoglutarate or prephenate, generating oxaloacetate and either glutamate or 
arogenate, respectively. Pyridoxal 5’-phosphate (PLP) serves as a cofactor to accept the amino 
group for transfer to a keto acid. In Arabidopsis, an embryo-lethal mutant identified in a screen 
was mapped to PAT (Pagnussat et al., 2005). RNAi suppression of PAT in petunia did not affect 
AAT activity, suggesting that PAT does not significantly contribute to the overall AAT activity 
in plants but is contributing to aromatic amino acids (Maeda et al., 2011). Similarly, virus-




and had decreased lignin content, reduced chlorophyll content, and less free asparagine, while 
aspartate and glutamate levels remained unchanged compared to wild-type (de la Torre et al., 
2014). 
Previous biochemical studies of plant PATs reveal a higher specific activity with prephenate 
versus arogenate (Maeda et al., 2011); however, detailed kinetic and ligand-binding analyses of a 
plant PAT remain to be performed. A phylobiochemical investigation identified two residues 
(Thr84 and Lys169 in AtPAT) that were conserved among PATs, but were absent in AATs 
(Dornfeld et al., 2014). Corresponding residues are also critical for binding of dicarboxylates in 
the orthologous enzyme from Thermus thermophilus, which belongs to the class Ib AAT family 
(Nobe et al., 1998; Nakai et al., 1999; Ura et al., 2001; Wang and Maeda, 2017). The T84V and 
K169V mutants of AtPAT significantly reduce PAT activity (Dornfeld et al., 2014). 
Interestingly, the T84V/K169V mutant lost function with prephenate, but gained activity with 
alanine and tryptophan as amino donors and with 4-HPP as the keto acid. Without three-
dimensional structural data, the positioning of these residues in the context of the active site 
remains unclear. Considering how critical PAT is for proper growth and development in plants, 
surprisingly little is known about the mechanisms governing its reaction chemistry. Here we 
present a structure/function analysis of AtPAT that yields new insight on keto and amino acid 








The AtPAT T84V, K169V, and T84V/K169V mutant expression constructs, along with 
AmPAT and CtPAT expression constructs, were previously described (Dornfeld et al., 2014). 
The AtPAT E108K, A168G, K169S, K306A, and R445G mutants were generated using the 
codon-optimized AtPAT template (see below) and oligonucleotides containing mutations using 
the QuikChange PCR method (Stratagene). Codon-optimized AtPAT lacking the chloroplast 
transit peptide was synthesized (Genewiz) and cloned into the pET28a expression vector.  Each 
construct was transformed into E. coli Rosetta2 (DE3) cells (Novagen). Cells were cultured in 
Terrific broth until A600nm ∼0.6–0.8, at which time protein expression was induced using a final 
concentration of 1 mM IPTG. After overnight incubation at 16°C, cells were pelleted by 
centrifugation (5000 x g; 10 min) and resuspended in 50 mM Tris (pH 8.0), 500 mM NaCl, 20 
mM imidazole, 10% glycerol, and 1% Tween-20. Following sonication, cell debris was removed 
by centrifugation (13,000 x g; 45 min) and the resulting lysate was passed over a Ni2+-
nitrilotriacetic acid (Qiagen) column equilibrated in the lysis buffer. The column was then 
washed (50 mM Tris (pH 8.0), 500 mM NaCl, 20 mM imidazole, and 10% glycerol) and bound 
His-tagged protein eluted (50 mM Tris (pH 8.0), 500 mM NaCl, 250 mM imidazole, and 10% 
glycerol). Protein concentration was determined by the Bradford method (Bio-Rad) with bovine 
serum albumin as standard. 
 
Protein crystallography 
For crystallization, HIs-tagged protein was further purified using a Superdex-75 26/60 
HiLoad ÄKTA FPLC size-exclusion column (GE Healthcare) equilibrated with 25 mM Hepes 
(pH 7.5) and 100 mM NaCl. Purified wild-type AtPAT and the T84V, T84V/K169V and K306A 




crystallized using the hanging-drop vapor-diffusion method with a 2-µL drop (1:1 concentrated 
protein and crystallization buffer). Diffraction quality crystals of the enzyme were obtained at 
4°C with a crystallization buffer of 20% PEG-3350, 200 mM magnesium formate, and 1 mM 
PLP for the wild-type structure; 25% PEG-1500, 100 mM MIB buffer (sodium malonate dibasic 
monohydrate, imidazole, boric acid; pH 5.0), 1 mM PLP, and 1 mM Glu for the K306A mutant 
structure; 20% PEG-6000, 100 mM citric acid (pH 5.0), and 3 mM a-ketoglutarate for the T84V 
mutant; and 25% PEG-1500 and 100 mM MIB buffer (pH 5.0) for the T84V/K169V mutant 
structure. Crystals were flash-frozen in liquid nitrogen with mother liquor supplemented with 
25% glycerol as a cryoprotectant. Diffraction data (100 K) was collected at the Argonne National 
Laboratory Advanced Photon Source 19-ID beamline. The data were indexed, scaled, and 
integrated with HKL3000 (Minor et al., 2006).  Molecular replacement was implemented in 
PHASER (McCoy et al., 2007) using a SwissModel-generated dimer of AAT from Phormidium 
lapideum (PDB: 1J32; 44% amino acid sequence identity) as a search model.  The resulting 
refined AtPAT structure was then used as a search model for each of the AtPAT mutant 
structures.  Iterative rounds of manual model building and refinement used COOT (Emsley and 
Cowtan, 2004) and PHENIX (Adams et al., 2010), respectively.  Data collection and refinement 
statistics are summarized in Table 1.  
 
Kinetic analysis 
PAT activity was determined using a coupled assay system measuring NADH oxidation 
(Arnold and Parslow, 1995). Assays were performed using 50 mM Hepes (pH 7.5), 25 mM 
NaCl, 1 mM NADH, 0.11 mM PLP, and 3 units of malate dehydrogenase in a 100 µL volume. 




aspartate (4 mM), either a-ketoglutarate (0-8 mM) or prephenate (0-2 mM) was varied in assays 
of wild-type and the T84V mutant. For the E108K and A168G mutants, 6 mM aspartate was 
used as the fixed substrate. All reactions were initiated by the addition of protein and conducted 
at 25°C. Initial velocity data were fit to the Michaelis-Menten equation using GraphPad Prism. 
Inhibition of AtPAT, AmPAT, and CtPAT was analyzed using 3-6 µg of protein with 4 mM 
aspartate and either 2 mM a-ketoglutarate or 0.5 mM prephenate in the presence of varied (0-5 
mM) cysteine. IC50 values were determined by fitting data to y = max / (1 + (If / IC50)), where 
max is the maximum observed rate difference and If is the inhibitor concentration, in Prism. 
 
Computational docking of PMP-cysteine forms 
Molecular docking of PMP-cysteine into the AtPAT structure was performed using 
AutoDock Vina (Trott and Olson, 2010) (ver. 1.1.2).  The active site of the structure was used to 
guide docking with a grid box of 30 x 30 x 30 Å with the exhaustiveness set to 8. 
 
Amino acid binding analysis 
Binding of aspartate, glutamate, alanine, tryptophan, tyrosine, and cysteine were measured by 
observing the change in absorbance upon formation of the external aldimine with PLP using a 
Beckman Coulter DU800 UV/Vis spectrophotometer. Titrations were performed using 200 µg of 
protein with 0-12.8 mM amino acid in 0.1 M Hepes (pH 7.5) at 25°C. Apparent Kd values were 
calculated by fitting the absorbance data to a reversible two-state model of binding DA = 
(DAmax[L]) / (Kd + [L]), using Prism, where DA is the change in absorbance at a given 






Crystal structures of wild-type and K306A mutant AtPAT 
To understand the molecular determinants of substrate binding, the three-dimensional 
structure of AtPAT co-complexed with PLP was solved by molecular replacement and refined to 
2.50 Å resolution (Table 1; Figure 2a). AtPAT crystallized as a homodimer. Each monomer of  
AtPAT consists of 15 a-helices and 9 b-strands divided between two structural domains. The N-
terminal domain (Lys115-Leu353) contains two sets of three a-helices surrounding six parallel 
and one anti-parallel b-strand. Two additional a-helices in the PLP-binding pocket, as well as 
the a-helix connecting the N- and C-terminal domains, complete the N-terminal domain. The 
smaller C-terminal domain contains part of the N-terminal region (Ser71-Pro114) and residues 
Gly354 through Leu469, totaling five a-helices and two b-strands. The N-terminal flexible loop 
(Ser71-Ser82) and features of the N-terminal domain form the dimer interface. 
PLP is bound in the active site of each chain in the wild-type structure with clear electron 
density (Figure 3a) and defines key residues in the active site (Figure 2b). A catalytic lysine 
forms a Schiff base with the PLP through its e-nitrogen, accounting for the active form of the 
resting enzyme (Malashkevich et al., 1993).  In the AtPAT crystal structure, PLP is covalently 
linked to the e-nitrogen of Lys306 to form the internal aldimine (i.e., Schiff base). Trp193 and  
Ile274 position the ring of PLP through p-p stacking and van der Waals interactions, 
respectively. The pyridine ring nitrogen of PLP forms a charge-charge interaction with the side-
chain of Asp272, an interaction that is characteristic of aminotransferases, such as PAT and AAT 
(Toney, 2014). The hydroxyl of Tyr275 and the side-chain amide nitrogen of Asn243 orient the 





Table 1. Summary of AtPAT crystallographic statistics. 
 








Space group P21  P1 C2  C2  
Cell dimensions a = 80.34 Å, 
b= 111.6 Å, c 
= 141.8 Å; 
b = 90.4° 
a = 51.83 Å, b 
= 60.12 Å, c = 
66.73 Å; a = 
74.8°, b = 
76.7°, g  = 
83.9° 
a = 117.0 Å, b = 
67.72 Å, c = 
51.56 Å; b = 
103.8° 
a = 116.5 Å , b = 
64.89 Å, c= 51.93 Å; 
b = 105.9° 
Data collection     
Wavelength (Å) 0.98 0.98 0.98 0.98 
Resolution range 
(Å) (highest shell) 
33.3 - 2.50 
(2.54 - 2.50) 
39.4 - 2.10  
(2.16 - 2.10) 
30.7 - 2.00 
(2.03 - 2.00) 
28.0 - 1.40 







90,885 /  
25,739 








96.8% (100.0%) 99.8% (98.3%) 
I/s (highest shell) 15.4 (1.92) 11.4 (2.0) 32.4 (5.6) 27.3 (1.5) 
Rsym (highest shell) 11.1% 
(93.4%) 
6.1% (27.1%) 7.5% (25.3%) 6.8% (58.1%) 
Model and 
refinement 
    
Rcryst/Rfree 20.2% / 27.4% 16.1% / 21.4% 16.7% / 21.5% 16.3% / 17.7% 
No. protein atoms 18,210 6,119 3,049 3,130 
No. waters 286 495 147 533 
No. ligand atoms 90 68 10 11 
Root mean square 
deviation, bond 
lengths (Å) 
0.012 0.008 0.007 0.004 
Root mean square 
deviation, bond 
angles (°) 
1.86 1.28 1.03 0.80 




















Figure 2. Three-dimensional structures of AtPAT wild-type and K306A mutant.  
(a) Overall structure of AtPAT is shown as a cartoon with each monomer colored white and 
gold, respectively. Pyridoxal-5’-phosphate (PLP) in each monomer is depicted as a space-filling 
model (green). Portions of the N- and C-terminal domains are indicated in the gold monomer 
with the position of the a1 helix noted. (b) AtPAT active site. PLP (green) is covalently-linked as 
a PLP-Schiff base to Lys306. Protein-ligand interactions are depicted by dashes drawn to 
specific residues. Tyr132 (gold) is from the adjacent subunit. (c) Comparison of the AtPAT wild-
type (gold) and K306A (white) structures. Pyridoxamine-5’-phosphate (PMP) (green) is bound in 
each monomer of the homodimer. (d) Comparison of the AtPAT (gold) and AtPAT K306A 
(white) active sites. Side-chains in the active site, along with PMP (green), and glutamate (rose) 
in the AtPAT K306A structure, are shown as stick models. Binding interactions are highlighted 
by dashed lines. 
 
 
binding pocket is formed by polar contacts to Ser305 and the side-chain hydroxyl of Tyr132 
from the other monomer. Charge-charge interactions between the PLP phosphate and the side- 
chain of Arg314 and the backbone amines of Ala168 and Lys169 complete the PLP-binding 
pocket. 
Based on the wild-type structure, Lys306 was postulated to be the catalytic Lys in AtPAT. 





Figure 3. Electron densities of ligands in AtPAT structures.  
Electron density for each ligand is shown as a 2Fo-Fc omit map (1.5 s).  Density for (a) PLP 
(green), (b) glutamate (rose), (c) a-ketoglutarate (purple), and (d) malate (gold) and borate 
(green) from the wild-type AtPAT, K306A mutant, the T84V mutant, and the T84V/K169V 
double mutant structures, respectively, are shown. 
 
K306A mutant was crystalized and solved by molecular replacement at 2.1 Å resolution (Table 
1). The overall structure is similar to that of the wild-type AtPAT structure (root mean square 
deviation (r.m.s.d. of 1.35 Å2 for 368 Cα-atoms) (Figure 2c).  In the AtPAT K306A crystal 
structure, the alanine substitution of Lys306 prevents Schiff base formation with the cofactor. 
Instead, both PMP and a ligand, which was modeled as a Glu in the electron density (Figure 3b), 
were observed in the active site.  In the AtPAT K306A active site, the interaction network with 
PMP is similar to that of wild-type. There is a 5 Å shift in the position of a1 into the active site in 
the mutant structure compared to wild-type (Figure 2d). Movement of a1 toward the bound 
ligand potentially allows the hydroxyl of Thr84 to interact with either the keto or amino acid 
ligands. In the closed state, the side-chain hydroxyl of Thr84 is 3.8 Å away from the backbone 
amine of the glutamate ligand. The carboxylate side-chain of the glutamate forms charge-charge 
interactions with the side-chain nitrogen of Lys169 and hydrogen bonds to a water molecule. The 
backbone oxygen of the amino acid is stabilized by interactions with the side-chain nitrogen of 
Arg445 and the backbone nitrogen of Gly107. A polar contact between the backbone carboxylate 




structure of the K306A mutant identified the residues critical for ligand binding in the presence 
of the cofactor. 
 
Figure 4. Sequence comparison of AtPAT and Arabidopsis AATs.  
The sequence alignment was generated using full-length sequences in Clustal Omega. Residues 
highlighted in green are involved in the PLP binding pocket with lighter shades of green 
representing variant residues and darker green shading representing conserved amino acids. 
Residues that contact both the PLP and bound ligand, and are conserved, are shaded in gold. 
Other active site residues are shaded purple with darker and lighter shading indicating 
conservation and variation, respectively. a-Helices and b-sheets above the sequence alignment 
were generated using the AtPAT structure as a reference. Residues colored blue are conserved in 
all six AAT sequences. The thinner line above the N-terminal section represents residues in the 







Biochemical analysis of active site mutants 
To identify residues important for prephenate specificity, active site residues of AtPAT 
(Figure 2) was compared to closely-related class Ib AAT and more distantly-related class Ia 
AAT (Figure 4). As expected, the residue corresponding to the catalytic Lys306 is conserved in 
all of the sequences. Similarly, PLP-binding residues, such as Gly107, Tyr132 and Arg314, are 
conserved in each protein. In the putative substrate-binding pocket, residues corresponding to 
Asn243 and Tyr275 of AtPAT are conserved in all AATs. The Ile274 of AtPAT is an Ala in Ia 
AATs, but is conserved in Ib AATs. Previously identified active site residues Thr84 and Lys169 
are only conserved among PAT, and the region containing Thr84 at the start of a1 is absent in the 
class Ia AATs. Other residues in the PLP- (i.e. Ala168) and substrate-binding sites (i.e., Glu108, 
and Arg445) vary in the AATs (Figure 4). 
protein substrates: varied/fixed kcat (min-1) Km (mM) kcat / Km (mM-1 min-1) 
AtPAT Asp, aKG 560 ± 34 1.9 ± 0.3 295 
 
Prephenate, Asp 230 ± 11 0.17 ± 0.03 1350 
 
aKG, Asp 610 ± 25 1.1 ± 0.1 555 
T84V Asp, aKG 110 ± 11 1.6 ± 0.3 69 
 
Prephenate, Asp 71 ± 3 0.55 ± 0.06 129 
 
aKG, Asp 110 ± 4 0.46 ± 0.06 239 
E108K Asp, aKG 500 ± 15 2.8 ± 0.2 179 
 
Prephenate, Asp 160 ± 8 >2 <80 
 
aKG, Asp 500 ± 45 1.0 ± 0.3 500 
A168G Asp, aKG 290 ± 21 3.8 ± 0.5 76 
 
Prephenate, Asp 400 ± 35 0.48 ± 0.10 830 
 
aKG, Asp 470 ± 76 1.2 ± 0.3 392 
Table 2. Summary of steady-state kinetics of wild-type and mutant AtPAT.  
Assays were performed and kinetic parameters determined as described in the Methods. Values 






To experimentally test the function of these active site residues, the AtPAT E108K, A168G, 
K169S, and R445G mutants were generated for functional analysis. The mutants together with 
previously generated AtPAT T84V, K169V, and T84V/K169V mutants were expressed and 
purified as described for wild-type enzyme. Using a coupled assay system, the steady-state 
kinetic properties of wild-type and mutant AtPAT were determined (Table 2). WIth varied 
aspartate concentrations and a fixed concentration of a-ketoglutarate, the KmAsp is 1.9 mM with a 
turnover rate (kcat) of 560 min-1. For the keto acid substrates, assayed at a fixed aspartate 
concentration, the catalytic efficiency (kcat/Km) for prephenate is 3-fold higher than that of a-
ketoglutarate. 
Of the eight AtPAT mutants analyzed, onlythe T84V, E108K, and A168G proteins were 
active with Asp as an amino donor (Table 2). The T84V mutant had a KmAsp comparable to wild-
type enzyme, but the E108K and A168G mutations modestly increased the Km for this substrate 
and reduced kcat/Km compared to wild-type. The AtPAT T84V and A168G mutants displayed 2-
fold higher catalytic efficiency with a-ketoglutarate than with prephenate. In assays where 
prephenate was varied for the AtPAT E108K mutant, the velocity versus substrate concentration 
plots were linear to a concentration of 2 mM, indicating that the E108K substitution greatly 
reduced affinity for prephenate; however, the enzyme was still active with a-ketoglutarate and 
displayed a catalytic efficiency similar to wild-type. This result indicates that the E108K 
mutation is functional as an AAT, but has substantially reduced activity with prephenate. Thus, 
Glu108 plays a critical role in prephenate substrate specificity of PAT. 
 




Given that five of the eight mutants analyzed lacked full aminotransferase activity, we 
evaluated amino acid binding to AtPAT and the site-directed mutants using UV/Vis 
spectroscopy. Titration of PLP-dependent AATs with amino acids allows for conversion of the 
pyridoxal (i.e., PLP) form ( max = 390 nm) to the pyridoxamine (i.e., PMP) form ( max = 330 
nm), which can be monitored to determine apparent Kd values for the added ligand (Kirsch et al., 
1984; Ziak et al., 1990; Karsten and Cook, 2009). For example, AtPAT displays a mixture of E-
PLP (A330nm peak) and E-PMP (A330nm) forms (Figure 5, red line), but with aspartate titration a 
decrease in PLP signal and increase in PMP signal was observed (Figure 5, purple line).  
 
Figure 5. Amino acid titration of AtPAT PLP signal.  
UV/Vis absorption spectra for the conversion of the PLP form of AtPAT (A390nm) to the PMP 
form (A330nm) were measured as described in the Methods. Addition of aspartate (0-16 mM) 
leads to saturation, as indicated by increased A330nm signal and decreased A390nm signal. 
 
For comparison of wild-type and mutant AtPAT, titrations of each protein using aspartate, 
glutamate, alanine, tryptophan, and tyrosine were performed.  Wild-type AtPAT and all of the 
mutants except for the K169S and K306A mutants bound Asp (Table 3). The T84V and K169V 
mutants had Kd values similar to wild-type, but the E108K and A168G mutants bound aspartate 




affinity up to 3-fold. With titrations using glutamate, only wild-type, E108K, and A168G AtPAT 
showed changes in the spectra with the E108K substitution leading to a 22-fold decrease in 
binding affinity compared to AtPAT. The T84V, A168G, K169V, K169S, R445G, and 
T84V/K169V PAT mutants bound alanine to varying degrees, whereas, AtPAT wild-type did not 
bind alanine.  In earlier work (Dornfeld et al., 2014), the amino donor for AtPAT was changed 
from aspartate to tryptophan in the T84V/K169V double mutant.  
To analyze this specificity change further, the binding of tryptophan and tyrosine was 
assessed (Table 3). Surprisingly, the wild-type enzyme had the highest binding affinity (3.6 mM) 
for tryptophan, although the KD was still higher than that of either aspartate or glutamate.  Except 
for the A168G, K306A, and R445G mutants, all of the AtPAT variants also retained tryptophan 
binding, but with decreased affinities. Using tyrosine, only the E108K and K169V mutants 
exhibited binding. Overall, titration of wild-type and mutant AtPAT with selected amino acids 
highlights the flexibility of ligand binding and the contributions of individual residues to amino 
donor binding. 
protein KdAsp (mM) KdGlu (mM) KdAla (mM) KdTrp (mM) KdTyr (mM) 
AtPAT 1.5 ± 0.2 0.19 ± 0.03 -- 3.6 ± 0.6 -- 
T84V 1.3 ± 0.1 -- 1.0 ± 0.4 19.0 ± 2.4 -- 
T84V/K169V 5.1 ± 1.6 -- 0.14 ± 0.08 22.0 ± 4.0 -- 
E108K 0.53 ± 0.05 4.2 ± 0.1 -- 15.0 ± 2.0 1.1 ± 0.2 
A168G 0.24 ± 0.04 0.29 ± 0.04 10.0 ± 1.4 -- -- 
K169V 1.3 ± 0.6 -- 0.22 ± 0.05 24.0 ± 2.8 -- 
K169S -- -- 0.42 ± 0.15 10.0 ± 1.9 7.4 ± 1.0 
K306A -- -- -- -- -- 
R445G -- -- -- -- -- 
Table 3. Summary of KD values for selected amino acids binding to wild-type and mutant 
AtPAT.  
UV/Vis absorption spectra for the conversion of the PLP to PMP form of each protein during 
amino acid titrations were measured and Kd values calculated as described in the Methods. 





Cysteine inhibits plant and microbial PATs 
Because of the relaxed specificity in amino acid binding with AtPAT, the effect of all 20 
proteogenic amino acids was analyzed to determine if any act as either positive or negative 
effectors of PAT activity (Figure 6). Surprisingly, cysteine reduced AtPAT activity with α-
ketoglutarate (IC50 = 0.56 mM) and with prephenate (IC50 = 0.75 mM) (Figure 7a). To our 
knowledge, metabolite effectors of a PAT have not been previously reported from either a 
microbial or plant source. 
 
Figure 6. Effect of amino acids on AtPAT activity.  
AtPAT activity was assayed as described in the methods using a-ketoglutarate as the keto acid 
and aspartate as the amino donor in the absence (D only) or presence of 5 mM of the indicated 
amino acid (single letter abbreviations). Specific activities are shown as averages ± SD (n = 3). 
 
 
Earlier work suggests the evolutionary basis for PAT acquisition in plants as lateral gene 
transfer from Chlorobi/Bacteroidetes (Dornfeld et al., 2014). To test if cysteine also inhibited 
PAT homologues in other plants and in microbes, two previously characterized PAT from 
Antirrhinum majus (snapdragon) and Chlorobium tepidum (a Gram-negative, thermophilic green 
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AmPAT and CtPAT with similar IC50 values (1.3 mM). All of the active site residues of AtPAT 
are highly conserved in the A. majus and C. tepidum enzymes except for Ala168 and Ile274, 
which are Gly106 in CtPAT and Met211 in AmPAT, respectively. 
 
 
Figure 7. Inhibition of plant and microbial PAT by cysteine.  
(a) Inhibitory concentrations of prephenate aminotransferases with cysteine from Arabidopsis 
(AtPAT), A. majus (AmPAT), and C. tepidum (CtPAT) were determined. Values are averages 
± SD (n = 3). (b) Molecular docking of non-cyclized PMP-cysteine (green) into the AtPAT 
active site. The surface of the AtPAT active is shown with key residues indicated. The docking 
solution for a non-cyclized PMP-cysteine is shown as a stick model. (c) Molecular docking of 
cyclized PMP-cysteine (green) into the AtPAT active site. 
 
protein KdCys (mM) 
AtPAT 0.61 ± 0.10 
T84V 0.51 ± 0.13 
T84V/K169V 0.48 ± 0.12 
E108K 0.61 ± 0.08 
A168G 0.70 ± 0.04 
K169V -- 
K169S 0.61 ± 0.04 
K306A 0.96 ± 0.33 
R445G -- 
AmPAT 1.30 ± 0.15 
CtPAT 0.90 ± 0.08 
Table 4. Summary of KD values for cysteine binding to wild-type and mutant PAT.  
UV/Vis absorption spectra for the conversion of the PLP to PMP form of each protein during 
amino acid titrations were measured and Kd values calculated as described in the Methods. The 
PAT from A. majus (AmPAT), and C. tepidum (CtPAT) were also examined. Values are 





To determine if cysteine reacted with PLP, wild-type and mutant AtPAT were titrated with 
cysteine and the shift in spectra from PLP to PMP forms measured. With wild-type AtPAT, 
changes in the spectra between forms were observed and yielded a Kd = 0.61 mM (Table 4). 
Most of the AtPAT mutants bound cysteine with Kd values similar to wild-type. The T84V 
mutant displayed a 3-fold weaker binding affinity. Notably, neither the K169V mutant nor 
R445G mutant exhibited changes in signal upon addition of the amino acid. Binding of cysteine 
to CtPAT AmPAT displayed Kd values similar to AtPAT. The Kd values for cysteine with each 
enzyme (Table 4) were also comparable to the IC50 values determined from enzymatic assays 
(Figure 7a). 
 
Crystal structures of AtPAT T84V and T84V/K169V mutants 
Sequence comparisons of known functional PATs and biochemical analysis identified Thr84 
and Lys169 of AtPAT as determinants of PAT versus AAT activity (Dornfeld et al., 2014). To 
rationalize the biochemical data presented here and in the earlier study, the x-ray crystal 
structures of AtPAT T84V in complex with α-ketoglutarate and AtPAT T84V/K169V with 
malate and borate bound (both from the crystallization buffer) were determined to 2.0 Å and 1.4 
Å resolution, respectively (Table 1). 
The T84V mutant is structurally similar to wild-type enzyme (r.m.s.d. = 0.66 Å2 for 350 Cα-
atoms) (Figure 8a). Clear electron density for a-ketoglutarate (Figure 3c) was observed with the 
ligand making similar contacts as described for glutamate in the AtPAT K306A structure 
(Figure 8b). In the absence of cofactor, the phosphate-binding residue Arg314 shifts to partially 
fill the site where PLP would bind. The hydroxyl on the b-carbon of the ligand interacts with the 





Figure 8. Three-dimensional structures of the AtPAT T84V and AtPAT T84V/K169V 
mutants. (a) An overlay of the AtPAT (white), AtPAT T84V (blue), and AtPAT T84V/K169V 
(purple) crystal structures shows the degree of conservation among the structures. PLP (green) 
from the wild-type structure is highlighted for reference. (b) Active site comparison of the wild-
type AtPAT and AtPAT T84V structures shows the differences between the open (AtPAT) and 
closed (AtPAT T84V) form structures when a-ketoglutarate (purple), a keto acid substrate, is 
bound. (c) Active site comparison of the wild-type AtPAT and AtPAT T84V/K169V shows the 
binding interactions that occur in a closed form structure. Malate (gold) and borate (green) are 
bound. Dashed lines indicate binding interactions. 
 
chain nitrogens of Arg445 and Asn243, along with the main-chain amide of Gly107. The α1 
helix, where residue 84 is found, moves 5 Å toward the catalytic lysine; however, this could be 
an artifact of the absence of the cofactor and the presence of a small ligand. 
The AtPAT T84V/K169V structure is more similar to the AtPAT T84V structure (r.m.s.d. = 
0.358 Å2 for 384 Cα-atoms) than to wild-type (r.m.s.d. = 0.753 Å2 for 346 Cα-atoms). Like the 
AtPAT T84V structure, α1 shifts into the active site (Figure 8c). The positioning of the α4 helix 
that contains the K169V mutation remains unchanged. Malate and borate were bound in the 
AtPAT double mutant active site (Figure 8d). The carboxylates of malate form hydrogen bond 
interactions with Tyr275 and charge-charge interactions with Gly107, Trp193, Asn243, and 
Arg445. Borate binds in the PLP-binding pocket and forms a hydrogen bond with Asp272. The 
position of malate in the T84V/K169V structure approximates the binding of glutamate in the 




Both structures show that mutations reducing enzymatic activity with prephenate do not alter the 
global architecture of the active site. The AtPAT T84V and T84V/K169V mutant structures 
suggest that substitution of side-chains that provide hydrogen bond and/or ionic interactions with 
apolar residues leads to altered substrate preference, potentially from the loss of key interactions 
that allow for prephenate binding. 
 
DISCUSSION 
When plants moved onto land, the need for lignin, which is the second most abundant 
organic compound on Earth and makes up roughly 30% of plant biomass, intensified the 
evolutionary pressures to maintain the aromatic amino acid biosynthesis pathways, as 
phenylalanine is a precursor to lignin biosynthesis (Boerjan et al., 2003). Similarly, aromatic 
amino acids became critical for phenylpropanoids needed for protection against UV light, 
herbivore and pathogen defense; for floral pigmentation; and the synthesis of aroma compounds 
(Dixon and Paiva 1995; Corea et al., 2012).  Historically, PAT activity had been detected in 
plants, but only recently was the gene encoding PAT identified (Graindorge et al., 2010; Maeda 
et al., 2011). Here we examined the molecular mechanisms for substrate recognition and 
inhibition of the plant PAT. 
Using x-ray crystallography, we captured AtPAT in an open active site conformation with 
PLP linked to the catalytic lysine as a Schiff base (Figure 2). In the active site, multiple residues 
contact PLP; however, two residues are key for the aminotransferase chemistry. Lys306, which 
formed an internal aldimine with the bound PLP, clearly serves as the Schiff base during the 
reaction sequence (Figure 9, E+PLP and E-PLP steps). In addition, the interaction between 




maintains a protonated form of the PLP that allows for the ensuing aminotransferase reaction and 
not other types of chemistry, such as decarboxylation, condensation, and elimination reactions 
(Toney, 2014). 
Although PAT and AAT share common chemistry, these enzymes differ in substrate 
preference. Amino acid sequence comparison of AtPAT with other AATs highlights 
conservation of the PLP-binding site (Figure 4), which is consistent with the common reaction 
chemistry of these enzymes. The crystal structure of the AtPAT K306A mutant in complex with 
 
Figure 9. Summary of AtPAT reaction sequence and roles of active site residues.  
The chemical reaction mechanism of AtPAT is shown to highlight key intermediates. Multiple 
arrows are used to simplify mechanistic details. Residues involved in PLP (red), aspartate (blue), 
and prephenate (black) interactions are shown with thin and thick dashed lines indicating 
hydrogen bond and charge-charge interactions respectively. Interactions shown in the E + PLP 
step are maintained throughout the reaction seqeunce. Interactions shown for aspartate are also 
conserved in prephenate binding. 
 
 
 PMP and glutamate provides insight on the substrate binding site (Figure 2). In this structure, 
the amino acid backbone of the ligand is oriented toward Gly107, Glu108, and Arg445, which 
provides a counter ion to the backbone carboxylate group. This positions the amino acid amine 




reaction sequence (Figure 9, E+PLP-Asp step). In addition, Lys169 forms an ionic interaction 
with the side-chain carboxylate of the ligand and movement of the a1 helix into the active site 
places Thr84 opposite the side-chain carbon to provide van der Waals contacts. 
The reaction mechanism of aminotransferases involves a ping-pong type reaction sequence 
and requires the use of a shared binding site for both amino acid and keto acid substrates. 
Although the AtPAT T84V mutant was crystallized without cofactor, the position of a-
ketoglutarate in the active site (Figure 8b) reveals a similar set of protein-ligand interactions 
compared to the AtPAT K306A•PMP•glutamate complex (Figure 2c-d).  The a-ketoglutarate 
backbone carboxylate is oriented toward Gly107, Glu108, and Arg445, as observed with 
glutamate bound.  Although Lys169 does not directly interact with a-ketoglutarate, it is possible 
that with prephenate bound that this residue provides additional contacts with the substrate's 
bridging carboxylate group.  Moreover, similar interactions with malate were observed in the 
AtPAT T84V/K169V structure (Figure 8c). 
Biochemical analyses of mutants targeting active site residues identified key residues and 
molecular mechanisms responsible for reaction chemistry and substrate preference of PAT 
(Tables 2-3). Mutations of Lys306, Arg445, and Lys169 yielded inactive enzymes and the 
K306A and R445G mutants did not bind amino acid ligands. The x-ray crystal structure of the 
K306A mutant and the resulting effect on enzymatic activity and ligand binding is consistent 
with a role for this Lys as the Schiff base in the reaction mechanism, as discussed above. The 
position of Arg445 in the active site suggests that this residue serves as a counter-ion to the 
backbone carboxylate group of the amino acid and keto acid substrates (Figs. 2c-d & 8b).  As no 
signal change was observed in amino acid titrations, elimination of a key ionic interaction 




K169V mutants were inactive; however, the K169S mutant lost aspartate binding with the 
K169V mutant retaining a binding affinity similar to wild-type (Table 3).  Overall, these results 
indicate that Lys169 and Arg445 are key for substrate binding in AtPAT. We propose that these 
residues facilitate both amino acid and keto acid binding and formation of the external aldimine 
form of AtPAT, which that allows for the donor amine from aspartate to react with the 
prephenate to form arogenate (Figure 9). 
Previous studies identified Thr84 and Lys169 of AtPAT as determinants of PAT activity 
(Dornfeld et al., 2014); however, the molecular basis for substrate preference was not addressed. 
To evaluate the contributions of these residues to substrate preference, we re-examined the effect 
of mutating Thr84 and Lys169 on PAT activity and ligand binding (Tables 2-3) and determined 
the crystal structures of the AtPAT T84V and T84V/K169V mutants (Figure 8). Previous work 
indicated that the T84V mutation reduced PAT activity and that the double mutant abolished 
both PAT and AAT activity to yield an enzyme that used tryptophan as an amine donor and 4-
HPP as a keto acid. Consistent with that study, the T84V mutant displayed reduced catalytic 
efficiency compared to AtPAT with the largest effect (10-fold) observed with prephenate (Table 
2). In amino acid titrations, the Kd of this mutant for aspartate was comparable to wild-type; 
however, this mutation introduced alanine binding and decreased affinity for tryptophan (Table 
3). The active sites of the wild-type and T84V AtPAT proteins are structurally similar (Figure 
8b) with only the loss of a potential hydrogen bond donor affecting the Km for prephenate. As 
mentioned above, the K169 mutations lost PAT activity with aspartate (Table 2). Examination of 
amino acid binding showed that the K169V mutant, like the T84V mutant, could bind alanine. 
The K169S mutant was unable to bind aspartate, which explains why the enzyme was inactive in 




tryptophan.  This data suggests that the T84V and K169V mutants more readily accommodate 
smaller ligands, such as α-ketoglutarate, alanine, and aspartate, but filter out larger molecules 
like prephenate and tryptophan.  This is also consistent with conservation of these residues as 
valine in the Arabidopsis AAT.  Differences that lead to the new activity of the double mutant 
protein are difficult to assess; however, the presence of side-chains that provide either hydrogen 
bond (Thr84) or charge-charge (Lys169) interactions are key for PAT function. 
Structure-guided sequence comparisons (Figure 4) also identified other changes in the active 
sites, including substitution of Ala168 and Glu108 of AtPAT with glycine and lysine, 
respectively, of AATs. Kinetic and ligand binding analyses of the AtPAT A168G mutant 
indicates that a change at this position modestly impacts biochemical function (Tables 2-3). In 
contrast, the E108K mutant altered substrate preference of AtPAT (Table 2).  The resulting 
AtPAT E108K mutant still used prephenate, which suggests that multiple residues contribute to 
this gain-of-function mutation in an AAT. AtPAT displays a 2-fold preference for prephenate 
versus α-ketoglutarate. Mutation of Glu108 to a lysine shifts the kcat/Km for α-ketoglutarate more 
than 8-fold compared to prephenate. It should be noted that the AAT versus PAT activity of the 
E108K mutant is likely greater than this, because the enzyme did not display saturation kinetics 
with prephenate. Moreover, ligand-binding analysis suggests that the E108K mutant is more 
promiscuous than AtPAT (Table 3). The E108K mutant has a higher affinity for aspartate and a 
lower affinity for glutamate, and can bind tyrosine and tryptophan.  In the crystal structures of 
AtPAT, the side-chain of Glu108 is oriented away from the active site with protein-ligand 
contacts provided by the peptide backbone. It is possible that changes in the side-chain structure 
may reposition the peptide backbone and influence how ligands fit in the active site. Relaxed 




Glu108 is also conserved among class Ib AAT enzymes not having PAT activity (Dornfeld et al., 
2014). Thus, the presence of glutamate at position 108 among the class Ib AATs, but not class Ia 
AATs, might have contributed to the evolution of PAT function. 
The ability of AtPAT to bind a range of amino acids led us to examine if these molecules 
could serve as potential effectors of the enzyme and identified cysteine as an inhibitor of AtPAT 
(Figs. 6 & 8a). Ligand binding analysis indicates that cysteine forms an external aldimine with 
PLP (Table 4).  This suggests that the Cys-PMP aldimine likely prevents the keto acid substrate 
from reacting with PLP. Two of the active site mutants (K169V and R445G) did not form an 
external aldimine with cysteine, which suggests that these key substrate interaction residues are 
also important for binding of this inhibitor molecule (Table 4).  Previous work on PLP-
dependent aspartate decarboxylases elucidated a potential mechanism of cysteine binding that 
leads to irreversible inhibition (Liu et al., 2013).  In these enzymes, cysteine enters the active site 
and reacts with PLP to form a cysteine-PMP aldimine through nucleophilic addition by the 
sulfhydryl group and subsequent cyclization. In PAT, we presume that cysteine forms a 
permanent external aldimine that sterically blocks the active site, but further studies are needed 
to confirm the irreversible inhibition. To visualize this possible reaction in the AtPAT active site, 
molecular docking was used to predict the binding of PMP-cysteine in both non-cyclic and cyclic 
forms (Figure 8b-c). Either molecule fit in the AtPAT active site and is proximal to substrate 
binding and catalytic residues. 
PATs from other organisms, including snapdragon and a gram-negative, thermophilic green 
sulfur bacterium from Chlorobi, were also inhibited by cysteine (Figure 8a; Table 4). While it 
was maybe not surprising that another plant PAT is sensitive to Cys, finding that PAT in a 




ancestral enzyme that was acquired in plants was sensitive to cysteine or that both plant and 
microbial enzymes have independently evolved sensitivity to the same amino acid. Cysteine may 
play a role as an effector molecule across different metabolic pathways in plants, as this amino 
acid has been identified as an effector for several other plant amino acid biosynthesis enzymes, 
including aspartate kinase (Curien et al., 2005), homoserine dehydrogenase (Rognes et al., 2003; 
Paris et al., 2003) 3-phosphoglycerate dehydrogenase (Okamura and Hirai, 2017), and 
chorismate mutase (Westfall et al., 2014).  Given that plants need to coordinate a variety of 
biochemical pathways connected to carbon, nitrogen, and sulfur metabolism (Shin et al., 2011), 
the use of a biochemical effector to modulate activity across those pathways may contribute to 




Coordinates and structure factors for AtPAT•PLP (PDB: 5WMH), AtPAT 
K306A•PMP•glutamate complex (PDB: 5WML), AtPAT T84V• a-ketoglutarate complex (PDB: 
5WMI), and AtPAT T84V/K169V•malate•borate complex (PDB: 5WMK) were deposited in the 
RCSB Protein Data Bank. Sequences used for alignments are from NCBI (AtAAT1: 
NP_001031394.1; AtAAT2: NP_197456.1; AtAAT3: NP_196713.1; AtAAT4: NP_564803.1; 
AtAAT5: NP_001031767.1; AtPAT: ADM67558.1). 
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As a way of regulating the concentration of a given plant hormone within the cell, plants 
contain a class of enzymes known as GH3 proteins that conjugate amino acids to acyl acid 
hormones to activate or inactivate the hormone molecule. Grouping of the GH3 proteins by 
substrate preference shows that the largest class of GH3 proteins use the growth-promoting 
hormone auxin (indole-3-acetic acid, or IAA), and the second largest class uses the defense 
hormone jasmonic acid; however, some of the auxin-specific GH3 proteins, notably Arabidopsis 
thaliana GH3.5, have been found to use multiple acyl acid substrates, including the auxins IAA 
and phenylacetic acid as well as benzoic acid, with roughly the same catalytic efficiencies. 
Despite the promiscuity in acyl acid substrate preference, the active site residues that are in 
contact with a ligand in the crystal structure of AtGH3.5 do not vary from those found in the 
AtGH3.2 active site. Using single-turnover kinetics, the data suggests that both proteins prefer 
IAA as the substrate. In conducting these experiments, we found that the adenylated reaction 
intermediate was being hydrolyzed into acyl acid and AMP in the absence of the amino acid, a 
typical feature of pre-transfer editing. Here we show that a non-cognate acyl acid-adenylate 
intermediate is more easily hydrolysable than the cognate acyl acid-adenylate, likely due to a 











 Plant responses to developmental cues and the environment are primarily modulated by the 
activity and concentration of hormones, including auxins, jasmonates, and benzoates (Woodward 
and Bartel, 2005; Loake and Grant, 2007; Browse, 2009; Santner et al., 2009; Westfall et al., 
2013). The primary form of auxin, indole-3-acetic acid (IAA), is involved in cell growth and 
division, elongation, and proliferation, while the jasmonates (JA) are involved in pathogen 
responses, root growth, seed germination, and fertility (Staswick et al., 2002; Staswick and 
Tiryaki, 2004; Santner et al., 2009). Fluctuation in hormone concentration within the plant cell 
and modulations of the chemical structure of a hormone affect receptor interactions and therefore 
alter developmental responses (Hagen et al., 1984; Staswick et al., 2005; Terol et al., 2006; Chen 
et al., 2010; Westfall et al., 2013).  
 GH3 proteins, or acyl acid-amido synthetases, are responsible for maintaining hormone 
levels in plants by conjugating acyl acid hormones to amino acids (Staswick et al., 2002; 
Staswick et al., 2005). This family of proteins generates conjugates through a two-step 
mechanism that involves both an adenylation and transfer reaction (Staswick et al., 2002; 
Staswick et al., 2005; Terol et al., 2006; Chen et al., 2010; Westfall et al., 2010; Okrent and 
Wildermuth, 2011). In the first half-reaction, the acyl acid substrate is adenylated and 
pyrophosphate is released (Chen et al., 2010; Westfall et al., 2010); this is followed by a 
transferase reaction where the nucleophilic amine group of an amino acid displaces AMP to form 
an acyl acid-amino acid conjugate.  
Genome and transcriptome data has identified 19 putative GH3 genes in the model plant 
Arabidopsis thaliana (thale cress) (Hagen and Guilfoyle, 2002). The physiological role of the 




example, the conjugation of amino acids to IAA leads to an inactive form of the molecule, and 
adding an aspartate or glutamate to IAA leads to hormone degradation, while alanine- and 
valine-IAA conjugates are hydrolysable and are considered IAA storage forms (LaClere et al., 
2002). With other hormones, such as JA, the acyl acid is activated by the addition of the amino 
acid, isoleucine, to form the molecule that is recognized by the hormone receptor, JA-isoleucine 
(Staswick et al., 2002; Fonseca et al., 2009; Meesters et al., 2014). Other less studied GH3 acyl 
acid substrates include benzoic acid (BA) and phenylacetic acid (PAA) (Westfall and Sherp et 
al., 2016). BA is a precursor to many plant metabolites, including the defense hormone salicylic 
acid (SA, 2-hydroxy-BA) (Widhalm and Dudareva, 2015), aromatic cytokinins (Werbrouck et 
al., 1996; Strnad, 1997; Tarkowska et al., 2003; Mutui et al., 2012), the cofactor ubiquinone 
(Block et al., 2014; Tohge et al., 2014), folic acids (vitamin B9) (Basset et al., 2004a; Basset et 
al., 2004b; Hanson and Gregory, 2011), and numerous specialized metabolites involved in 
attracting pollinators and seed dispersers (Wang and De Luca, 2005; Goff and Klee, 2006; 
Dudareva et al., 2006; Schwab et al,. 2008; Dudareva et al., 2013). On the other hand, 
phenylacetic acid (PAA) is a non-indolic active auxin that is present at physiologically relevant 
levels within plants (Korasick et al., 2013). PAA is widely distributed in both vascular and non-
vascular plants and regulates the same signaling pathways as IAA (Sugawara et al., 2015). 
GH3.2, or YDK1, from A. thaliana is an auxin-using GH3 protein that conjugates aspartate 
to IAA and PAA, as well as BA to a lesser extent (Westfall and Sherp et al., 2016). The ydk 1-D 
mutant in Arabidopsis has been characterized as a dwarf mutant with a short hypocotyl in both 
light and darkness, and the YDK1 gene is expressed in roots and flowers and is a negative 
regulator of auxin signaling (Takase et al., 2004). GH3.5, or WES1, from Arabidopsis is similar 




2016). Unlike GH3.2, GH3.5 is more of a generalist and uses each of these hormones with a 
similar catalytic efficiency with little known preference for one over another. Arabidopsis wes1 
T-DNA insertional mutants are phenotypically indistinguishable from wild-type plants under 
normal growth conditions but are more susceptible to abiotic and biotic stresses than wild-type 
(Park et al., 2007). Studies involving the wes1 loss-of-function mutant and two gain-of-function 
mutants (wes-1D and gh3.5-1D) show that this gene contributes to both IAA and SA responses 
and is implicated in SA-linked pathogen responses (Park et al., 2007a; Zhang et al., 2007; Park et 
al., 2007b; Zhang et al., 2008; Chen et al., 2013). 
Unlike GH3.2 and GH3.5, GH3.11 (JAR1) from Arabidopsis is a JA-conjugating enzyme 
that forms the active hormone, JA-isoleucine (Browse, 2009; Staswick et al., 2002; Sheard et al., 
2010). The jar1 mutant in Arabidopsis does not produce JA-isoleucine and is blocked in JA-
mediated responses, including defense against herbivores, fungi, and pathogens (Staswick et al., 
2002; Staswick and Tiryaki, 2004; Howe and Jander, 2008). 
Several crystal structures of Arabidopsis and grapevine (Vitus vinifera) have provided insight 
on the sequence-structure-function relationship among the GH3 family of proteins (Peat et al., 
2012; Westfall and Zubieta et al., 2012; Round et al., 2013; Westfall and Sherp et al., 2016; 
Chen et al., 2017). GH3 proteins share a common tertiary structure containing two domains—a 
large N-terminal domain and a smaller C-terminal domain characteristic of the adenylating 
firefly luciferase (ANL) enzyme superfamily—with the active site at the interface of the two 
domains (Westfall and Zubieta et al., 2012). A flexible hinge loop connects the two domains and 
pivots the C-terminal domain during the reaction. In the open conformation, ATP, Mg+2, and the 
acyl acid bind for the adenylation reaction to occur, and a solvent-accessible channel allows for 




rotates about the hinge loop and closes the active site, repositioning residues for the transferase 
reaction to occur (Figure 1).  
 
Figure 1. The GH3 enzymatic reaction.  
GH3 proteins proceed through a two-step reaction, an adenylation and transfer reaction. In the 
first half-reaction, an acyl acid, Mg+2, and ATP bind the open form of the protein, the acyl acid is 
adenylated and pyrophosphate is released. In the second half-reaction, the enzyme closes through 
a pivoting of the C-terminal domain (gold) for the transfer reaction to proceed. The final acyl 
acid-amino acid conjugate is released, and the enzyme resets.  
 
 
From Arabidopsis, structures of GH3.5, GH3.11, and GH3.12 have been determined, and the 
substrates of uncharacterized GH3 proteins can be predicted based on analysis of the active site 
residues (Westfall and Zubieta et al., 2012). For example, GH3.2 was predicted to use auxin 
(IAA) as an acyl acid substrate, and this is the case (Westfall and Sherp et al., 2016). Based on 
amino acid sequence alignments, all of the residues in contact with a ligand in the structure of 
AtGH3.5 are conserved in AtGH3.2; these two proteins also use the same amino acid, aspartate, 
for the second half-reaction (Westfall and Sherp et al., 2016). Despite these similarities, the 
steady state kinetics suggests the two proteins have different catalytic efficiencies, and likely 
preferences, for different acyl acid substrates. While structural data has allowed for the 




the same active site residues have differential preferences for similar substrates, such as IAA, 
PAA, and BA, that have distinct physiological roles in the plant.  
 
Figure 2. Visualization of the first half and full reactions of GH3.2, GH3.5, and GH3.11 
with cognate substrates.  
TLC reactions are shown for all three proteins with IAA for GH3.2 and GH3.5 and with JA for 
GH3.11. The first half-reaction is shown as (-), meaning no amino acid was added, whereas the 
full reaction is show in the lanes with a (+), meaning amino acid was added. Acyl-AMP forms 
(marked with a red arrow) in the first half-reaction, while AMP accumulates in the full reaction. 
 
 
To address the question of substrate preference in GH3 proteins, we used a single-turnover 
kinetics approach. The rate of the first half-reaction, k1, was determined for GH3.2, GH3.5, and 
GH3.11 with various acyl acid substrates, including IAA, BA, and PAA for the auxin-using 
enzymes and JA for GH3.11 (Figure 2). In conducting these experiments, we noticed that AMP 
accumulated in the first half-reaction in the absence of amino acid, suggesting that the enzyme 
may be hydrolyzing intermediates that contain non-cognate acyl acids. To understand the 
influence of distal active site residues on substrate specificity, chimeras of GH3.2 and GH3.5, 
which use the same amino acid substrate and use IAA, BA, and PAA to varying extents, were 
generated by swapping the C-terminal domains of the two proteins. Steady state and single-
turnover kinetics for these chimeras showed that both domains are critical for activity and 




important class of plant hormone modifying enzymes and reveals the mechanisms by which the 
enzyme selects a substrate. 
 
METHODS 
Protein Expression and Purification  
AtGH3.2, AtGH3.5, and AtGH3.11 cloning, expression, and purification have been 
described previously (Westfall and Zubieta et al., 2012; Westfall and Sherp et al., 2016). Codon-
optimized AtGH3 N2/C5 and AtGH3 N5/C2 were synthesized (Genewiz) and cloned into the 
pET28a expression vector, which was transformed into E. coli Rosetta2 (DE3) cells (Novagen). 
Cells were cultured in Terrific broth until A600nm 0.6–0.8 was obtained, at which time a final 
concentration of 0.75 mM isopropyl- -D-1-thiogalactopyranoside was added to induce protein 
expression.  After a 16-hour incubation at 16°C, cells were pelleted by centrifugation (5000 x g; 
10 min) and resuspended in lysis buffer (50 mM Tris (pH 8.0), 500 mM NaCl, 20 mM imidazole, 
10% (v/v) glycerol, and 1% (v/v) Tween-20).  Following sonication, cell debris was removed by 
centrifugation (13,000 x g; 45 min). The resulting lysate was passed over a Ni2+-nitrilotriacetic 
acid (Qiagen) column equilibrated in the lysis buffer.  The column was then washed (50 mM Tris 
(pH 8.0), 500 mM NaCl, 20 mM imidazole, and 10% (v/v) glycerol) and bound His-tagged 
protein eluted (50 mM Tris (pH 8.0), 500 mM NaCl, 250 mM imidazole, and 10% (v/v) 
glycerol).  Protein concentration was determined by the Bradford method (Protein Assay, Bio-







Thin-layer Chromatography Assays 
Individual reactions contained 50 mM Tris (pH 8.0), 1 mM MgCl2, 5 µM ATP with 1 µCi of 
[a-32P]ATP, 0.1 mM acyl-acid substrate, and 50 µM protein. The specificities of AtGH3.2, 
AtGH3.5, AtGH3 N2/C5, and AtGH3 N5/C2 were tested with indole-3-acetic acid, benzoic acid, 
and phenylacetic acid, while the specificity of AtGH3.11 was tested with jasmonate. To visualize 
the two half-reactions for these enzymes, 0.8-1 mM acyl-acid substrate, 0.1 mM ATP, 1 µCi of 
[a-32P]ATP, in Tris and MgCl2 were used in the first half-reaction, and 10 mM amino acid 
(glutamate or isoleucine) was added to the reaction buffer for the second half-reaction. Reactions 
were allowed to proceed for 1-2 minutes before they were quenched with formic acid, after 
which 1 µl was spotted onto a cellulose thin-layer chromatography plate, which was developed 
in isobutyrate: ammonium hydroxide:water (66:1:33) (Christensen and Cronan, 2009). TLC 
plates were analyzed by phosphorimaging and quantified using Bio-Rad Quantity One software. 
Reactions were repeated in triplicate, and rate data were determined by fitting the data to a one-
phase decay equation using GraphPad Prism software. 
 
Steady-state Enzyme Assays  
AtGH3 N2/C5 and N5/C2 activities were determined using a coupled assay system with a 
standard reaction buffer of 50 mM Tris (pH 8.0) and 1 mM MgCl2 in a 100 µL reaction volume, 
as previously described (11). Kinetic analysis of acyl acid substrates used ATP (1 mM) and 
aspartate (5 mM) with varied concentrations of acyl acid (0 to 1 mM). Reactions were initiated 
by the addition of the enzyme (10 µg) and were conducted at 25 °C. The data then were fit to the 






Visualization of the First Half-reaction and Full Reaction of GH3s using TLC 
 Despite recent molecular and biochemical investigations of the GH3 family of acyl-acid 
amido synthetases in plants, the basis of substrate specificity in these hormone-conjugating 
proteins remains to be understood. Previous steady state kinetics data suggests that AtGH3.2 is 
specific for indole-3-acetic acid (IAA) while AtGH3.5 does not have a preference for IAA, PAA 
(phenylacetic acid), or BA (benzoic acid) (Westfall and Sherp et al., 2016). While structural 
studies have aided our understanding of the classification of GH3 substrate preference based on 
residues found in the acyl acid binding pocket, the subtleties that differentiate two auxin-using 
GH3s, for example, remain unknown (Westfall and Zubieta et al., 2012). Moreover, the acyl acid 
binding pockets for GH3.2 and GH3.5 are nearly identical, although the catalytic efficiencies 
with different acyl acids vary (Westfall and Sherp et al., 2016).  
 To begin to unravel the mechanisms by which GH3 proteins differentiate among acyl acid 
substrates with similar chemical structures, we first designed and tested a TLC method for 
visualizing the first and second half-reactions of GH3.2, GH3.5, and GH3.11 with their cognate 
substrates (Figure 2). In these reactions, the substrate, [a-32P]ATP, and the enzyme were mixed 
and the reaction was quenched before being spotted on a TLC plate, allowing us to follow the 
formation of a labeled acyl-AMP intermediate after the first half-reaction and the release of 
labeled AMP in the second half-reaction once the amino acid was added to the reaction mixture.  
 
Single-turnover Kinetics for First Half-reaction of AtGH3.2, AtGH3.5, and AtGH3.11





Figure 3. Single turnover kinetics of GH3.2 with IAA, GH3.5 with IAA, and GH3.11 with 
JA.  
Time course reactions are shown (right) for each of the proteins for the first half-reaction for (a) 
GH3.2 with IAA, (b) GH3.5 with IAA, and (c) GH3.11 with JA. Data were quantified to 
calculate the reaction rate (left). 
 
 
half-reaction (k1) of GH3.2, GH3.5, and GH3.11 was measured using single-turnover kinetics 
(Figure 3). In these experiments, GH3.2 and GH3.5 were assayed using IAA, PAA, and BA as 
acyl acid substrates, while GH3.11 was assayed with JA. Single-turnover kinetics were 
determined using a 10:1 molar ratio of enzyme over substrate. Reactions were initiated by the 
addition of enzyme, and data were fit to a first-order exponential curve to determine the k1 for 
each of the three GH3 proteins with each of the acyl acid substrates. GH3.2 forms IAA-AMP, 




formation with GH3.5 is 0.834 min-1 (Table 1). GH3.11 forms JA-AMP at a rate of 1.75 min-1. 
With GH3.5, BA-AMP and PAA-AMP both form at rate of 0.186 min-1, while BA-AMP (1.40 
min-1) forms at a lower rate than PAA-AMP (9.06 min-1) with GH3.2. These rates suggest that 
GH3.2 forms IAA-AMP intermediates faster than PAA-AMP with BA-AMP as the slowest 
reaction of the three substrates. With GH3.5, the rate of IAA-AMP is highest and is 4.6 times 
higher than that of either PAA-AMP or BA-AMP. These results are similar to what would be 
expected based on the steady state kinetics of these enzymes. 
 
Hormone  AtGH3.2 (min-
1) 
AtGH3.5 (min-1) AtGH3.11 (min-
1) 
IAA k1 21.5 ± 2.78 0.834 ± 0.120 -- 
 kAMP 0.042 ± 0.006 0.066 ± 0.012 -- 
BA k1 1.40 ± 0.390 0.186 ± 0.042 -- 
 kAMP 0.072 ± 0.012 0.054 ± 0.006 -- 
PAA k1 9.06 ± 2.12 0.186 ± 0.030 -- 
 kAMP 0.108 ± 0.018 0.042 ± 0.012 -- 
JA k1 -- -- 1.75 ± 0.120 
 kAMP -- -- 0.120 ± 0.006 
Table 1. Single turnover kinetics data for AtGH3.2, AtGH3.5, and AtGH3 N2/C5 for IAA, 
BA, and PAA first half-reactions (n=3).   
k1 is depicted as the k value when an acyl acid-AMP is the product, and kAMP is shown as the k 
value when AMP is the product for each of the acyl acid substrates. 
 
Rates of AMP Accumulation in the First Half-reaction of AtGH3.2, AtGH3.5, and 
AtGH3.11 
In these time course reactions, we noticed that not only was acyl-AMP accumulating over 
time, but AMP was also accumulating in the first half-reaction. We could visualize AMP release 
in the absence of the amino acid, similar to the BioW acyl-coenzyme A synthetase/ligase from 
Bacillus subtillis and the aminoacyl-tRNA synthetases (Yadavalli and Ibba, 2012; Manandhar 




substrates, and a rate of AMP release could be measured for each of the first half-reactions, 
although the rates lagged behind the rates of acyl-AMP formation (Table 1). The rate of AMP 
release was also measured for the cognate substrates in addition to PAA and BA. Interestingly, 
the rates of AMP release (kAMP) vary based on the acyl acid substrate. For GH3.2, the rate of 
AMP release with PAA (0.108 min-1) is about 2 times faster than that of that of the AMP 
released with IAA (0.042 min-1) and 1.5 times that of the AMP released with BA (0.072 min-1). 
The rates of AMP release in the first half-reaction with GH3.5 do not vary as much among the 
acyl acid substrates (0.066, 0.054, and 0.0042 min-1 for IAA, BA, and PAA, respectively). The 
rate of AMP release with GH3.11 and JA is 0.120 min-1. 
 
Steady state Kinetics of Chimeric AtGH3.2 and AtGH3.5  
Despite having differences in catalytic efficiencies with various acyl acid substrates, GH3.2 
and GH3.5 use the same amino acid (aspartate), and all of the residues in their acyl acid binding 
pocket that form the active site are identical (Westfall and Sherp et al., 2016). The residues that 
vary between the two proteins were not in direct contact with a ligand in the AtGH3.5 x-ray 
structure. To ascertain whether or not there is a structural component to the enzyme’s substrate  
promiscuity, chimeric proteins were generated by swapping the N-terminal domain of one GH3 
with the other (Figure 4). The resulting proteins have been named GH3 N2/C5 (N-terminal 
domain of GH3.2 (1-442) and C-terminal domain of GH3.5 (442-605)) and GH3 N5/C2 (1-449; 
450-556). The two domains are connected through a hinge loop region, which is where the site of 
the domain swap was introduced. 
The chimeric proteins were first assayed for activity using steady state kinetics. While GH3 






Figure 4. Characterization of chimeric GH3.2 and GH3.5 proteins.  
The portion of the chimera that is GH3.5 is depicted in gold, and the GH3.2 portion is shown in 
blue. Chimeric GH3 proteins were generated by swapping the N- and C-terminal domains of 
GH3.2 and GH3.5 (a and b). GH3 N2/C5 was active with IAA, IBA, PAA, and BA (c), while 
GH3 N5/C2 was inactive (d). 
 
 
catalytic efficiency (kcat/Km) of 556 M-1s-1 for IAA, 125 M-1s-1 for PAA, and 77 M-1s-1 for BA, 
while AtGH3.5 has a catalytic efficiency of 314 M-1s-1 for IAA, 253 M-1s-1 for PAA, and 338 M-
1s-1 for BA (Westfall and Sherp et al., 2016). The substrate with the highest turnover for both of 
these enzymes is PAA (19.5 min-1 for GH3.2 and 28 min-1 for GH3.5). Unlike these two 
enzymes, the GH3 N2/C5 enzyme has the highest turnover (74 min-1) with BA. The chimeric 
protein has the highest catalytic efficiency with IAA (480 mM-1min-1), followed by PAA (360 
mM-1min-1) (Table 2). Despite the high turnover with BA as a substrate, a high Km value (440 




chimeric enzyme follows the same pattern as GH3.2 for catalytic efficiency, with IAA having the 
highest and BA having the lowest.  
 
Hormone Km (µM) E/Et (nmol 
min-1mg-1) 
kcat (min-1) kcat/Km (mM-
1min-1) 
IAA 54 ± 17 400 ± 53 26 ± 3.5 480 
BA 440 ±68 1100 ± 85 74 ± 5.6 170 
PAA 150 ± 28 800 ± 51 52 ± 3.3 360 
Table 2. Steady state kinetics for GH3 N2/C5.  
Values were determined by fitting the data to the Michaelis-Menten equation (n=3).  
 
Single-turnover Kinetics for GH3 N2/C5 
In the single-turnover kinetics assays, the highest k1 for GH3 N2/C5 is with IAA as a 
substrate (13.3 min-1), followed by PAA (1.59 min-1), and then BA (0.414 min-1) (Table 3). The 
kAMP for the chimera is highest with PAA (0.312 min-1) and lowest with IAA (0.042 min-1), with 
BA in between (0.102 min-1). These results suggest that the chimera is more likely to form IAA-
AMP intermediates than BA- or PAA-AMP intermediates and will degrade PAA-AMP three 
times faster than BA-AMP or about 7.5 times faster than IAA-AMP. 
 
Hormone  k (min-1) 
IAA k1 13.3 ± 2.59 
 kAMP 0.042 ± 0.006 
BA k1 0.414 ± 0.036 
 kAMP 0.102 ± 0.018 
PAA k1 1.59 ± 0.322 
 kAMP 0.312 ± 0.012 
Table 3. Single turnover kinetics data for AtGH3 N2/C5 first half-reactions (n=3).  
k1 is depicted as the k value when an acyl acid-AMP is the product, and kAMP is shown as the k 







GH3 proteins, or acyl acid-amido synthetases, regulate the fluctuations of active hormone 
concentrations within a plant cell using amino acid conjugation to generate either a storage or 
degradation form or an active form of a hormone (Korasick et al., 2013). Many acyl acid plant 
hormones, including the growth hormone indole-3-acetic acid (auxin) and the defense hormone 
jasmonate, are substrates of these proteins. Although most GH3 proteins are specific for a single 
hormone, several of these proteins have relaxed substrate preferences and can use similar acyl 
acids with almost equal catalytic efficiencies (Westfall and Sherp et al., 2016). In the case of 
non-specific GH3 proteins, such as AtGH3.5, the physiological roles of IAA-, PAA-, and BA-
aspartate conjugates may greatly vary, so it seems that the protein either accepts multiple 
substrates as a way of controlling several metabolites simultaneously, or one is preferred over 
another for a more targeted physiological response. Despite intensive studies on the physiology, 
biochemistry, and three-dimensional structures of these proteins, our understanding of the 
mechanisms by which GH3 proteins select a substrate out of the milieu of acyl acids in the cell 
with which to form an amino acid conjugate escapes our current knowledge. 
 After developing a TLC assay to visualize the GH3 first half-reaction and full reaction, we 
addressed the question of substrate preference using single-turnover kinetics experiments. These 
reactions measure the rate (k1) of the first half-reaction of two auxin-using GH3s (GH3.2 and 
GH3.5) with a panel of substrates that included IAA, PAA, and BA. The data show that 
AtGH3.2 forms the cognate IAA-AMP intermediate at a rate much higher than with BA or PAA 
as acyl acid substrates with a ratio of about 20:9:1 for IAA:PAA:BA (Table 1). From a 
physiological standpoint, it does make sense that the enzyme may have evolved the ability to 




receptor that IAA bounds and can regulate the same genes as free IAA (Sugawara et al., 2015). 
The physiological roles of PAA-aspartate conjugates are not well understood in plants. 
 For AtGH3.5, a generalist enzyme based on steady state kinetics, the reaction rates were 
much slower than those of AtGH3.2, but nonetheless there was a clear difference among the acyl 
acid substrates (Table 1). IAA-AMP intermediates were formed at a rate that was about four 
times that of the rate of BA- or PAA-AMP intermediates. It seems that the enzyme does have 
clear preference for IAA as the acyl acid hormone substrate. 
 To our surprise, we noticed an accumulation of AMP in the first half-reaction for these 
proteins with these substrates in the absence of the amino acid (Figure 3; Table 1). In searching 
the literature, we found that others have reported similar findings with adenylating enzymes, 
including an example in a bacterial enzyme in biotin biosynthesis (Manandhar and Cronan, 
2013). In this bacterial enzyme, pimeloyl-coenzyme A (CoA) ligase (BioW) from Bacillus 
subtilis, there was an accumulation of AMP in the absence of the final product synthesis when a 
non-cognate substrate was assayed with the enzyme. In both BioW and the GH3 proteins, the 
adenylate intermediate is synthesized and then cleaved into free acyl acid and AMP, which is 
considered to be a means of enzymatic proofreading to prevent non-cognate substrates from 
going through the complete reaction. The classic example of AMP accumulation with non-
cognate substrates, a hallmark for enzymatic editing (proofreading), is by tRNA synthetases 
(Martinis and Bonlecki, 2010; Yadavalli and Ibba, 2012).  
 We were able to calculate the rate of AMP accumulation in the first half-reaction of all of the 
GH3 proteins analyzed in this study (Table 1). For AtGH3.2, kAMP is highest with PAA with a 
ratio of approximately 11:7:4 for PAA: BA: IAA, respectively (Table 1). The ratio of the rates of 




IAA, respectively. Despite the rate of AMP accumulation being highest for IAA with GH3.5, 
there is more IAA-AMP being made compared to the degradation of the intermediate. For every 
roughly 13 IAA-AMP molecules that are formed, one will be degraded; whereas with BA and 
PAA about one in every four or five acyl-AMP molecules will be degraded to free acyl acid and 
AMP. This suggests that despite the generalist nature of this enzyme in steady state kinetics 
assays, GH3.5 does prefer IAA as its cognate substrate. 
 Ultimately, this data led us to ask whether the acyl acid intermediate is hydrolyzed in the 
active site of the enzyme or in solution. We do know that there is an enzymatic component 
because we are able to calculate rates for acyl-AMP hydrolysis (Table 1). There are, however, 
two possible scenarios. One is that the enzyme is able to hydrolyze the substrate using reactive 
residues, such as arginine(s) in the case of BioW, in the active site, and the free acyl acid and 
AMP then diffuses away from the enzyme’s active site (Estrada et al., 2017). An alternative 
hypothesis is that when a non-cognate substrate binds, the enzyme is unable to close, keeping the 
active site open for the adenylate to be released into solution where the acyl-AMP bond would be 
cleaved by a hydroxide ion (Manandhar and Cronan, 2013). When the cognate substrate does 
bind, the enzyme closes and awaits the amino acid substrate for the transferase reaction to occur. 
Based on structural studies of the GH3 family of proteins, it is unlikely that there is a specific 
proofreading domain, as is the case for many of the tRNA synthetases (Martinis and Bonlecki, 
2010; Yadavalli and Ibba, 2012); instead, it is more likely that the enzyme edits for fidelity in the 
absence of such a domain. 
 To understand the structural component to pre-transfer substrate proofreading, we generated 
chimeras of two GH3s that used similar acyl acid substrates and the same amino acid substrate, 




exactly conserved, distal active site residues vary, and the C-terminal domain of GH3.5 is larger 
than that of GH3.2 (Westfall and Sherp et al., 2016). The GH3 N5/C2 enzyme was inactive in 
steady state and single-turnover assays, which suggests either that the smaller C-terminal domain 
of GH3.2 is insufficient for activity with the N-terminal domain of GH3.5 or that the active site 
of the enzyme did not form properly (Table 2). GH3 N2/C5, however, was active in both steady 
state and single-turnover assays. Based on the Michaelis-Menten kinetics, the enzyme functioned 
similarly to GH3.2 with IAA as the preferred substrate, followed by PAA (Table 2). The 
chimeric protein actually has a higher turnover with IAA (26 min-1) than either of the native 
enzymes from which it was generated (15 min-1 for AtGH3.5 and 17 min-1 for AtGH3.2) 
(Westfall and Sherp et al., 2016). These results were confirmed with single-turnover experiments 
that showed a 32:4:1 ratio of the k1 for IAA: PAA: BA substrates, respectively (Table 3). Similar 
to the native enzymes, kAMP could be measured for all three substrates in the first half-reaction 
with a ratio of about 7:2:1 for PAA-AMP: BA-AMP: IAA-AMP formed, also similar to GH3.2.  
Although the single-turnover kinetics suggest that IAA is a preferred substrate for the auxin-
using GH3s assayed here, the enzymes were able to form PAA and BA conjugates. In the plant 
cell, there is likely a flux of concentration of these hormone metabolites depending on many 
biotic and abiotic factors, and thus at higher concentrations, these molecules could outcompete 
IAA for binding auxin-using GH3s. Still, the physiological roles of PAA- and BA-conjugates 
remain to be investigated (Chong et al., 2001). 
 Taken together, our data suggests that the GH3 family of acyl acid amido synthetases in 
plants are able to proofread substrates in the first half-reaction to ensure hormone substrate 
fidelity (Figure 5). The work of others has shown that movement of the C-terminal domain in 




2012; Round et al., 2013). It is clear that substrates bind the enzyme in the open conformation, 
and the transfer reaction takes place in the second half-reaction when the enzyme is in a closed 
conformation. The enzyme then reopens to release the conjugate and bind more substrates. Based 
on data generated here, the pivoting of the C-terminal domain to conform to the closed state  
 
Figure 5. GH3 reaction mechanism, including proofreading of adenylated intermediates.  
In the first half-reaction, the acyl acid hormone is adenylated; if the adenylated intermediate is 
non-cognate, the intermediate is hydrolyzed to AMP and acyl acid (kAMP).  
 
occurs more quickly when the cognate substrate binds and is adenylated. When non-cognate 
substrates bind, the pivoting, or closing, of the active site is delayed, and the adenylated 
intermediate is degraded. This opening and closing of the enzyme allows for the enzyme to 
proofread substrates before the transfer reaction to ensure the fidelity of the reaction, which 
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 As a way of modulating chemicals in response to a developmental or environmental cue, 
plants have GH3 proteins that conjugate an amino acid onto a plant hormone to regulate its 
concentration and downstream transcriptional responses. There are 19 GH3 proteins in the model 
plant Arabidopsis, but only 9 of those proteins have confirmed substrates. One clade of GH3 
proteins is predicted to use benzoate as substrate and includes AtGH3.7 and AtGH3.12. 
Previously, AtGH3.12 was identififed as a 4-hydroxybenzoic acid-glutamate synthetase and was 
found to influence pathogen defense responses through the plant defense hormone salicylic acid. 
Here, we screened 15 plant hormones with 20 amino acids to find that AtGH3.7 is a chorismate-
cysteine synthetase. Rescreening of AtGH3.12 found that it too uses chorismate and functions as 
a chorismate-glutamate synthetase. These results were confirmed using a combination of x-ray 
crystallography, site-directed mutagenesis, single-turnover kinetics, and mass spectrometry. 
Because chorismate is a precursor to the three aromatic amino acids in plants and a precursor to 
salicylic acid, these proteins are modulating the concentration of a pathway intermediate. 
Interestingly, gh3.7 mutants did not have the same pathogen susceptibility phenotype as gh3.12 
mutants, but the gh3.7/gh3.12 double mutant was more susceptible to pathogen infection than 
gh3.12 alone. This study reveals how GH3 proteins, which traditionally regulate plant hormones, 















 As sessile organisms, plants have adapted and evolved a number of chemicals to respond to 
the world around them (Santer et al., 2009). By modifying common growth and defense 
hormones, plants are able to activate or inactivate hormone molecules rapidly in response to 
environmental cues (Westfall et al., 2013; Korasick et al., 2013). One family of hormone 
modifying enzymes is the GH3 family of acyl acid amido synthetases, an enzyme family 
responsible for conjugating amino acids to acyl acids, notably the plant hormones indole-3-acetic 
acid and jasmonate, to alter the plants’ physiology (Hagen and Guilfoyle, 1985; Westfall et al., 
2013). In some cases, the amino acid-conjugated hormone is a storage or degradation form of the 
molecule, but in other cases, the conjugate is the active form of the molecule that binds the 
hormone receptor (Feys et al., 1994; Xie et al., 1998; LeClere et al., 2002). 
 While GH3 proteins are found in all plants, the roles of many of these proteins remains to be 
investigated. In Arabidopsis, there are 19 GH3 proteins, and to date, only 8 of these have been 
biochemically characterized and have an identified substrate—GH3.1, GH3.2, GH3.3, GH3.5, 
GH3.11, GH3.12, GH3.15, and GH3.17 (Staswick et al., 2002; Staswick et al., 2005; Westfall 
and Zubieta et al., 2012; Westfall and Sherp et al., 2016; Sherp et al., 2018). Using the x-ray 
crystal structures of AtGH3.11 and AtGH3.12, the acyl acid substrate binding pocket was 
compared to determine the active site residues across all GH3 proteins (Westfall and Zubieta et 
al., 2012). With this information, the function of a given GH3 protein can be predicted based on 
the known function of GH3 proteins within that clade.  
 The largest clade of GH3 proteins are predicted to use the auxin indole-3-acetic acid, and the 
well-characterized AtGH3.1, AtGH3.2, AtGH3.5, and AtGH3.17 fall into this clade (Westfall 




isoleucine synthetase, and it is predicted that other proteins in this family also use jasmonate as 
an acyl acid substrate. Interestingly, AtGH3.15 was recently found to use a hormone precursor, 
indole-3-butyric acid, as a substrate, suggesting a role for GH3 proteins outside of the canonical 
plant hormones (Sherp et al., 2018). 
Another clade of GH3 proteins with a characterized homolog is Brassicaceae-specific and 
has two members in Arabidopsis—AtGH3.7 and AtGH3.12 (Westfall and Zubieta et al., 2012). 
AtGH3.12 was identified in a mutant screen, named pbs3-1 (avrPphB susceptible 3) (Warren et 
al., 1999), for increased susceptibility to both avirulent and virulent Pseudomonas syringae 
strains and was previously found to conjugate 4-hydroxybenzoic acid to glutamate (Okrent et al., 
2009) These knockout plants were deficient in the biosynthesis of salicylate (SA), a plant 
pathogen defense hormone, and showed decreased accumulation of pathogen responsive gene 
transcripts and SA-glucosides (SAG) after infection (Jagadeeswaran et al., 2007; Nobuta et al., 
2007; Okrent et al., 2009). While SA biosynthesis is predicted to occur in the chloroplast 
(Wildermuth et al., 2001; Strawn et al., 2007; Garcion et al., 2008), SAG can be actively 
transported to the vacuole where it presumably functions as a storage form of SA (Dean and 
Mills, 2004; Dean et al., 2005; Hennig et al., 1993). Interestingly, treatment of pbs3-1 plants with 
exogenous SA leads to normal induction of PR transcripts and SA-glucosides after infection and 
the SA treated pbs3-1 plants are as resistant to P. syringae infection as wild-type (Nobuta et al., 
2007). From this, it is believed that PBS3 must work upstream of SA, maybe in the SA 
biosynthesis pathway. AtGH3.7 has escaped in vivo and biochemical characterization.  
SA can be synthesized via two routes in plants, both of which use the aromatic amino acid 
branchpoint metabolite chorismate as a precursor (Vlot et al., 2009). In one pathway, the 




intermediates or coumaric acid (Mauch-Mani et al., 1996). The second pathway converts 
chorismate into SA using two enzymes—isochorismate synthase and a predicted, but 
unidentified, isochorismate pyruvate lyase (Serino et al., 1995; Wildermuth et al., 2001). There 
are two isochorismate synthase genes in Arabidopsis, but the ics1/ics2 double mutant line still 
contains SA, suggesting that this pathway is not the only source of SA in plants (Garcion et al., 
2008).  
Here, we were interested in identifying an acyl acid substrate for AtGH3.7 and determining if 
it played a redundant role in planta. Along the way, we identified the substrate for AtGH3.7 and 
found that it was also the most logical substrate for AtGH3.12. Using a combination of steady-
state kinetics, single-turnover kinetics, x-ray crystallography, and mass spectrometry, AtGH3.12 
was determined to be a chorismate-glutamate synthetase, while AtGH3.7 is a chorismate-
cysteine synthetase. The in vivo role of AtGH3.7 was analyzed through Pseudomonas syringae 
pv. tomato DC3000 infection assays, and a double mutant Arabidopsis line was also generated to 
determine the combined role of this unique class of chorismate-conjugating GH3 proteins in the 
Brassicaceae family.  
 
METHODS 
Protein Expression and Purification 
The pET-28a:AtGH3.12 construct was used from previous work (Westfall and Zubieta et al., 
2012), and codon-optimized pET-28a:AtGH3.7 was ordered from Genewiz. pET-28a:AtGH3.12 
and pET28a:AtGH3.7 were transformed into the Rosetta2 (DE3) cells (Novagen), and protein 
expression was induced with 1 mM isopropyl β-D-1-thiogalactopyranoside for 15-18 hours at 




(Qiagen) column equilibrated in the lysis buffer (50 mM Tris (pH 8.0), 500 mM NaCl, 20 mM 
imidazole, 10% glycerol, and 1% Tween-20). The column was then washed with 50 mM Tris 
(pH 8.0), 500 mM NaCl, 20 mM imidazole, and 10% glycerol, and bound His-tagged protein 
was eluted with wash buffer containing 250 mM imidazole. Protein concentration was 
determined by the Bradford method (Bio-Rad) with bovine serum albumin as standard. For 
crystallography, GH3.12 was then further purified by size-exclusion chromatography using a 
Superdex-75 26/60 HiLoad ÄKTA FPLC size-exclusion column (GE Healthcare) equilibrated 
with 50 mM Tris (pH 8.0) and 100 mM NaCl. Mutants were either from previous work or 




Activity assays were performed using an enzyme coupled system containing 10 units of 
myokinase, pyruvate kinase, and lactate dehydrogenase, 1 mM phosphoenolpyruvate, and 1 mM 
NADH which couples AMP generation to conversion of NADH to NAD+, which leads to a 
decrease in absorbance at 340 nm (Chen et al., 2010). Reaction mixtures contain ATP (2 mM), 
MgCl2 (2 mM), amino acid (0-10 mM), and purified AtGH3.12 (1 µg) or AtGH3.7 (10 µg). For 
determination of kinetic parameters, reactions were performed with 4-hydroxybenzoic acid or 
chorismate varied from 10-1,000 µM. All data were fit to the Michaelis-Menten equation using 
GraphPad Prism. Inhibition of GH3.7 and GH3.12 was analyzed using 10 µg of protein with 1 
mM chorismate and 10 mM amino acid (glutamate or cysteine for GH3.12 or GH3.7, 
respectively) in the presence of varied (0-10 mM) salicylic acid. IC50 values were determined by 




If is the inhibitor concentration, in GraphPad Prism.  
 
Pyrophosphate Release Assays  
Adenylation assays were performed using the pyrophosphate reagent to couple 
pyrophosphate release to NADH depletion, with ATP (2 mM), MgCl2 (2 mM), and purified 
AtGH3.12 (30 µg) with either 4-hydroxybenzoic acid or chorismate (1 mM) in the absence or 
presence of glutamate (10 mM). Assays were performed at 25 °C and were initiated by the 
addition of enzyme. 
 
Mass Spectrometry 
Reaction assays were performed at 25 °C with 1 mM ATP, 1 mM MgCl2, 1 mM chorismate, 
5 mM glutamate, 50 mM Tris pH 8.0, and 100 µg recombinant AtGH3.12 in 500 µL. Control 
reactions without AtGH3.12 were also performed. Reactions were quenched with 50% 
acetonitrile and 0.1% acetic acid. Samples were run through LC-MS/MS as previously described 
(Chen et al., 2009).  
 
X-ray Crystallography 
Crystals of AtGH3.12 in complex with AMP and chorismate were grown by the vapor 
diffusion method in hanging drops of a 1:1 mixture of protein (15 mg/mL) and crystallization 
buffer (15% PEG-3350, 0.25 M ammonium acetate, 100 mM sodium acetate pH 4.4, 5 mM 
tris(2-carboxyethyl)phosphine, 5 mM MgCl2, 10 mM chorismate, and 4 mM AMP). Crystals 
were flash frozen with mother liquor supplemented with 30% PEG-3350 as a cryoprotectant. 




scaled with XSCALE (Kabsch, 2010; Sheldrick, 2008). Molecular replacement was performed 
with Phaser using the previously solved AtGH3.12 structure (PDB: 4EQL) for the search model 
(de la Fortelle and Bricogne, 1997; Westfall and Zubieta et al., 2012). Structures were refined 
with Buster, and manual model building was done in COOT (Blanc et al., 2004; Emsley and 
Cowtan, 2004). Data collection and refinement statistics are shown in Table 1. 
 
Rapid Chemical-Quench Kinetics of AtGH3.12 
Single-turnover measurements were performed to determine k1 of the AtGH3.12 reaction 
using a rapid chemical-quench flow instrument (RQF-3, KinTek Instruments, University Park, 
PA) at saturating substrate concentrations (1 mM MgCl2, 1 mM chorismate or 4-hydroxybenzoic 
acid) with the same conditions as in the steady state reaction. The temperature was maintained at 
25 °C, and a molar ratio of AtGH3.12 to ATP, including 1 µCi of [a-32P]ATP, was maintained at 
5:1 for the reactions. The enzyme and its substrates were rapidly mixed from two sample loops 
(20 µL) into a reaction loop of specified dimensions based on the time of the reaction. Reactions 
were quenched with formic acid, after which 1 µl was spotted onto a cellulose thin-layer 
chromatography plate and was developed in isobutyrate: ammonium hydroxide:water (66:1:33) 
(Christensen and Cronan, 2009). TLC plates were analyzed by phosphorimaging and quantified 
using Bio-Rad Quantity One software. Reactions were repeated in triplicate, and rate data were 
determined by fitting the data to a one-phase decay equation using GraphPad Prism software. 
 
Plant and pathogen materials and growth conditions  
All Arabidopsis thaliana transgenic lines and mutants used in this study were in the Col-0 




Plants were grown on soil in a growth chamber with a short-day photoperiod (8 h light/16 h 
dark) at 21 ̊C with a relative humidity of 75% and a light intensity of ~ 130 µEinsteins sec-1 m-1. 
Pseudomonas syringae strain DC3000 (Cuppels, 1986) were grown on Nutrient Yeast Glycerol 
Medium (NYG) at 28 ̊C (Daniels et al., 1984). The gh3.7/gh3.12 double mutant was generated 
using gh3.7 SALK_106726 and gh3.12 SALK_018225C lines as parents in the crosses (Alonso 
et al., 2003; ABRC). To confirm the phenotype of gh3.7, the SAIL_755_E09 line was also used 
in plant infection experiments. 
 
P. syringae inoculation and quantification of bacterial growth  
Five-week old A. thaliana plants were infected by syringe infiltrations using a solution 
containing 105 cells mL-1 in 10 mM MgCl2 and a 1-mL needleless syringe. To quantify bacterial 
growth in the plant, whole leaves were sampled at days zero, two, and four post-inoculation, 
weighed to determine leaf mass (mg), ground in 10 mM MgCl2, and then plated in serial 
dilutions on NYG media supplemented with rifampicin. Between four and six leaves were 
sampled per treatment.  
 
RESULTS 
AtGH3.7 is a chorismate-cysteine synthetase 
Prior to this study, AtGH3.7 had escaped biochemical or genetic investigation, while GH3.12 
had been determined to play a role in pathogen defense (Jagadeeswaran et al., 2007; Nobuta et 
al., 2007). To screen GH3.7 for activity, a previously published coupled assay was used to 
measure AMP release in the second half-reaction (Westfall and Zubieta et al., 2012).  




all 20 amino acids: 4-hydroxybenzoic acid, benzoic acid, indole-3-acetic acid, phenylacetic acid, 
salicylic acid, indole-3-butyric acid, gibberilic acid, abscisic acid, anthranilate, shikimate, 
chorismate, prephenate, 4-hydroxyphenylpyruvate, t-cinnamate, and p-coumarate (Figure 1a). 
Surprisingly, chorismate had the highest activity, while none of the other substrates showed 
activity (Table 1). Of the 20 amino acids, cysteine, serine, and glutamine had the highest 
activity, but further analysis by Michaelis-Menten kinetics showed that the preferred amino acid 
substrate is cysteine (Figure 1b). Serine and glutamine kinetics were linear to 10mM, suggesting 
that they have a low binding affinity and are not physiologically relevant substrates. Cysteine has 
a Km value of 8.4 mM, while chorismate has a Km value of 280 uM with cysteine as the amino 
acid substrate and a catalytic efficiency of 2600 M-1 sec-1(Table 1). 
Substrates 
(varied, constant) Km (mM) kcat (min-1) 
kcat/Km 
(M-1 sec-1) 
Chorismate, Cys 0.28 ± 0.06 45 ± 4.1 2600  
Chorismate, Ser 0.23 ± 0.06 19 ± 2.0 1300  
Chorismate, Gln 0.08 ± 0.03 8.4 ± 0.87 1700  
Cys, Chorismate 8.4 ± 1.4 55 ± 5.1 110  
Ser, Chorismate >10 -- --  
Gln, Chorismate 
 >>10 -- -- 
ATP, Chorismate & 
Cys 0.3 ± 0.5 37 ± 1.6 2000  
Table 1. Summary of steady-state kinetics of AtGH3.7.  
Assays were performed and kinetic parameters determined as described in the Methods. Values 
are averages ± SD (n = 3).  
 
 
Kinetic reevaluation of AtGH3.12 reveals it is a chorismate-glutamate synthetase 
AtGH3.12 had been identified as a 4-hydroxybenzoic acid-glutamate synthetase using an 






Figure 1. AtGH3.7 is a chorismate-cysteine synthetase. 
(a) GH3.7 was screened with 1 mM of each of 15 benzoate precursors, benzoates, and plant 
hormones with 10 mM each of all 20 amino acids to identify the acyl acid substrate and amino 
acid substrate pair. The highest activity of all was with chorismate and cysteine, so the cysteine 
kinetics for all 15 substrates is shown. (b) Knowing the acyl acid substrate led us to screen all 20 
amino acids in triplicate with 1 mM chorismate. Cysteine still had the highest activity, followed 
by serine, and glutamate. Abbreviations: 4-HBA (4-hydroxybenzoic acid), PAA (phenylacetic 
acid), SA (salicylic acid), BA (benzoic acid), 4-HPP (4-hydroxyphenylpyruvate), IAA (indole-3-











































































































 (Okrent et al., 2009). We now know that this first half-reaction is likely the limiting step in 
catalysis and is not a true estimate of the kinetic parameters of the enzyme (Holland and Jez, 
Chapter 5). To reexamine AtGH3.12 substrate specificity, recombinantly purified AtGH3.12 was 
used to determine the kinetic parameters for 4-hydroxybenzoic acid and chorismate. Kinetic 
analysis revealed similar Km values for 4-hydroxybenzoic acid (270 µM) and chorismate (170 
µM) but the kcat for chorismate is ~10-fold higher than 4-hydroxybenzoic acid (43 ± 3 min-1 and 
4.5 ± .4 min-1, respectively) (Table 2). This leads to chorismate having a ~20-fold higher 
catalytic efficiency (kcat/Km) than 4-hydroxybenzoic acid (4200 M-1 sec-1 and 280 M-1 sec-1, 
respectively).  
Substrates 
(varied, constant) Km (mM) kcat (min-1) 
kcat/Km 
(M-1 sec-1) 
4-HBA, Glu 0.27 ± 0.05 4.5 ± 0.4 280  
Chorismate, Glu 0.17 ± 0.03 43 ± 3.0 4200  
Glu, Chorismate 3.1 ± 0.52 220 ± 14 1200  
Table 2. Summary of steady-state kinetics of AtGH3.12.  
Assays were performed and kinetic parameters determined as described in the Methods. Values 
are averages ± SD (n = 3). 4-HBA= 4-hydroxybenzoic acid. 
 
 
For good measure, all 20 amino acids were rescreened with chorismate as the acyl acid 
substrate to ensure that glutamate was indeed the correct amino acid substrate. Glutamate had the 
highest specific activity (2400 nmol min-1 mg-1), and was 4.5-fold higher than the second highest 
specific activity (leucine; 520 nmol min-1 mg-1) (Figure 2). Glutamate had a Km value of 3.1 
mM with chorismate but was linear to 10 mM with 4-hydroxybenzoic acid as the acyl acid 
substrate.  
The true substrate of AtGH3.12 was missed in previously published results because the assay 




adenylation assay showed lower activity with chorismate than with 4-hydroxybenzoic acid 
(Okrent et al., 2009). To understand the failure of the adenylation assay in detecting the 
chorismate activity, we repeated the assay in the absence or presence of glutamate. Using this 
 
Figure 2. AtGH3.12 is a chorismate-glutamate synthetase.  




assay in the absence of amino acid, AtGH3.12 shows much higher activity with 4-
hydroxybenzoic acid than with chorismate (120 ± 4 nmoles min-1 mg-1 and 24 ± 1.2 nmoles min-1 
mg-1  , respectively). If glutamate is added to the reaction mixture, the 4-hydroxybenzoic acid rate 
has a modest increase, 140 ± 1.5 nmoles min-1 mg-1, but the rate with chorismate increases 
drastically in the presence of glutamate, ~35-fold to 620 ± 14 nmoles min-1 mg-1 (Figure 3). 
 Formation of the chorismate-glutamate conjugates were confirmed by LC-MS/MS after 
the assay was quenched. Indeed, a peak with a m/z of 372.1 was observed when AtGH3.12 was 































Figure 3. Adenylation activity of AtGH3.12.  
The adenylation rate was measured with either 4-hydroxybenzoic (4-HBA) acid or chorismate in 
the absence or presence of glutamate. While glutamate has minimal effect on the adenylation rate 
of 4-hydroxybenzoic acid, glutamate leads to a large increase in the adenylation rate of 




Figure 4. Mass spectra of chorismate-glutamate.  
Reaction mixture of 1 mM chorismate, 1 mM ATP, and 5 mM glutamate with 100 µg AtGH3.12 





so it may be that the low pH of the method protonated the amide nitrogen to give the resulting 
m/z (Figure 4). 
To confirm the differences in rates in the first half reaction (k1), single-turnover kinetics 
using rapid chemical quenching was used. In this assay, the substrates were separate from the 
protein and were rapidly mixed before being quenched at a specified timepoint, for a total of 10 
timepoints. The ratio of acyl-AMP formed to total adenosine moieties (AMP, ATP, and acyl-
AMP) were plotted over time to generate the single-turnover rates with both chorismate and 4-
hydroxybenzoic acid (Figure 5). The k1 is 0.062 sec-1 when 4-hydroxybenzoic acid is the 
substrate and is 0.989 sec-1 when chorismate is the substrate. This confirms what was seen in the 
pyrophosphate release assay where about 16 molecules of 4-hydroxybenzoic acid are adenylated 
to every one chorismate adenylate that is formed. However, in the full reaction, the turnover rate 
with chorismate and glutamate is 10 times higher (43 min-1) compared to that of 4-
hydroxybenzoic acid and glutamate (4.5 min-1). 
 
  
Figure 5. Single-turnover kinetics of the first half-reaction of GH3.12. 
The left panel shows the rate of the first half-reaction with 4-hydroxybenzoic acid as the acyl 
acid substrate, and the left panel shows the rate of the first half-reaction with chorismate as a 
substrate (n=3). 
 




































k1 = 0.062 s
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Salicylic acid inhibits formation of both chorismate conjugates 
Previously published GH3.12 kinetic data showed that SA was a competitive inhibitor in the 
reaction with 4-hydroxybenzoic acid (Okrent et al., 2009). With the new data showing that 4-
hydroxybenzoic acid is not the preferred substrate of GH3.12, we wanted to confirm that the 
reaction was still inhibited with by SA when chorismate was the acyl acid substrate. As 
expected, SA also inhibits AtGH3.12 when forming chorismate-glutamate, with an IC50 of 7 µM, 
which is similar to what was found previously with 4-hydroxybenzoic acid (IC50 = 15 µM) 
(Table 3). 
Because chorismate is a precursor to SA and GH3.7 also uses chorismate as a substrate, we 
hypothesized that chorismate-cysteine conjugate formation by GH3.7 would also be inhibited by 
SA. SA is an inhibitor of GH3.7 too, but to a lesser degree. The IC50 value is 2.4 mM, which is 
340-fold higher than the IC50 value of SA for GH3.12 with chorismate as an acyl acid substrate. 
This suggests that GH3.7 has relaxed SA inhibition compared to GH3.12 and is only effected by 
SA at higher concentrations. 
 
Table 3. Summary of AtGH3.7 and AtGH3.12 inhibition kineticts with salicylic acid. 
Assays were performed and kinetic parameters determined as described in the Methods. Values 
are averages ± SD (n = 3). 4-HBA= 4-hydroxybenzoic acid.  
 
 
Structural analysis of AtGH3.12 co-crystalized with chorismate in the active site 
Prior to this study, three-dimensional x-ray crystal structures of AtGH3.12 had been solved 
in complex with AMP and with AMP and SA (PDB: 4EQL) (Westfall and Zubieta et al., 2012). 
Interestingly, the active site pocket seemed much larger than SA and had a shape more similar to 
Protein, Substrate IC50 (µM) 
GH3.12, Chorismate 7 ± 1.4 




that of chorismate (Okrent et al., 2009; Westfall and Zubieta et al., 2012). To gain an 
understanding of how chorismate fits in the acyl acid binding pocket of AtGH3.12, the 1.94 Å 
structure was solved with chorismate and AMP (Table 4). The overall structure was the same as 
the previously solved structures in the closed conformation (Figure 6). Clear electron density for 
AMP shows that the adenylate binding site remains unchanged (Figure 7). 
 
Figure 6. Active site of AtGH3.12 with chorismate and AMP bound. 
Chorismate (green) and AMP (purple) are shown interacting with key active site residues. 
 
 
Chorismate was bound in the structure with low electron density (Figure 7); however, the 
molecule was found in the same area as SA in the previous structures. The low electron density 
is likely due to low occupancy, high B-factors, or the inherent propensity of chorismate to 
degrade. Compared to other hormones or hormone analogues that have been co-crystalized with 
GH3 proteins, including jasmonyl-isoleucine, a non-hydrolyzable IAA-AMP analogue, SA, and 
IAA, chorismate contains many polar and charged side chains (Westfall and Zubieta et al., 2012; 
Round et al., 2013; Westfall and Sherp et al., 2016). Chorismate contains two carboxylate 
moieties, one of which binds deep in the pocket. 
In the GH3.12 acyl-binding site, chorismate is oriented so that the carboxylate off of the ring 




carboxylate is likely the position where the adenylation and subsequent amino acid transfer 
occurs. In the structure, this carboxylate forms charge-charge interactions with the terminal side 
chain nitrogen of Arg123; the molecule is further stabilized by hydrogen bonding interactions 
with Tyr120 and a water molecule. The hydrophobic residue Ile217 is positioned below the 
 
Figure 7. Electron density for chorismate (left) and AMP (right) in the AtGH3.12 active site 
using 2Fo-Fc maps contoured to 1.0 s. 
 
 
chorismate ring and fits into the ring pucker.  The distal chorismate carboxylate is forms charge-
charge interactions with Arg213 and hydrogen bonding interactions with Tyr181.  
Although it does not directly interact with chorismate, Tyr178 forms charge-charge 
interactions with the side chain nitrogens of Arg123 to position it to interact with the ring 
carboxylate of chorismate. While the ring carboxylate of chorismate is 11 Å away from the AMP 
ɑ-phosphate, chorismate is more likely to bind the enzyme when Mg-ATP is bound. All residues 
that were found to be critical in chorismate binding in the AtGH3.12 structure (Y120, R123, 








Table 4. Summary of AtGH3.12·AMP·Chorismate crystallographic statistics. 
 
Site-directed Mutant Analysis 
 To gain a better understanding of the role of active site residues in chorismate binding and 
catalysis, several site-directed mutants that were previously generated were re-analyzed with 
chorismate, including Y112F, Y120F, R123K, V159A, T161S, I217A, and F218Y (Table 5). 
Removing the hydrogen bond from the tyrosine hydroxyl increased the Km (290 µM) while 
maintaining wild-type levels of turnover, and the other residue that interacts with the chorismate 




mutated to a lysine, which ultimately decreased the catalytic efficiency 4.6-fold (900 M-1sec-1). 
The isoleucine (I217) that interacts with the chorismate ring was mutated to a smaller 
hydrophobic residue, alanine, which decreased the catalytic efficiency of the enzyme nearly 50-
fold (86 M-1sec-1) due to the high Km value (1100 µM) and low turnover rate (9.2 min-1). 
 With chorismate bound in the structure, several residues that were not previously analyzed 
emerged as being important for substrate binding and catalysis. At the distal carboxylate of 
chorismate, the two tyrosines (Y178 and Y181) were individually mutated to phenylalanines. 
The Y178F mutation, which removes the charge-charge interaction with Arg213, is inactive even 
though it does not directly contact the ligand in the structure. The Y181F mutant is active but has 
an increased Km value (500 µM) and turnover (74 min-1). Finally, the R213K mutant is inactive 
too, suggesting that the combination of both Tyr178 and Arg213 are critical for both chorismate 
binding and catalysis. 
Mutant Km (mM) kcat (min-1) 
kcat/Km 
(M-1 sec-1) 
Y112F 0.29 ± 0.03 42 ± 2 2400 ± 
Y120F 2.3 ± 0.45 27 ± 4 200 ± 
R123K 1.3 ± 0.10 70 ± 5 900 ± 
V159A 0.24 ± 0.04 69 ± 4 4800 ± 
T161S 0.28 ± 0.04 28 ± 1 1700 ± 
Y178F -- -- -- 
Y181F 0.50 ± 0.01 74 ± 7 2500 ± 
R213K -- -- -- 
I217A 1.1 ± 0.16 9.2 ± 0.5 86 ± 
F218Y 0.65 ± 0.09 9.2 ± 0.5 240 ± 
Table 5. Summary of steady-state AtGH3.12 mutant kineticts with chorimsate.  
Assays were performed and kinetic parameters determined as described in the Methods. Values 





Arabidopsis gh3.7 mutants show wild-type pathogen response when infected with 
PstDC3000 
 Because GH3.7 and GH3.12 use the same acyl acid substrate, we hypothesized that the two 
proteins could have redundant functions in planta. Previous physiological investigations of 
gh3.12 (or pbs3) mutants showed that the gene was involved in pathogen defense, and the 
knockout showed enhanced disease susceptibility to virulent and avirulent strains of 
Pseudomonas syringae pv. DC3000 (PstDC3000) (Warren et al., 1999). Also, gh3.12 mutants 
are compromised in pathogen-induced SAG (SA-O-b-glucoside) accumulation, and this 
accumulation could be restored by exogenous application of SA, which also enhanced resistant 
to virulent DC3000 (Nobuta et al., 2007). 
 
Figure 8. Arabidopsis gh3.7-1 does not have a pathogen infection phenotype. 
Leaves from infected plants were sampled 0, 2, and 4 days post-inoculation for quantifying 
Pseudomonas syrinagae pv. tomato DC3000 growth in the tissue (CFUs/mg leaf). This graph 
depicts three biological replicates with 4-6 leaves per replicate per genotype. Statistical analyses 
were conducted using Tukey’s multiple comparisons test. * represents a p-value of < 0.05, and 






Here we infected gh3.7-1 mutants by leaf syringe infiltration with wild-type PstDC3000 and 
found no statistically significant difference between wild-type and mutant plants (Figure 8). The 
isochorismate synthase mutant, sid2-2, was included as a positive control because it shows 
enhanced disease symptoms and is more susceptible to pathogen infection (Wildermuth et al., 
2001). This confirmed that GH3.7 has a different role than GH3.12 than in aerial defense against 
pathogens. There was no visible growth phenotype in the gh3.7-1 plants compared to wild-type.  
 
Arabidopsis gh3.7/gh3.12 double mutants are more susceptible to infection than wild-type 
 While gh3.7-1 had no disease resistance or susceptibility phenotype, a double mutant 
Arabidopsis thaliana line was generated by crossing gh3.7-1 and gh3.12 mutant lines. Overall, 
there were no noticeable growth phenotypes between the gh3.7-1/gh3.12 double mutant and the 
gh3.12 or gh3.7 single mutant plants, suggesting there is no additive effect (Figure 9). While 
chorismate-glutamate conjugates are important for pathogen resistance, chorismate-cysteine 
appears to not be involved. Also, to confirm that gh3.7-1 knockout lines show wild-type 
pathogen responses, a second allele was included in these experiments, gh3.7-2. Plants were 
infected by syringe infiltration using wild-type PstDC3000, and sid2-2 was included as a positive 
control.  
 In these experiments, gh3.7-2 was also not significantly more susceptible or resistant to 
PstDC3000 than wild-type plants, confirming that GH3.7 does not play a role in aerial pathogen 
defense. Therefore, GH3.7 and GH3.12, and thus chorismate-cysteine and chorismate-glutamate 
conjugates, do not have redundant roles in pathogen responses in infected leaf tissue. 
 Interestingly, the gh3.7-1/gh3.12 double mutant was more susceptible to infection than either 




tissues, the combination of both GH3.7 and GH3.12 does indeed aid plants in pathogen response.  
 
Figure 9. Arabidopsis gh3.7-1/gh3.12 double mutant lines are more susceptible to pathogen 
infection than wild-type or sid2-2. 
Leaves from infected plants were sampled 0, 2, and 4 days post-inoculation for quantifying 
Pseudomonas syrinagae pv. tomato DC3000 growth in the tissue (CFUs/mg leaf). This graph 
depicts three biological replicates with 4-6 leaves per replicate per genotype. Statistical analyses 
were conducted using Tukey’s multiple comparisons test. * represents a p-value of < 0.05, and 




 The GH3 family of proteins found in all plants is critical for modulating the concentration of 
acyl acid hormones in plants by conjugating them to amino acids (Westfall et al., 2013; Korasick 
et al., 2013). While this conjugation is activating in some instances, like with jasmonates, some 
amino acid-conjugated hormones are inactive storage or degradation forms of the molecule, as 
with indole-3-acetic acid (IAA) conjugates. Interestingly, the Arabidopsis GH3 protein 
AtGH3.12, or PBS3, was previously found to conjugate glutamate to the plant metabolite 4-
hydroxybenzoic acid, which is not a plant hormone (Okrent et al., 2009). With this knowledge, 
we screened aromatic and aromatic precursor metabolites as substrates for the previously 




cysteine synthetase (Table 1; Figure 1). 
When GH3.12 was first discovered in plants, it was identified as having an SA-deficiency 
phenotype that could be rescued by the application of exogenous SA, leading the authors to 
speculate that GH3.12 must work upstream of SA signaling in plants (Nobuta et al., 2007). 
Follow-up work to that study found that AtGH3.12 had the highest adenylation activity with 4-
hydroxybenzoic acid (Okrent et al., 2009). Despite the role of GH3.12 in defense against the 
plant pathogen Pseudomonas syringae, the previously identified GH3.12 substrate, 4-
hydroxybenzoic acid, while known to exist in plants, has no known role in pathogen defense. 
Rescreening of AtGH3.12 revealed that it had higher activity with chorismate than with 4-
hydroxybenzoic acid and is a chorismate-glutamate synthetase (Table 2). Interestingly, despite 
the high sequence similarity and use of the same acyl-acid substrate, SA inhibited GH3.12 with 
about a 340-fold lower IC50 (7 µM) than that of GH3.7 (2400 µM) (Table 3). 
GH3 proteins follow a two-step ping-pong mechanism where the acyl acid substrate binds 
and is adenylate and pyrophosphate is released, followed by a transfer step where the amino acid 
is added to the acyl acid to form the conjugate and AMP is released (Chen et al., 2010; Westfall 
et al., 2010). 4-Hydroxybenzoic acid was identified as the substrate of GH3.12 using an assay 
that only measured pyrophosphate release, or the first half reaction (Okrent et al., 2009). We 
presume this assay was used to simplify the screening process, as each acyl acid substrate must 
be screened with all 20 amino acids to determine the correct acyl acid and amino acid substrate 
combination. The assay used to identify chorismate as a substrate measured AMP release, or the 
full reaction.  
We believe that 4-hydroxybenzoic acid was misidentified as the substrate of GH3.12 because 




Depending on the acyl acid substrate, the molecule will either bind the active site until the amino 
acid is added, or the incorrect adenylated substrate is released from the active site more quickly, 
giving a higher turnover value in a pyrophosphate release assay (Figure 3). Based on our results, 
it seems that the protein adenylates both correct and incorrect substrates, but the correct substrate 
is held in the active site while the incorrect substrate is released. These results were further 
corroborated by mass-spectrometry and single-turnover kineticts (Figures 4 & 5). 
Having chorismate bound in a structure provided further evidence that it is the preferred acyl 
acid substrate of AtGH3.12 (Figure 6). Compared to the x-ray crystal structures of other GH3 
proteins that use either IAA or JA, VvGH3.1 and AtGH3.11, respectively, key differences 
among the structures reveal how the AtGH3.12 active site recognizes chorismate (Westfall and 
Zubieta et al., 2012; Peat et al., 2012). The active site of AtGH3.11, or JAR1, has only one polar 
residue, a histidine, that interacts with the JA ketone through a water molecule, and VvGH3.1 
has two polar residues, both tyrosines, that hydrogen bond with the amine of IAA. Unlike these 
two structures, the AtGH3.12 active site contains two arginines and two tyrosines, with one of 
each positioned near each chorismate carboxylate. As confirmed by kinetic analysis of site-
directed mutants, the charge-charge interactions between the arginines and the carboxylates are 
critical for positioning chorismate in the active site for the adenylation and amino acid transfer 
reactions to occur (Table 5).  
 Considering that AtGH3.12 and AtGH3.7 are 79% identical based on amino acid sequence 
comparisons, we wondered if they would have physiologically redundant roles in planta. 
Because AtGH3.12 has an SA-deficiency response and both proteins use chorismate as an acyl-
acid substrate, we hypothesized that the chorismate-glutamate and chorismate-cysteine 





Figure 10. Chorismate is a precursor to salicylate and the three aromatic amino acids in 
plants and is synthesized in both the plastid and the cytosol, where GH3 proteins are found. 
Abbreviations: phosphoenoyl pyruvate (PEP); erythrose-4-phosphate (E4P); chorismate mutase 
(CM); isochorimsate synthase (ICS); prephenate aminotransferase (PAT); arogenate dehydratase 
(ADT); arogenate dehydrogenase (ADH); prephenate dehydrogenase (PDH); prephenate 
dehydratase (PDT); hydroxyphenylpyruvate aminotransferase (HPP-AT); phenylpyruvate 
aminotransferase (PPY-AT). 
 
pathogen defense, knockout lines were infected with P. syringae and were not more susceptible 
to infection than wild-type plants, suggesting that these proteins are not redundant in Arabidopsis 
(Figure 8). Next, we wondered if the roles of AtGH3.7 and AtGH3.12 were additive and 
generated an Arabidopsis double mutant. The gh3.7-1/gh3.12 double mutants were even more 
susceptible to pathogen infection that gh3.12 mutants alone or than the positive control, the 
isochorismate synthase knockout line, which is deficient in SA biosynthesis, sid2-2 (Figure 9). 
This confirmed that having both functional proteins is important in Brassicaceae species for 
defense against pathogenic microorganisms. 
 Knowing the substrate of AtGH3.12 presents several possibilities for the role of this 









































attack and were found to have less SAG accumulation after infection (Jagadeeswaran et al., 
2007; Nobuta et al., 2007). This data, as suggested by others who have studied this protein, 
suggests that the metabolite is upstream of SA biosynthesis. One possibility is that chorismate-
glutamate is siphoning chorismate away from other biosynthetic pathways, including that of the 
auxins indole-3-acetic acid and phenylacetic acid, and funneling it towards SA biosynthesis; 
however, a hydrolase that would release free chorismate remains to be identified (Figure 10). 
Another possibility is that chorismate-glutamate is a substrate for isochorismate synthetase and is 
an intermediate metabolite in SA biosynthesis. A third option is that chorismate-glutamate is a 
signaling molecule that regulates SA biosynthetic genes or proteins. At this point, all of these 
possibilities are purely speculative. 
 AtGH3.12 and AtGH3.7 are cytoplasmic proteins, while chorismate is produced in the 
plastid of plants, as is SA (Figure 10). A chorismate transporter on the chloroplast membrane 
has yet to be identified. Another possibility is that the amino acid-conjugated chorismate is 
recognized by a dipeptide transporter and imported into the chloroplast during infection, the 
amino acid is cleaved, and chorismate is then converted into SA.  
Interestingly, AtGH3.12 and AtGH3.7 are not the only cytosolic enzymes that use chorismate 
as a substrate; chorismate mutase 2 in Arabidopsis is found in the cytosol and converts 
chorismate into prephenate, the precursor to tyrosine and phenylalanine via the arogenate 
pathway (Eberhard et al., 1996; Mobley et al., 1999; Colquhoun et al., 2010; Westfall et al., 
2014). The chorismate-conjugates could be removing chorismate from the cytosolic chorismate 
mutase that would convert it into prephenate. Or, one form of the conjugate, such as chorismate-
cysteine, for example, could be involved in preventing cytosolic chorismate into prephenate, 




is no way of confirming any of these hypotheses, and future studies are needed to decipher the 
role of these metabolites in pathogenesis in Brassicaceae.  
 In conclusion, we have identified chorismate, a hormone biosynthetic intermediate, as the 
substrate of the Brassicaceae-specific clade of GH3 proteins that contains AtGH3.7 and 
AtGH3.12. Because chorismate is upstream of a number of plant hormones, including indole-3-
acetic acid (auxin), phenylacetic acid, and salicylic acid, conjugating chorismate to an amino 
acid may act to regulate the biosynthesis of these downstream hormones simultaneously. While 
AtGH3.12 was previously shown to be involved in pathogen defense responses, the role of the 
chorismate-glutamate conjugate in defense remains unknown. Also, the physiological role of 
AtGH3.7 remains to be understood outside of its role alongside AtGH3.12 in pathogen defense 
response. Regulation and modification of chorismate, the aromatic amino acid and salicylic acid 
precursor, plays a bigger role in plant biotic stress responses than previously thought. 
 
ACKNOWLEDGEMENTS 
This work was supported by NSF grant MCB-1614539 to J.M.J. C.K.H. was supported by 
the NSF Graduate Research Fellowship Program (DGE-1143954), and C.S.W. was supported by 
a U.S. Department of Agriculture–National Institute of Food and Agriculture pre-doctoral 
fellowship (MOW-2010-05240). Portions of this research were carried out at the European 
Synchrotron Radiation Facility and the Proteomics and Mass Spectrometry Facility at the Donald 












Alonso JM, Stepanova AN, Leisse TJ, Kim CJ, Chen H, Shinn P, Stevenson DK, Zimmerman J,  
Barajas P, Cheuk R, Gadrinab C, Heller C, Jeske A, Koesema E, Meyers CC, Parker H, 
Prednis L, Ansari Y, Choy N, Deen H, Geralt M, Hazari N, Hom E, Karnes M, Mulholland 
C, Ndubaku R, Schmidt I, Guzman P, Aguilar-Henonin L, Schmid M, Weigel D, Carter DE, 
Marchand T, Risseeuw E, Brogden D, Zeko A, Crosby WL, Berry CC, Ecker JR (2003) 
Genome-wide insertional mutagenesis of Arabidopsis thaliana. Science 301, 653-7 
 
Blanc E, Roversi R, Vonrhein C, Flensburg C, Lea SM, Bricogne G (2004) Refinement of  
severely incomplete structures with maximum likelihood in BUSTER-TNT. Acta 
Crystallogr. D Biol. Crystallogr. 60 (Pt 12), 2210-21 
 
Chen Q, Zhang B, Hicks LM, Wang S, Jez JM (2009) A liquid chromatography-tandem mass 
spectrometry-based assay for indole-3-acetic acid-amido synthetases. Anal. Biochem. 390, 
149-54 
 
Chen Q, Westfall CS, Hicks LM, Wang S, Jez JM (2010) Kinetic basis for the conjugation of 
auxin by a GH3 family indole acetic acid-amido synthetase. J. Biol. Chem. 285, 29780-6 
 
Christensen QH, Cronan JE (2009) The Thermoplasma acidophilum LplA-LplB complex defines 
a new class of bipartite lipoate-protein ligases. J. Biol. Chem. 284(32), 21317-26 
 
Colquhoun TA, Schimmel BC, Kim JY, Reinhardt D, Cline K, Clark DG (2010) A petunia 
chorismate mutase specialized for the production of floral volatiles. Plant J. 61, 145-55 
 
Cuppels DA (1986) Generation and Characterization of Tn5 Insertion Mutations in  
Pseudomonas syringae pv. tomato. Appl. Environ. Microbiol. 52, 323–27 
 
Daniels MJ, Barber CE, Turner PC, Sawczyc MK, Byrde RJW, Fielding AH (1984) Cloning of  
genes involved in pathogenicity of Xanthomonas campestris pv. campestris using the broad 
host range cosmid pLAFR1. EMBO J. 3, 3323–8 
 
Dean JV, Mills JD (2004) Uptake of salicylic acid 2-O-β-D-glucose into soybean tonoplast  
vesicles by an ATP-binding cassette transporter-type mechanism. Physiol Plant. 120, 603–
612 
 
Dean JV, Mohammed LA, Fitzpatrick T (2005) The formation, vacuolar localization, and  
tonoplast transport of salicylic acid glucose conjugates in tobacco cell suspension cultures.  





de la Fortelle E, Bricogne G (1997) Maximum-likelihood heavy-atom parameter refinement for  
the multiple isomorphous replacement and multiwavelength anomalous diffraction methods. 
Methods Enzymol. 276, 472-94 
 
Emsley P, Cowtan K (2004) Coot: model-building tools for molecular graphics. Acta  
Crystallogr. D Biol. Crystallogr. 60 (Pt 12): 2126-32 
 
Eberhard J, Ehrler TT, Epple P, Felix G, Raesecke HR, Amrhein N, Schmid J (1996)  
Cytosolic and plastidic chorismate mutase isozymes from Arabidopsis thaliana: molecular 
characterization and enzymatic properties. Plant J. 10, 815-821 
 
Feys BJF, Benedetti CE, Penfold CN, Turner JG (1994) Arabidopsis mutants selected for 
resistance to the phytotoxin coronatine are male sterile, insensitive to methyl jasmonate, and 
resistant to a bacterial pathogen. Plant Cell 6, 751-759 
 
Garcion C, Lohman A, Lamodi`ere E, Catinot J, Buchala A, Doermann P, Metreaux (2008)  
Characterization and biological function of the ISOCHORISMATE SYNTHASE 2 gene of 
Arabidopsis thaliana. Plant Physiol. 147, 1279–87 
 
Hagen G, Guilfoyle TJ (1985) Rapid induction of selective transcription by auxins. Mol. Cell. 
Biol. 5, 1197-203 
 
Hennig J, Malamy J, Grynkiewicz G, Indulski J, Klessig DF (1993) Interconversion of the  
salicylic acid signal and its glucoside in tobacco. Plant J. 4, 593–600 
 
Jagadeeswaran G, Raina S, Acharya BR, Maqbool SB, Mosher SL, Appel HM, Schultz JC,  
Klessig DF, Raina R (2007) Arabidopsis GH3-like defense gene 1 is required for 
accumulation of salicylic acid, activation of defense responses and resistance to 
Pseudomonas syringae. Plant J. 51, 234-46 
 
Kabsch W (2010) XDS. Acta Crystallogr. D Biol. Crystallogr. 66 (Pt 2), 125-32 
 
Korasick DA, Enders TA, Strader LC (2013) Auxin biosynthesis and storage forms. J. Exp. Bot. 
64, 2541-55 
 
LeClere S, Tellez R, Rampey RA, Matsuda SP, Bartel B (2002) Characterization of a family of 







Mauch-Mani B, Slusarenko AJ (1996) Production of salicylic acid precursors is a major function  
of phenylalanine ammonia-lyase in the resistance of Arabidopsis to Peronospora parasitica. 
Plant Cell 8, 203-12 
 
Mobley EM, Kunkel BN, Keith B (1999) Identification, characterization, and comparative  
analysis of a novel chorismate mutase gene in Arabidopsis thaliana. Gene 240, 115-123 
 
Nobuta K, Okrent RA, Stoutemyer M, Rodibaugh N, Kempema L, Wildermuth MC, Innes RW 
(2007) The GH3 acyl adenylase family member PBS3 regulates salicylic acid-dependent 
defense responses in Arabidopsis. Plant Physiol. 144, 1144-56 
 
Okrent RA, Brooks MD, Wildermuth MC (2009) Arabidopsis GH3.12 (PBS3) conjugates amino 
acids to 4-substituted benzoates and is inhibited by salicylate. J. Biol. Chem. 284, 9742-54 
 
Peat TS, Böttcher C, Newman J, Lucent D, Cowieson N, Davies C (2012) Crystal structure of an 
indole-3-acetic acid amido synthetase from grapevine involved in auxin homeostasis. Plant 
Cell 24, 4528-38 
 
Round A, Brown E, Kapp U, Marcelin R, Westfall CS, Pernot P, Jez JM, Zubieta C (2013) 
Determination of GH3.12 protein conformation through on-line HPLC-integrated SAXS 
measurements combined with x-ray crystallography. Acta Crystallogr. D 69, 2072-80 
 
Santer A, Calderon-Villalobos LIA, Estelle M (2009) Plant hormones are versatile chemical 
regulators of plant growth. Nat. Chem. Biol. 5, 301-7 
 
Serino L, Reimmann C, Baur H, Beyeler M, Visca P, Haas D (1995) Structural genes for  
salicylate biosynthesis from chorismate in Pseudomonas aeruginosa. Mol. Gen. Genet. 249, 
217-28 
 
Sheldrick GM (2008) A short history of SHELX. Acta Crystallogr. A 64 (Pt 1), 112-22 
 
Sherp AM, Westfall CS, Alvarez S, Jez JM (2018) Arabidopsis thaliana GH3.15 acyl acid amido 
synthetase has a highly specific substrate preference for the auxin precursor indole-3-butyric 
acid. J. Biol. Chem. 293, 4277-4288 
 
Staswick PE, Tiryaki I, Rowe ML (2002) Jasmonate response locus JAR1 and several related 
Arabidopsis genes encode enzymes of the firefly luciferase superfamily that show activity on 






Staswick PE, Serban B, Rowe M, Tiryaki I, Maldonado MT, Maldonado MC, Suza W (2005) 
Characterization of an Arabidopsis enzyme family that conjugates amino acids to indole-3- 
acetic acid. Plant Cell 17, 616-27 
 
Strawn MA, Marr SK, Inoue K, Inada N, Zubieta C, Wildermuth MC (2007) Arabidopsis  
isochorismate synthase functional in pathogen-induced salicylate biosynthesis exhibits 
properties consistent with a role in diverse stress responses. J. Biol. Chem. 282, 5919–33 
 
Vlot AC, Dempsey DA, Klessig DF (2009) Salicylic acid, a multifaceted hormone to combat  
disease. Annu. Rev. Phytopathol. 47, 177-206 
 
Warren RF, Merritt PM, Holub E, Innes RW (1999) Identification of three putative signal  
transduction genes involved in R gene-specified disease resistance in Arabidopsis. Genetics 
152, 401-12 
 
Westfall CS, Herrmann J, Chen Q, Wang S, Jez JM (2010) Modulating plant hormone levels by 
enzyme action: the GH3 family of acyl acid amido synthetases. Plant Signal. Behav. 5, 1597- 
602 
 
Westfall CS, Muehler AM, Jez JM (2013) Enzyme action in the regulation of plant hormone 
responses. J. Biol. Chem. 288, 19304-11 
 
Westfall CS, Xu A, Jez JM (2014) Structural evolution of differential amino acid effector  
regulation in plant chorismate mutases. J. Biol. Chem. 289, 28619-28628 
 
Westfall CS, Sherp AM, Zubieta C, Alvarez S, Schraft E, Marcellin R, Ramirez L, Jez JM 
(2016) Arabidopsis thaliana GH3.5 acyl acid amido synthetase mediates metabolic crosstalk 
in auxin and salicylic acid homeostasis. Proc. Natl. Acad. Sci. USA 113, 11917-22 
 
Westfall CS, Zubieta C, Herrmann J, Kapp U, Nanao MH, Jez JM (2012) Structural basis for 
prereceptor modulation of plant hormones by GH3 proteins. Science 33, 1708-1711 
 
Wildermuth MC, Dewdney J, Wu G, Ausubel FM (2001) Isochorismate synthase is required to  
synthesize salicylic acid for plant defence. Nature 414, 562–71 
 
Xie D, Feys BF, James S, Nieto-Rostro M, Turner JG (1998) COI1: An Arabidopsis gene 































The overarching goal of my thesis research was to understand how plants regulate the 
biosynthesis of aromatic amino acids, which are essential to both protein synthesis and the 
production of downstream secondary metabolites, including phytohormones. This was 
accomplished by structural and biochemical studies of prephenate dehydrogenase, arogenate 
dehydrogenase, chorismate mutase, and prephenate aminotransferase. Also, biochemical assays 
were used to unveil the basis of substrate fidelity in the GH3 proteins. Finally, the role of 
aromatic amino acid biosynthesis pathway intermediates was further explored when AtGH3.7  
and AtGH3.12 were found to conjugate amino acids to the aromatic branchpoint metabolite 
chorismate. This research as a whole has advanced our understanding of the regulation of plant 
aromatic amino acid and hormone metabolic pathways, showing how plants have evolved 




Chapter 2: Summary of the regulation of soybean prephenate and arogenate 
dehydrogenases 
Despite its role in protein synthesis and as a precursor to many plant secondary metabolites, 
the evolution of the alternative route for tyrosine biosynthesis in legumes remained unknown 
prior to this study. The enzyme in the alternate tyrosine biosynthetic pathway, prephenate 
dehydrogenase (PDH), was only discovered four years ago (Schenck et al., 2014). This enzyme 
catalyses the tyrosine-insensitive oxidative decarboxylation of prephenate to form 4-
hydroxyphenylpyruvate (4-HPP), a precursor to tyrosine. PDH is legume-specific, cytosolic, and 
uninhibited by tyrosine, unlike the other dehydrogenase enzyme in the tyrosine biosynthetic 
pathway, arogenate dehydrogenase (ADH).  
To unravel the molecular mechanisms underlying the evolution of substrate specificity and 
tyrosine regulation, a combination of x-ray crystallography, sequence analysis, and biochemistry 
were used to investigate PDH and ADH enzymes (Schenck and Holland et al., 2017). The three-
dimensional structure of PDH from soybean (GmPDH1) was solved and refined to 1.7 Å with 
the cofactor NADP+ bound. When comparing the active site residues from GmPDH1 to the 
residues that would be found in the active site of other PDHs or in ADHs, two residues stood out 
as being conserved in ADHs and variable in PDHs, Met219 and Asn222. Asn222 in GmPDH1, 
was an aspartate in the ADHs, while Met219 was a threonine. 
Site-directed mutagenesis of the PDH residue to the ADH residue (N222D) was sufficient to 
switch the substrate preference of the enzyme from prephenate to arogenate and to introduce 
tyrosine inhibition. The reciprocal mutation in the soybean ADH enzyme (D218N) introduced 




Three-dimensional structures of GmPDH1 N222D and N222D/M219T mutants showed that 
the structural architecture was conserved; the only changes occurred at the single residue level. 
In the GmPDH1 N222D/M219T mutant structure, tyrosine was bound in the active site. This 
showed that the backbone amine of tyrosine was hydrogen bonding with the carboxylate oxygen 
of Asp in the 222 position. This structure was used for molecular modeling to dock arogenate 
into the active site. Based on the docking results, the amine in arogenate would form dominant 
ionic interactions with the carboxylate of Asp. The amine in arogenate is a carbonyl in 
prephenate, which would hydrogen bond to the amide of Asn in the wild-type GmPDH1 
structure. 
This study demonstrated that alteration of an acidic residue, Asp218, in an ADH enzyme to 
an uncharged residue was critical for the neofunctionalization of the duplicated gene into a PDH. 
Not only is this residue essential in differentiating prephenate from arogenate, it is also involved 
in substrate inhibition. By removing the ability to form a charge-charge interaction with the 
substrate in the aspartate to asparagine mutation, tyrosine sensitivity was also relieved. 
Therefore, a single residue in the active site of a plant ADH was critical in the evolution of 
tyrosine-insensitive PDH activity in legumes. 
 
Chapter 2: Future directions 
 Now that we understand the molecular foundation underlying the evolution of the alternative 
tyrosine biosynthetic pathway, many questions remain concerning the physiological role of PDH 
in planta. What is the advantage in legumes for having an alternative route to tyrosine 
biosynthesis, or is there any advantage at all? To address this, knockout and/or knockdown lines 




and downstream tyrosine-derived metabolites. Similarly, legume overexpression lines should 
also be used to identify phenotypes associated with PDH. 
Because PDH is specific to legumes, which form root nodules to associate with symbiotic 
nitrogen-fixing bacteria, and tyrosine biosynthesis requires the transfer of an amine group onto a 
tyrosine precursor, there may be a role for PDH in legume-rhizobia interactions. Phenotyping 
knockout and overexpression of PDH in legumes should include a careful analysis of nodule 
formation and colonization by rhizobia. 
 One idea for the function of cytosolic PDH in plants is that it is responsible for producing 4-
hydroxyphenylpyruvate (4-HPP) as a precursor to specialized metabolites and is not necessarily 
producing tyrosine, although tyrosine can be made from 4-HPP. 4-HPP-derived metabolites 
include tocopherols, like vitamin E, and the electron carrier plastoquinone (Schenck et al., 2014).  
Metabolite and transcript analysis of PDH knockout lines compared to the wild-type legume 
would give insight into the role of PDH in specialized metabolite biosynthesis. Additionally, 
gene expression analysis throughout the plant life cycle and with biotic and abiotic stressors may 
provide further insight into the role(s) of PDH in legumes. 
 Currently the transcriptional and post-transcriptional regulation of PDH in plants is not 
known. Studying the promoter sequence and comparing it to the promoters of other genes in the 
aromatic amino acid pathway and other secondary metabolite gene promoters may give rise to 
information about the regulation of PDH expression under normal physiological growth 
conditions and under biotic and abiotic stress conditions. It may also be possible to mine existing 
transcriptomic and proteomic datasets in legumes to see if PDH is regulated in published studies. 
 Having a highly efficient, deregulated enzyme for increasing tyrosine and tyrosine-derived 




enzyme could be heterologously expressed in microorganisms or other plants to generate 
metabolites that use tyrosine as a precursor, such as the alkaloid morphine. I expect that 
introducing PDH into a plant that does not already contain a functional PDH would greatly 
increase the pool of tyrosine, especially if using a constitutive promoter. 
 
Chapter 3: Summary of the enzymatic mechanism of soybean prephenate dehydrogenase 
The legume-specific, cytosolic alternative tyrosine biosynthetic pathway involves the key 
enzyme prephenate dehydrogenase (PDH). While aromatic amino acid biosynthesis was 
traditionally thought to mirror microbial pathways, the recent discovery and structural 
characterization of PDH in plants highlights how this pathway in legumes evolved from a plant 
arogenate dehydrogenase instead of from a gene transfer from a microorganism (Schenck and 
Holland et al., 2017). Additionally, microbial PDHs are inhibited by tyrosine, while plant PDHs 
are insensitive (Sun et al., 2006; Sun et al., 2009). Enzymatically, PDH is highly efficient with a 
catalytic efficiency of 60,500 M-1s-1 and turnover of 980 min-1. Taken together, this suggested 
that PDH could be a desirable engineering target for herbicide resistance to 4-HPP dioxygenase-
targeted herbicides. 
The previous crystal structure of GmPDH1 from soybean (Glycine max) shed light on the 
mechanisms regulating substrate specificity and inhibition by tyrosine, and a single active site 
residue (Asn222) was found to mediate both. This residue is an aspartate in plant ADHs, which 
use arogenate as a substrate and are inhibited by tyrosine. Outside of Asn222, the roles of the rest 
of the active site residues in both binding and catalysis remained to be investigated. 
Computational docking of prephenate into the active site of the previously solved GmPDH1 




In this study, nineteen active site point mutants were generated to assess the mechanism of 
soybean PDH1 (S101A, H124A, H124N, H124Q, Q130A, Q130D, Q130E, Q130S, T131A, 
T131S, Q184A, Q184D, H188A, H188N, H188Q, T206A, T206S, N222A, and N222Q) 
(Holland and Jez, 2018). Mutants were generated by site-directed mutagenesis, expressed in E. 
coli, and purified for enzymatic comparison to the wild-type enzyme. Several mutants, including 
H124A, H124Q, Q184D, H188A, H188N, H188Q, T206A, and N222A, were inactive, 
highlighting the critical roles of these active site residues in binding and catalysis. 
Overall, the active site mutants were substantially impaired in catalytic efficiency, ranging 
from 0.02 to 14% of the catalytic efficiency of the wild-type enzyme and 4.3 to 890-fold 
reductions in turnover. The catalytic histidine, H124N had substantially decreased catalytic 
efficiency compared to the wild-type enzyme, which was unsurprising as this residue is 
positioned to transfer a hydride from prephenate to NADP+. 
The degree of conservation among PDHs in plants was further analyzed by comparing the 
soybean PDH1 to common bean (Phaseolus vulgaris) and alfalfa (Medicago truncatula). While 
key catalytic residues were conserved (Ser101, His124, Gln184, His188, and Thr206), residues 
varied in the carboxylate-binding pocket (Gln130 and Thr131). Comparisons between microbial 
arogenate dehydrogenases (ADHs) (Ochrobactrum intermedium LMG 3301, Sediminspirochaeta 
smaragdinae DSM 11293, and Methanosaeta harundinacea) and soybean PDH1 also revealed 
that several residues were conserved (Ser101, His124, Gln184, and His188), while carboxylate-
binding pocket residues (Gln130 and Thr131) varied.  
Our site-directed mutagenesis and steady-state kinetic analysis of point mutants targeting 
each active site residue that contacts a ligand was useful in proposing a catalytic mechanism for 




His188, Gln184, and Thr206 assist with prephenate decarboxylation at C1. Gln130 and Thr131 
stabilize the pyruvyl group carboxylate to orient the carboxyl towards the residue responsible for 
substrate selectivity and tyrosine inhibition, Asn222. Ser101 contributes to the coordination of 
the cofactor, the substrate, and the His124 hydrogen-bonding network to aid in hydride transfer.  
Overall, these finding suggest that the active site of GmPDH1 has been highly conserved 
over the course of evolution, as small changes lead to large disruptions in catalytic efficiency. As 
for engineering applications, nature has already generated the best version of this enzyme, and 
our mutagenesis approach did not enhance enzyme activity. 
 
Chapter 3: Future directions 
 A mechanistic perspective of the recently discovered prephenate dehydrogenase from 
soybean was presented using prephenate docked into the previously solved crystal structure of 
PDH1. However, a three-dimensional structure of GmPDH1 with prephenate bound in the active 
site remains to be solved. Despite this, the focus of the study was on the mechanism of the 
enzyme, which has now been resolved. 
 A future direction of this project would be to investigate a microbial PDH, which evolved 
separately from the plant PDH, and conduct similar mechanistic studies. While the catalytic 
residues in microbial PDHs have been identified, outside of the catalytic histidine and an 
arginine involved in prephenate decarboxylation (a histidine in plant PDHs), the contributions of 
other active site residues remain to be explored (Sun et al., 2006; Sun et al., 2009).  
 Another consideration is that our investigation only tested the mutants’ ability to use 
prephenate as a substrate; however, in the case of the GmPDH1 N222D mutant, arogenate was 




prephenate aminotransferase and purified from the enzyme using HPLC. Because this study 
focused on the enzymatic mechanism, arogenate was not included as a substrate. We expect that 
the mutants would not have activity with arogenate, but this was never confirmed. The ability to 
use other pathway keto acids, such as 4-hydroxyphenylpyruvate, pheynylpyruvate, or 
chorismate, was also not tested in this investigation. Future work into engineering this enzyme 
may focus on the transcriptional regulation or tissue-specific localization rather than on 
metabolic engineering of the enzyme itself. There is great potential for introducing PDH into a 
plant outside of legumes to increase the pool of tyrosine and 4-HPP-derived metabolites. 
 
Chapter 4: Summary of the regulation and evolution of chorismate mutases from early 
land plants 
 At the interface of plant primary metabolism and aromatic amino acid biosynthesis is the 
shikimate pathway, which generates the precursor to all three aromatic amino acids, chorismate 
(Maeda and Dudareva, 2012; Tzin and Galili 2010). To generate prephenate, the precursor to 
phenylalanine and tyrosine, the enzyme chorismate mutase (CM) catalyzes the pericyclic Claisen 
rearrangement of chorismate (Sträter et al., 1997). In Arabidopsis, there are three CMs, two of 
which are plastidial and allosterically regulated (AtCM1 and AtCM3) and one of which is 
cytosolic and unregulated (AtCM1) (Westfall et al., 2014).  
In the biochemical study of the Arabidopsis CMs, a phylogenetic analysis revealed a basal 
lineage of plant enzymes homologous to AtCM1 based on sequence similarity, including 
chorismate mutases from the bryophyte (moss) Physcomitrella patens, the lycophyte Selaginella 
moellendorffii, and the basal angiosperm Amborella trichopoda (Westfall et al., 2014). To 




mutases, enzymes from P. patens (PpCM1 and PpCM2), Am. trichopoda (AmtCM1 and 
AmtCM2), and S. moellendorffii (SmCM) were characterized using steady-state kinetics and x-
ray crystallography (Kroll and Holland et al., 2017). 
 All five enzymes from early plants had turnover rates (15 to 22.8 s-1) similar to those of CM1 
and CM3 from Arabidopsis (16 s-1 and 13 s-1, respectively). The catalytic efficiencies of these 
five basal plant CMs were comparable to AtCM3 (kcat/Km = 11,800 M-1 s-1) and were lower than 
either AtCM1 or AtCM2 (29,300 and 258,000 M-1 s-1, respectively). Additionally, the role of all 
twenty amino acids as effectors were tested for each of the five basal chorismate mutases. 
Tryptophan was an activator of all five CMs, while histidine was a weak activator for PpCM1 
and AmtCM1. Tyrosine and phenylalanine were negative effectors of the CMs tested except for 
SmCM, and AmtCM1 was only inhibited by tyrosine and not phenylalanine. 
 To further our understanding of the evolution of regulation in these early plant chorismate 
mutases, the three-dimensional x-ray structure of PpCM1 was solved in complex with tryptophan 
at 2.0 Å. This portion of the work was completed by an undergraduate mentee, Kourtney Kroll, 
who was co-first author on this manuscript. Overall, the all a-helical structure was similar to 
AtCM1, and analysis of the active site and effector sites at the dimer interface and comparisons 
between the plant amino acid sequences in these sites revealed both common and varied features. 
Because PpCM1 was solved in complex with an activator, and the previous structures of AtCM1 
were in complex with inhibitors, this structure provided a snapshot of the structural changes 
associated with transitioning from the T-(less active) to the R-(more active) states of the plant 
CMs. 
 The use of a sequence-structure-function analysis allowed us to characterize chorismate 




were conserved between the basal CMs and the yeast enzyme, some features were also shared 
with the Arabidopsis isoforms. 
 
Chapter 4: Future directions 
 Despite our new knowledge on the evolution of allosteric regulation of CMs in basal plants, 
many questions remain as to the physiology of these enzymes. Although these enzymes have 
now been characterized in vitro, an in vivo analysis should be undertaken in the future to confirm 
the predicted localizations. Seed plants typically have two or more chorismate mutates genes in 
the genome, with one cytosolic and one plastidial isoform. We predicted the localization of these 
enzymes based on the presence or absence of a chloroplast transit peptide, but that does not give 
us definitive evidence as to where these enzymes function in the cell. Localization data would be 
necessary to confirm the chloroplast or cytosolic location of these enzymes. 
 Similarly, these experiments raise the long-held question of why plants have a cytosolic CM 
if aromatic amino acids are synthesized in the chloroplast of plants. The downstream enzyme, 
prephenate aminotransferase, has only been found in the chloroplast of plants (Dornfeld et al., 
2014). Additionally, it is unclear how chorismate makes it to the cytosol; is it transported from 
the chloroplast to the cytosol? A transporter has yet to be identified. Then, is prephenate 
transported back into the chloroplast to be used as a substrate for the next aromatic amino acid 
biosynthetic enzyme? While a plastidial tyrosine and phenylalanine transporter has been 
identified in plants, a prephenate transporter has not been identified (Widhalm et al., 2015).  
 Interestingly, there is some evidence for 3-dehydroquinate dehydratate/shikimate 
dehydrogenase-2 from Nicotiana tabacum, a second isoform of the third and fourth steps of the 




arabino-heptulosonate 7-phosphate synthase and 5-enolypyruvylshikimate 3-phosphate synthase 
(ESPS), the first and sixth steps of the shikimate pathway, respectively, lack N-terminal plastid 
transit peptide sequences (d’Amato et al., 1984; Mousdale and Coggins, 1985). Both ESPS 
synthase and shikimate kinase, the last enzyme in the shikimate pathway, have been found to 
maintain activity even in the absence of transit peptides (Della-Cioppa et al., 1986; Schmid et al., 
1992), which some suggest could mean that these two enzymes could be constituents of a 
cytosolic shikimate pathway (Toghe et al., 2013) 
 If there is an alternative cytosolic shikimate pathway in plants, then chorismate would be 
synthesized in the cytosol for use by chorismate mutase to generate prephenate. Aromatic amino 
acid biosynthetic enzymes that localize to the cytosol include the legume-specific prephenate 
dehydrogenase (Schenck et al., 2014), tyrosine:phenylpyruvate aminotransferase (Yoo et al., 
2013) and phenylalanine:4-hydroxyphenylpyruvate aminotransferase (Bedewitz et al., 2014). It 
may also be that alternative cytosolic pathways are unique to some plants but not all. How and if 
plants synthesize aromatic amino acids in the cytosol remains an open question.  
 
Chapter 5: Summary of the regulation of prephenate aminotransferase 
 Prior to this study, the only investigations of prephenate aminotransferase (PAT) in plants 
involved the evolution of this gene from a lateral gene transfer from Chlorobi/Bacteroidetes 
microorganisms and the results of knock-downs in petunia and tobacco (Maeda et al., 2011; de la 
Torre et al., 2014; Dornfeld et al., 2014). Another recent study identified two residues in the 
Arabidopsis PAT that introduced a gain of function when mutated to valines—Thr84 and Lys169 
(Dornfeld et al., 2014). The T84V/K169V PAT double mutant not only had altered keto acid 




aspartate as an amino donor. These altered substrate specificities are what initially led us to 
investigate this enzyme in greater detail. 
 To begin to understand the architectural changes behind the changes is substrate specificity, 
the wild-type PAT structure from A. thaliana was solved and refined to 3.0 Å with the cofactor 
pyridoxal-5’-phosphate bound, which led us to the active site of the enzyme. Further 
crystallization of the T84V mutant and the T84V/K169V double mutant showed the dynamics of 
the enzyme; the mutant structures were in a closed conformation, while the wild-type structure 
was in an open conformation. A structure of a mutant where the catalytic lysine was mutated to 
an alanine (K306A) was also solved and was in the closed conformation. The only difference 
between these two conformations was the movement of the a1 helix, where Thr84 was located. 
 Ligands bound in the active sites of these structures included pyradoxamine-5’-phosphate 
and glutamate in the PAT K306A structures, a-ketoglutarate in the PAT T84V structure, and 
borate and malate from the crystallization buffer bound in the PAT T84V/K169V structure. 
Having both keto and amino acid substrates bound in the active site allowed for the identification 
of residues that bind substrates and propose a reaction mechanism. Also, the wild-type structure 
was used to dock arogenate, the amino acid product of PAT, into the active site. 
 Because PAT is bifunctional and can accept a-ketoglutarate as a keto acid substrate with 
aspartate as the amino donor, we compared residues found in the PAT active site to those found 
in the active sites of the five aspartate aminotransferases (AATs) found in A. thaliana. Of the 
active site residues, only five varied between PAT and AATs: Thr84, Glu108, Ala189, Lys169, 
and Arg445. The PAT residues were individually mutated to the AAT residues (E108K, A168G, 
K169S, and R445G), with the exception of Thr84 which had been previously characterized and 




A168G showed activity in the steady-state kinetic assay. One mutant in particular, E108K, stood 
out as having wild-type catalytic efficiency with a-ketoglutarate and virtually no activity with 
prephenate. Therefore, this single residue was critical in the evolution of prephenate activity in 
PAT. 
 Because the previously generated PAT mutants had altered amino acid preferences, all 20 
proteogenic amino acids were tested as effectors. Surprisingly, L-cysteine was an inhibitor of 
PAT with an IC50 of 0.75 mM, a physiologically relevant concentration for the plant cell. 
Because cysteine is synthesized in the chloroplast, mitochondria, and cytosol in plants, it makes 
sense that cysteine would be found in millimolar concentration in the chloroplast where PAT is 
found. Cysteine also inhibited PAT activity in snapdragon (Antirrhinum majus) and a Gram-
negative thermophilic green sulfur bacterium (Chlorobium tepidum) with IC50 values of 1.3 mM. 
This led us to conclude that cysteine is an effector of both plant and microbial PATs. 
 Cysteine was previously found to upregulate chorismate mutase 3 in A. thaliana as a positive 
effector, and this is the second occurrence of cysteine as a regulator of aromatic amino acid 
biosynthesis. Overall, the structure-function-sequence analysis of PAT from plants and 
microorganisms led to key findings that are critical to our understanding of amino acid 
metabolism and plant metabolic regulation. 
 
Chapter 5: Future directions 
Because an embryo-lethal mutant in a screen mapped to PAT, the only genetic investigations 
of this gene used either RNA interference or virus-induced gene silencing to study the in vivo 




way to truly characterize this gene was using a biochemical approach; however, this study has 
now given rise to new ideas that would require further investigation. 
Although we identified a new potential effector of PAT, L-cysteine, further in vivo 
experiments are needed to reveal the role of cysteine in aromatic amino acid regulation. One 
such experiment would include analyzing flux of prephenate to the three aromatic amino acids or 
aromatic amino acid-derived products in the presence of cysteine. Because Arabidopsis 
inflorescence shoots have rapid rates of growth and lignification, cysteine could be fed to these 
tissues, and the transcriptional and metabolic responses to high cysteine could be measured over 
time. It is odd that cysteine is a positive effector of CM3, increasing the pool of downstream 
prephenate, while cysteine is a competitive inhibitor of PAT, which uses prephenate as a 
substrate; it seems that under high cysteine concentrations, the chloroplast pool of prephenate 
would increase, and there is not a known prephenate-using enzyme in the chloroplast besides 
PAT. Our understanding of this role of cysteine in its connection to prephenate is incomplete. 
Part of the reason a biochemical and structural characterization of PAT was undertaken was 
because of the interesting findings by Dornfeld and colleagues that two potential active site 
mutations introduced a gain-of-function, where the new mutant protein functioned as a tyrosine 
aminotransferase (2014). To understand the importance of these two residues, three crystal 
structures were solved and compared, including wild-type, the T84V mutant, and the 
T84V/K169V double mutant; however, the data did not give us direct insight as to how this 
protein gained new function. We do not know how the individual active site residues contribute 
to the overall protein dynamics and kinetics. Computational molecular dynamics simulations of 




Additionally, none of the structures presented in our research had the substrate or product, 
prephenate or arogenate, respectively, bound in the active site. Despite our attempts, diffraction 
quality crystals would not form in the presence of these compounds. Currently neither 
prephenate nor arogenate have been co-crystalized in any of the three-dimensional protein 
structures found in the Research Collaboratory for Structural Bioinformatics Protein Data Bank. 
Additionally, we were not able to capture either the cyclized or non-cyclized cysteine-PLP 
adduct in any of the structures to confirm cyclization. Therefore, we cannot definitively say this 
occurs except by evidence from studies of similar aminotransferases (Liu et al., 2013). One way 
to potentially confirm whether the PLP-cysteine adduct is cyclic or non-cyclic may be to purify 
the adduct from the enzyme reaction and use mass-spectrometry and NMR to determine its 
chemical structure. 
By comparing the amino acid sequence of Arabidopsis PAT to the five Arabidopsis AATs, 
we identified a single residue that was involved in the enzymes ability to recognize prephenate as 
a substrate. In future studies, the role of this residue in the AATs should be investigated to 
determine if prephenate activity could be introduced into these proteins by the reciprocal 
mutation (LysàGlu). Also, these AATs should be analyzed for cysteine inhibition since they 
also use PLP as a cofactor and are highly similar to PAT; the same could be done for plant 
tyrosine aminotransferases.  
While we identified a potential negative effector of PAT, the transcriptional and post-
translational modifications that govern this enzyme also remain unknown. Because this enzyme 
was purified from E. coli and not from the plant, it is likely that there are modifications that we 
do not see. Also, no studies have looked at the transcript levels of PAT over time and with 




protein biosynthesis, and phenylalanine is a precursor to lignin, we would expect that this gene is 
turned on during times of intense growth and is turned down when protein breakdown 
contributes more to the tyrosine and phenylalanine pools. Because tyrosine and phenylalanine 
are precursors to defense metabolites, such as salicylic acid, cyanogenic glycosides, and 
isoquinoline alkaloids, PAT could also be expressed when plants are under attack by pathogens 
or herbivores. However, this is purely speculation, and the specific roles of PAT during growth 
and defense should be explored through gene expression analysis. In conclusion, this data 
answers the question of how the active site of an enzyme evolved both AAT and PAT activity 
and reveals new insights into how tyrosine and phenylalanine metabolic pathways are regulated 
by another amino acid, cysteine.  
 
Chapter 6: Summary of the substrate fidelity of auxin-using GH3 proteins 
GH3 proteins, or acyl acid-amido synthetases, are responsible for regulating hormone 
concentrations in plants by conjugating acyl acid hormones to amino acids as a means of 
activating or inactivating the molecule (Staswick et al., 2002; Staswick et al., 2005). Amino acid-
hormone conjugates are generated using a two-step ping-pong mechanism that involves both an 
adenylation and transfer reaction (Staswick et al., 2002; Staswick et al., 2005; Terol et al., 2006; 
Chen et al., 2010; Westfall et al., 2010). In the first half-reaction, the acyl acid substrate is 
adenylated, and pyrophosphate is released (Chen et al., 2010; Westfall et al., 2010), followed by 
a transferase reaction where an amino acid displaces AMP to form the conjugate.  
The largest class of GH3 proteins are the auxin-using GH3s, which includes AtGH3.2 and 
AtGH3.5 (Westfall and Zubieta et al., 2012). Using amino acid sequence alignments and the x-




with the acyl acid ligand were the same in both AtGH3.2 and AtGH3.5 (Westfall and Sherp et 
al., 2016). Despite having identical active sites and both using aspartate as an amino acid 
substrate, AtGH3.5 uses multiple acyl acid substrates (indole-3-acetic acid (IAA), phenylacetic 
acid (PAA), and benzoic acid (BA)) with almost equal catalytic efficiencies, while AtGH3.2 is 
fairly specific for IAA.  
Using single-turnover kinetics with labeled ATP, the rate of the first half-reaction, k1, was 
determined for GH3.2, GH3.5, and GH3.11, a jasmonate-conjugating GH3 protein, with IAA, 
BA, and PAA for the auxin-using enzymes and JA for GH3.11 using a TLC assay. When 
visualizing the formation of adenylated acyl acids on the TLC plates, we noticed that AMP was 
accumulating over time in the absence of amino acid, which suggested that the adenylated 
intermediate may be hydrolyzed if the amino acid is not present for the transferase reaction to 
occur. This rate of hydrolysis (kAMP) was reported with all of the substrates for each of the GH3 
proteins analyzed. Overall, the data suggested that IAA is the preferred substrate for both GH3.2 
and GH3.5, and the PAA-AMP and BA-AMP intermediates are hydrolyzed at a faster rate than 
the IAA-AMP intermediate. 
GH3 proteins have a large N-terminal domain and a smaller C-terminal domain that pivots 
between an open and closed position depending on whether AMP or ATP is bound in the active 
site (Westfall and Zubieta et al., 2012; Round et al., 2013). Because the amino acids found in 
contact with the acyl acid substrate in AtGH3.2 and AtGH3.5 are the same, we wondered how 
distal residues influenced substrate specificity and the rate of hydrolysis of the adenylated 
intermediate. To study this, chimeric proteins were generated by swapping the C-terminal 
domains of GH3.2 and GH3.5. Steady state kinetics revealed that GH3 N5/C2 (N-terminal 




active with IAA, PAA, and BA as substrates. However, our studied failed to confirm that the 
GH3 N5/C2 protein was properly folded, which could have been the reason for the lack of 
activity. Single-turnover experiments with GH3 N2/C5 showed that the protein functioned 
similarly to GH3.2 and has a higher k1 value with IAA as the acyl acid substrate. 
Based on these data, the auxin-using GH3 proteins have different rates for the first half-
reaction based on the acyl acid substrate and hydrolyze adenylated intermediates in the absence 
of an amino acid substrate. The ratio of k1 to kAMP for each of the acyl acid substrates shows that 
a BA-AMP or PAA-AMP is more likely to be hydrolyzed than an IAA-AMP, suggesting that 
IAA is the true substrate of these promiscuous enzyme. We hypothesize that in the absence of 
the amino acid substrate, the active site remains in the open conformation when a noncognate 
substrate binds, allowing solvent to access the adenylated intermediate and cleave the bond.  
However, when a cognate substrate binds, the enzyme closes in anticipation of the transferase 
reaction. An alternative hypothesis is that the enzyme is able to cleave the noncognate adenylate 
intermediate. This single-turnover kinetic analysis of auxin-using GH3 proteins broadens our 
understanding of the reaction chemistry of an important hormone-modifying class of enzymes 
and sheds light on the promiscuity of the enzyme in substrate selection. 
 
Chapter 6: Future directions 
 While we now have a deeper understanding of the kinetic basis of substrate selection in the 
auxin-using GH3 protein family, we still do not know the exact reaction sequence for 
intermediate hydrolysis and if hydrolysis is enzyme-mediated or solvent-mediated. It is unlikely 
that the enzyme would encounter this scenario in vivo since amino acids are presumed to be in 




second substrate for these enzymes, and it may be that they are also able to use other cellular 
metabolites as the second substrate. Nonetheless, it is unlikely in vivo that a GH3 proteins second 
substrate would be limiting in a cell. 
 The concentration of the acyl acid substrate, however, would be expected to fluctuate in a 
cell over time. Only about 1% of IAA is found in a free form, with about 90% in an amide 
linkage and about 10% in an ester linkage (Normanly et al., 1993; Tam et al., 2000). Therefore, 
the concentration of available IAA is much lower than IAA in a modified form; the 
concentrations of free versus modified BA and PAA are not known. Along those same lines, it is 
unclear what the physiological roles of PAA and BA conjugates are in plants. The conjugates 
were previously confirmed to be found in plants using mass spectrometry (Westfall and Sherp et 
al., 2016). It is only assumed that modifying PAA takes it out of the pool of PAA that is able to 
bind the TIR1 receptor and that modifying BA likely regulates the concentration of downstream 
metabolites, like salicylic acid, aromatic cytokinins, ubiquinone, folic acids, and other 
specialized metabolites (Widhalm and Dudareva, 2015).  
 An interesting thought about the evolution of this large family of hormone-modifying 
enzymes is that, like all proteins, we are catching them in the act of evolving. It does not seem 
unreasonable to think that as the homologs evolve, they will become more different from each 
other and one may become more promiscuous than the other, which is what we see for GH3.5. 
While it does prefer IAA in the single-turnover experiments, if there is less selective pressure for 
strict substrate selectivity, these proteins may have even further relaxed substrate preferences in 
the future as they continue to evolve.  
 Also, the hydrolases for PAA-Asp and BA-Asp have not yet been identified. It may be that 




conjugates to regulate physiological responses. A combination of genetic and biochemical 
experiments would be necessary to identify and confirm the presence of these hydrolases. 
Despite all of these unknowns, this study provided resolution for the question of substrate 
selection (and promiscuity) in a physiologically important class of hormone-modifying enzymes 
in plants. 
 
Chapter 7: Summary of the chorismate-conjugating GH3 proteins AtGH3.7 and AtGH3.12 
 This study investigated the substrates and physiological roles of two acyl acid-amido 
synthetases that are specific to Brassicaceae plants—AtGH3.7 and AtGH3.12 (or PBS3). Prior to 
this investigation, GH3.12 was identified as a 4-hydroxybenzoate-glutamate synthetase using an 
assay that measured pyrophosphate release in the first half-reaction. While most GH3 proteins 
are acyl acid hormones, like jasmonate and indole-3-acetic acid, 4-hydroxybenzoate is neither a 
plant hormone nor a major plant metabolite. It seemed unlikely that this little-known compound 
was the substrate of this protein. A substrate for GH3.7 had remained to be identified, but it 
shares 79% of its amino acid sequence with GH3.12 and likely has similar function. Based on a 
published protein phylogeny of the GH3s that used only the acyl acid binding pocket residues, 
GH3.7 and GH3.12 are the only members in this clade (Westfall and Zubieta et al., 2012). 
 Using an enzyme assay that measured AMP release in the full reaction (versus measuring 
pyrophosphate release from the first half-reaction), the aromatic amino acid precursor chorismate 
was found to be the acyl acid substrate of these two proteins. While GH3.12 conjugates 
chorismate to glutamate, GH3.7 conjugates chorismate to cysteine. The substrate of GH3.12 was 
likely misidentified because of the assay conditions of the earlier publication (Okrent et al., 




too saw that there is higher activity with 4-hydroxybenzoate than with chorismate; however, 
when glutamate was included in the assay, chorismate had about 35 times more activity than 4-
hydroxybenzoic acid. Steady-state kinetics, single turnover kinetics, and mass spectrometry 
further confirmed these results. Additionally, an x-ray crystal structure of AtGH3.12 was solved 
in complex with chorismate to identify key residues for binding and catalysis, and site-directed 
mutagenesis of those residues revealed interactions that are necessary for catalysis, which 
includes three tyrosines and two arginines for hydrogen bonding and charge-charge interactions, 
respectively. 
 Arabidopsis gh3.12 (or pbs3) was initially identified from a mutant screen for its increased 
susceptibility to both virulent and avirulent strains of the plant pathogen Pseudomonas syringae 
(Warren et al., 1999) and was found to have decreased accumulation of pathogen responsive 
gene transcripts and salicylate-glucosides (SAG) after infection (Jagadeeswaran et al., 2007; 
Nobuta et al., 2007). Because this phenotype could be rescued by exogenous SA application, 
gh3.12 was believed to be upstream of salicylic acid biosynthesis in plants. In vitro assays 
showed that both AtGH3.7 and AtGH3.12 were inhibited by SA, but chorismate-glutamate 
formation was inhibited by 7 µM SA, while chorismate-cysteine formation was inhibited by 2.4 
mM SA, which may not be a physiologically relevant concentration of SA. 
 To test if AtGH3.7 had redundant functions as AtGH3.12 in planta, gh3.7 knockout lines 
were infected with Pseudomonas syringae pv. tomato DC3000. Interestingly, these lines showed 
wild-type responses to pathogen infection and were not more susceptible to disease unlike 
gh3.12 mutants. Because GH3.12 and GH3.7 are the only proteins in their clade and are specific 
to Brassicaceae, we wanted to address the combined role of these two proteins in plant pathogen 




with P. syringae. Interestingly, this double mutant was more susceptible to disease than the 
isochorismate synthase (sid2-2) mutant negative control, suggesting that the combination of 
these two proteins is critical for pathogen defense in Arabidopsis. Taken together, this data 
provides evidence that the GH3 protein family in Brassicaceae is able to conjugate amino acids 
to the aromatic amino acid precursor chorismate as a way of regulating multiple growth and 
defense pathways. 
 
Chapter 7: Future directions 
 Despite our new understanding of the substrates of this Brassicaceae-specific GH3 protein 
family, many questions remain to be answered. We now know that GH3.12, or PBS3, is a 
chorismate-glutamate synthetase, and the physiological data suggests that this protein is 
upstream of salicylic acid biosynthesis. While chorismate is a precursor to salicylic acid through 
isochorismate, it is not clear how the conjugate participates in SA biosynthesis. Because SA is an 
incredibly potent inhibitor of GH3.12, this protein could act to regulate SA biosynthesis by 
conjugating chorismate, the SA precursor, to an amino acid when SA levels are low. When SA 
levels increase during pathogen attack, SA is needed to regulate pathogen defense genes, and 
GH3.12 would be inhibited.  
 There are two possible scenarios for the fates of the chorismate conjugates based on what we 
know about other amino acid conjugates. One is that the chorismate-amino acid conjugates are a 
storage or degradation form of the molecule that take chorismate out of the active pool, 
preventing the synthesis of downstream amino acids (tyrosine, phenylalanine, and tryptophan) 
and hormones (indole-3-acetic acid, salicylic acid, and phenylacetic acid) simultaneously. In this 




would free chorismate from the conjugate, a hydrolase, is not known. The second scenario is that 
the conjugates are an active molecule. It could be that chorismate-glutamate is a pathway 
intermediate in SA biosynthesis, potentially as a substrate for isochorismate synthetase, but there 
is no concrete evidence for this. It may be of interest to test either experimentally or 
computationally through molecular docking and molecular dynamics simulations if chorismate-
amino acid conjugates are able to bind the known NPR (nonexpresser of pathogenesis-related) 
SA receptors. 
 Interestingly, this research also begs the question of whether or not chorismate or the 
chorismate conjugates are plant hormones. While it seems more likely that it is not a ubiquitous 
plant hormone, since this clade of GH3 proteins is specific to Brassicaceae, it is curious that 
these plants find that modifying chorismate is a worthwhile physiological investment. While we 
do not know the function of these conjugates, we also do not know where these conjugates are 
stored in the plant cells or if they are transported long distances. A long-term goal of this project 
could be to take a forward genetics approach to identifying Arabidopsis mutants where a 
phenotype is restored when grown on chorismate or a chorismate-conjugate. The inherent 
unstable nature of chorismate would make such an experiment challenging, and because it is a 
screen, there is no promise that such a mutant would be identified. 
 Because GH3 proteins were initially identified as auxin-responsive genes, there is still a 
component of auxin/SA crosstalk that remains unknown. The direct regulation of these 
chorismate-conjugating GH3 proteins either transcriptionally or post-translationally are also not 
known. To understand the role of these proteins on a global scale, RNAseq experiments in 
combination with metabolic analysis would give a clearer picture of the broader role of these 




 Additionally, the function of AtGH3.7 in plants is still not understood. While it does aid 
GH3.12 in pathogen defense, preliminary localization data suggests that this protein is found in 
the roots of plants. It could be that GH3.7 is specific for defense against root pathogens, but this 
has not been tested. Also, many GH3 protein knockouts do not have obvious phenotypes, but the 
overexpression lines do. Arabidopsis lines that are overexpressing gh3.12 have been generated, 
and gh3.7 overexpression lines are are at the T2 stage now. Once these plants are homozygous, 
they will be analyzed for obvious growth phenotypes that would shed light on the role of these 
proteins in plant development. Also, an Arabidopsis gh3.7 native promoter:YFP line has been 
generated and is also at the T2 stage now. While there are many experiments left to confirm the 
role of chorismate-amino acid conjugates in plants, this study was instrumental in shedding light 
on the possibility of modulating the concentrations of multiple plant hormones using a single 
upstream metabolite as a regulator. 
 
Conclusions of the thesis 
 The goals of my dissertation research were to contribute to our understanding of how plants 
synthesize and regulate metabolites that are essential to plant physiology. For my research, I took 
a biochemical and structural approach to studying pathway enzymes to revisit key aromatic 
amino acid biosynthetic enzymes that had been largely ignored. It was assumed that 
microorganisms and plants shared many key features in common in tyrosine and phenylalanine 
biosynthesis, but it turns out that plants have taken a different approach in many cases. 
 One key theme that kept appearing in my research is the role of cysteine in modifying 





Figure 1. Overview of the regulatory network of aromatic amino acid metabolic pathways. 
Plants synthesize the three aromatic amino acids, Tyr, Phe, and Trp, in the chloroplast of all 
plants. PDH is a cytosolic, legume-specific pathway to tyrosine that is not found in all plants. A 
functional PDT remains to be characterized. GH3.12 and GH3.7 and cytosolic, Brassicaceae-
specific proteins, and GH3.12 is thought to be upstream of salicylic acid in plants based on 
genetic work. The role of GH3.7 in plants is unknown. Abbreviations: Cysteine (Cys); 
isochorismate synthase (ICS); phosphenoyl pyruvate (PEP); erythrose-4-phosphate (E4P); 
chorismate mutase (CM); prephenate aminotransferase (PAT); arogenate dehydratase (ADT); 
arogenate dehydrogenase (ADH); prephenate dehydrogenase (PDH); prephenate dehydratase 
(PDT); phenylpyruvate aminotransferase (PPY-AT); 4-hydroxyphenylpyruvate (HPP-AT). 
 
 
high levels of cysteine in the plastid would increase the pool of chorismate, since cysteine is a 
positive effector of chorismate mutase, and would decrease the conversion of prephenate to 
arogenate by PAT. Furthermore, chorismate was conjugated to cysteine in the cytosol by GH3.7, 
suggesting an added layer of aromatic/cysteine crosstalk in plants. Another consideration is that 
all of these enzymes are found in Brassicaceae species; while PAT was found to be inhibited by 
cysteine outside of Arabidopsis, the early plant CMs were not affected by cysteine, and CMs 
outside of Arabidopsis have not been investigated biochemically. This cysteine-regulation may 











































 Another sulfur-containing class of metabolites in mustards are the glucosinolates, which are 
plant defense compounds that are either aromatic, indolic, or aliphatic. Because these sulfur-
containing metabolites, which give mustard its bitter taste, the presence of these and other sulfur 
metabolites could be regulating the concentration of sulfur, including in the form of cysteine, in 
plants. It may also be that cysteine-mediated regulation of aromatic amino acids and their 
precursors is a result of redox states in the cell.  
 Based on the idea that GH3.12 may be upstream of SA biosynthesis, this may also be an 
example of a hormone regulation that evolved in Brassicaceae that is as yet unknown in other 
plant families. Chorismate-amino acid conjugates have not yet been identified in a plant 
metabolite analysis yet, and it may be that chorismate is regulated by other mechanisms outside 
of Brassicaceae. 
 Overall, what we do know is that we have many more gaps in knowledge left to fill before 
we can fully understand how plants synthesize and regulate important protein and metabolite 
precursors. More so, it may end up that, as is the case with other metabolites, aromatic amino 
acid pathways and their regulatory mechanisms in Arabidopsis may vary from other plants and 
may be more of the exception and less of the rule. While my goal was to advance our 
understanding of plant metabolism, future discoveries are needed before we can fully appreciate 
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Jasomates (JA) constitute a diverse family of modified oxylipins that are involved in hormonal 
defense responses, growth regulation, and many other aspects of plant physiology. To respond to 
external cues, plants synthesize jasmonyl-isoleucine (JA-Ile), the active form of the hormone, 
using the enzyme JAR1. JA-Ile then targets the jasmonate F-box receptor, the COI1-ASK1 
complex, and recruits JASMONATE-ZIM DOMAIN PROTEIN (JAZ), resulting in the 
degradation of this repressor to regulate jasmonate gene responses. Alternatively, when JA-Ile 
levels decline, JAZ binds an array of co-repressors and transcription factors to down-regulate JA 
responses. Three-dimensional structures of enzymes, proteins, and peptides involved in JA 
signalling shed light on the molecular architecture of the binding interactions between proteins 
and the specific chemistry of the enzymes. Additionally, structures of the JA biosynthesis and 
modifying enzymes provide insight into the strict stereo-specificity of the formation of the 
precursor to active JA, 3R, 7S-jasmonate, as well as decorated JAs. Here we provide an up-to-
date look into the structural investigations in JA signaling and metabolism and suggest future 







Structural Biology of Jasmonic Acid Metabolism and Responses in Plants 
 
5.1 Introduction to Jasmonates 
To coordinate growth and development during times of stress and predation, plants evolved 
the capability of synthesizing and responding to an array of complex modified oxylipins, or 
oxygenated fatty acid derivates, known as jasmonates (Kombrink 2012).  Methyl jasmonate 
(MeJA) was first isolated from the oil of jasmine (Jasminum grandiflorum), although its effect 
on plant physiology remained elusive for nearly two decades (Demole et al. 1962; Ueda and 
Kato 1980; Dathe 1981).  Since this discovery, jasmonates have been recognized as critical 
phytohormones involved in plant defense and fertility. 
Chemically, the jasmonates encompass jasmonic acid (JA) and its derivatives, including 
MeJA, 3R, 7S-jasmonyl-L-isoleucine (JA-Ile), cis-jasmone, and jasmonyl-1-aminocyclopropane-
1-carboxylic acid (JA-ACC) (Figure 1a) (Browse 2009).  Jasmonate biosynthesis proceeds 
through the lipooxygenase-catalyzed peroxidation of linoleic acid to form 13-hydroperoxide, 
which is modified and cyclized to form 12-oxo-phytodienoic acid (OPDA).  OPDA is reduced 
and then undergoes three rounds of b-oxidation to form JA.  Further biochemical modifications 
of JA, such as glycosylation, decarboxylation, reduction of either the C6 carbonyl or C9,10 double 
bond, or hydroxylation of either C11 or C12, can convert the core JA scaffold into over 30 




Investigations of the role of jasmonates in plant physiology reveal their role in stamen and 
trichome development, vegetative growth, cell cycle regulation, senescence, regulation of 
anthocyanin pigment biosynthesis, and responses to various biotic and abiotic stresses (Creelman 
and Mullet 1997; Wasternack 2007; Howe and Jander 2008; Browse 2009; Avanci et al. 2010; 
Pauwels and Goossens 2011).  Jasmonates are also key players in induced resistance of plants 
(Kunkel and Brooks 2002), including Rhizobacteria-mediated induced systemic resistance 
(Pieterse et al. 1998). 
As one of the major plant defense compounds, jasmonates induce defense mechanisms to 
ward off insects, herbivores, and a broad spectrum of fungal and bacterial pathogens (Howe and 
Jander 2008; Browse 2009).  Wounding of the plant tissue leads to elevated levels of jasmonates 
at the site of attack, which in turn induces a systemic increase of JAs through the regulation of 
JA-responsive genes that allow for production of diverse compounds as the attack continues 
(Reymond et al. 2004; Glauser et al. 2008).  These compounds include glucosinolates, 
camalexins, alkaloids, artemisinin, and volatile organic compounds, such as terpenes, which 
provide a chemical arsenal to combat predators (Farmer et al. 1992; Bolter 1993; Paré and 
Tumlinson 1999; Engelberth et al. 2004; De Geyter et al. 2012). 
When stressed or otherwise stimulated, various jasmonates accumulate and are converted to 
JA-Ile, the only known bioactive jasmonate hormone (Figure 1b) (Wasternack and Hause 2007; 
Fonseca et al. 2009a; Fonseca et al. 2009b).  JA-Ile forms a co-receptor complex with the F-box 
protein CORONATINE INSENSITIVE 1(COI1) and a JASMONATE-ZIM DOMAIN 
PROTEIN (JAZ).  This complex allows for ubiquitinylation of the JAZ protein, which results in 
its degradation by the 26S proteasome (Fonseca et al., 2009a; Thines et al., 2007; Chini et al., 





Figure 1.  Overview of jasmonate molecules and jasmonate-linked responses.  a) Chemical  
structures of representative jasmonates.  The * denotes a chiral center that can be either in the R  
or S configuration.  The carbon-carbon double-bond drawn as a squiggle can be either cis or  
trans. b) Overview of jasmonate signaling and gene regulation pathways.  Stimulus that leads to  
production of JA-Ile by the enzyme JAR1 results in perception of the bioactive hormone by the  
COI1-ASK1 receptor.  Ubiquitinylation of JAZ proteins by the complex activates JA-responsive  
gene expression.  Under low JA conditions, JAZ proteins interact with different transcriptional  
factors, such as TOPLESSS and MYC3, to repress expression. 
 
genes through recruiting the co-repressor TOPLESS (TPL) by the adaptor protein NOVEL 
INTERACTOR OF JAZ (NINJA) and also competing with MEDIATOR25 (MED25) for 
interaction with members of the MYC transcription factor family (Pauwels et al. 2010; Zhang et 
al. 2015).  Degradation of JAZ proteins thereby alters transcriptional patterns in response to JA-
mediated signals. 
Structural efforts to characterize the JA biosynthetic enzymes, starting from chloroplast 
membrane lipids, have allowed for a better understanding of the generation of 3R, 7S-jasmonate 
needed to produce JA-Ile to elicit a physiological response. Although the jasmonate biosynthesis 
and JA-related signaling pathways are well-studied, atomic-level studies aimed at deciphering 




are just beginning.  Recent structural investigations reveal the biochemistry and protein-protein 
interaction details of enzymes and proteins involved in bioactive jasmonate biosynthesis, 
metabolism, perception, and transcriptional responses. 
 
5.2 Production of JA-Ile, the Bioactive Jasmonate Phytohormone 
Plant responses to developmental cues and the environment are primarily modulated by the 
activity and concentration of phytohormones (Westfall et al. 2010).  Fluctuation in 
concentrations of plant growth regulators and modifications of the chemical structure of a 
hormone affects receptor interactions to alter developmental responses.  Although jasmonates 
can be decorated with methyl groups, sugars, amino acids, and other chemical moieties 
(Staswick and Tiryaki 2004), the functions of all of the various modified jasmonates remain 
unclear.  Presumably, plants have developed mechanisms, such as conjugation with amino acids, 
to regulate hormone levels.  For example, conjugation of isoleucine to JA by the acyl acid amido 
synthetase JAR1 gives rise to JA-Ile, which is the active form of the hormone (Figure 2a) 
(Staswick et al. 2002).   
In plants, the GH3 (Gretchen Hagen 3) acyl acid amido synthetases contribute to maintaining 
hormone levels in plants by conjugating a hormone, including auxins, jasmonates, and benzoates, 
to an amino acid as either a storage or activation mechanism (Hagen and Guilfoyle 1985; 
Westfall et al. 2013).  The biological function of this class of enzymes was first established when 
the jasmonate resistant 1 (jar1-1) mutant was identified in Arabidopsis thaliana and shown to 
exhibit decreased sensitivity to exogenous MeJA and reduced male fertility (Staswick et al. 
1992, 2002).  The A. thaliana JAR1 protein (also known as AtGH3.11) functions as a JA-amido 





Figure 2. Conversion of JA to the bioactive jasmonate JA-Ile.  a) Overall reaction catalyzed  
by the JAR1 acyl acid amido synthetase.  Each half-reaction is shown. b) Three-dimensional  
structure of JAR1 from Arabidopsis thaliana.  The ribbon diagram of JAR1 in complex with JA- 
Ile (space-filling model; purple) is shown.  The N- and C-terminal domains of JAR1 are colored  
gold and blue, respectively.  The 'hinge-loop' that alters in conformation, along with the C- 
terminal domain, is indicated. c) Active site of JAR1.  This view shows a close-up of the JAR1  
active site with JA-Ile bound.  Key residues are noted.  The ATP binding site, based on other  
GH3 protein structures, is also indicated. 
 
monomer to catalyze the adenylation of JA using ATP in the first half reaction of a ping-pong 
kinetic mechanism with subsequent AMP release and JA-amino acid conjugate formation in the 
second half reaction (Chen et al. 2010). JA-Ile can then regulate JA-responsive genes through 
binding the F-box receptor protein COI1 (Feys et al. 1994; Xie et al. 1998). 
The x-ray crystal structure of AtGH3.11/JAR1 was determined in complex with JA-Ile to 
reveal its catalytic mechanism (Westfall et al. 2012). The overall structure of AtGH3.11/JAR1 
consists of a large N-terminal domain containing a-helices that flank a b-barrel and two b-
sheets; the C-terminal domain is related to the adenylating firefly luciferase (ANL) enzyme 




domains with a hinge loop between Leu427-Arg439 providing the conformational flexibility 
necessary for pivoting the C-terminal domain at each stage of catalysis. 
The structure of AtGH3.11/JAR1 in complex with JA-Ile provides information on how the 
enzyme binds the oxylipin molecule (Figure 2c).  At the interface of the two domains, JA-lle is 
situated in a large apolar binding site.  Multiple residues, including Thr166, Val222, Phe223, and 
Ile304 encompass the cyclopentane ring of JA-Ile with a water-mediated hydrogen bond formed 
with His328.  The pentenyl tail of JA-Ile binds in a pocket formed by Leu117, Thr121, Phe125, 
Thr166, Val169, and Trp336.  The isoleucine moiety is oriented with its carboxylate toward 
residues of the nucleotide binding P-loop.  Although no nucleotide was bound in the structure, 
the highly conserved adenosine binding pocket architecture can be inferred based on the 
structure of another A. thaliana GH3 protein (i.e., AtGH3.12/PBS3) (Westfall et al. 2012).  The 
nucleotide-binding site consists of a canonical phosphate-binding loop motif, a b-turn-b-
structure motif, and a ribose interaction motif.  When the C-terminal domain is oriented in the 
“open” active site conformation, the active site allows for binding of ATP, Mg2+, and JA for the 
adenylation reaction to occur.  Upon adenylation, pyrophosphate is released, and rotation of the 
C-terminal domain is triggered, trapping the adenylated intermediate for the second half-
reaction.  This rotation also creates a tunnel that allows access of isoleucine into the active site 
for nucleophilic attack on the intermediate.  This releases AMP and results in formation of the 
conjugated product JA-Ile.   
 
5.3 Perception of JA-Ile by the Hormone Receptor F-box Protein COI1 
The hormone receptor for JA-Ile is the F-box protein COI1, which functions in recruiting 




1994; Xie et al. 1998).  In the presence of JA-Ile, JAZ transcriptional repressors bind SCFCOI1 
(Chini et al. 2007; Yan et al. 2007).  The active jasmonate hormone mediates protein-protein 
interaction, which leads to the poly-ubiquitylation and degradation of JAZ proteins by the 26S 
proteasome.  This relieves repression of the MYC2 transcription factor, or other transcription 
factors, and allows for transcriptional changes in jasmonate-responsive genes (Lorenzo et al. 
2004; Chini, et al. 2007). 
 
Figure 3.  Perception of JA-Ile by the Jasmonate Receptor COI1.  a) Overall structure of the  
COI1-ASK1 jasmonate receptor complex.  The overall structure is shown as a ribbon diagram  
with JA-Ile (green) and the JAZ1 peptide (purple) shown as space-filling models. b) JA-Ile as the  
molecular glue between COI1 and JAZ proteins.  Top view of the COI1-ASK1 complex shown  
as a molecular surface model with JA-Ile (green) and the JAZ1 peptide (purple) represented as a  
space-filling model and a ribbon, respectively. c) Interactions in the JA-Ile binding site.  A close- 
up view of the JA-Ile (green) binding site and polar interactions (dotted lines) made within the  
active site pocket with both COI1 (white) and JAZ1 (purple) is shown. 
 
Structural studies of the A. thaliana COI1-ASK1 complex bound to either JA-Ile or the 
jasmonate mimic coronatine and a peptide of a bipartite JAZ1 degron reveals how the hormone 
acts as a molecular glue in this macromolecular assembly (Figure 3a) (Sheard, Tan, and Mao et 
al. 2010).  The COI1-JAZ co-receptor forms through interactions between the C-terminal Jas 




complex of the auxin receptor, TIR1 (Tan et al. 2007). COI1 consists of a tri-helical N-terminal 
F-box motif that binds ASK1 and a horseshoe-shaped C-terminal solenoid of 18 tandem leucine-
rich repeats (LRRs).  The top of the LRR domain binds the hormone and the C-terminal Jas 
motif of JAZ1 through three intra-repeat loops (Loop 2, 12, and 14), and a fourth loop (Loop C) 
partially covers Loop 2.  Large, polar residues provide multiple contacts for formation of the 
functional complex (Figure 3b).  Any mutations of residues in the site disrupt COI1-JAZ1 
interactions.  The keto group of the ligand, either JA-Ile or coronatine, points upward and 
interacts with COI1 residues at the entrance of the pocket and is solvent exposed in the absence 
of the JAZ degron.  Three arginine residues (Arg85, Arg348, and Arg409) bind the amide and 
carboxyl groups of the ligand forming the floor of the pocket.  Additional density in the structure 
led to the conclusion that inositol pentakisphosphate (InsP5) binds below the hormone binding 
pocket.  Although the specific binding interactions and the mechanism remain to be explored, 
InsP5 was identified as a critical component of the co-receptor for sensitive jasmonate 
perception.  Therefore, the jasmonate receptor complex is a three-molecule complex, requiring 
COI1, the JAZ degron, and InsP5 for hormone binding. 
The complete structure of a JAZ protein remains to be determined.  JAZ proteins appear to 
be intrinsically disordered in their native form, which allows for repressor plasticity in its 
binding interactions (Pazos et al. 2013; Pietrosemoli et al. 2013).  A. thaliana contains 12 JAZ 
proteins that are thought to be redundant in signaling pathways as repressors (Chini et al. 2007; 
Yan et al. 2007; Browse 2009).  In the COI1-ASK1 structure, the degron peptide of JAZ1 forms 
a bipartite structure.  Five N-terminal amino acids interact with COI1 and completely cover the 
opening where JA-Ile binds, which traps the ligand in the pocket.  These co-receptor interactions 




stereochemistry may place the aliphatic chain unfavorably close to nearby JAZ1 and COI1 
residues.  The a-helix of the C-terminus of the JAZ1 degron binds the surface of the COI1 LRR 
domain, thus strengthening the interactions that form the co-receptor complex.  There is 
considerable variability on the amino acid sequence level of the N-terminal clamp region of the 
JAZ degron among JAZ proteins.  Further investigation is needed to tease apart these 
interactions between COI1 and the variable JAZ proteins and the responses of these co-receptors. 
 
5.4 Transcriptional Regulation of Jasmonate-Responsive Genes 
In the absence of JA-Ile, JAZ repressors bind either helix-loop-helix transcription factors or 
adaptor proteins to recruit co-repressors needed to downregulate jasmonate-targeted gene 
expression (Chini et al. 2007; Thines et al. 2007; Pauwels et al. 2010; Ke et al. 2015).  The 
general co-repressor TOPLESS (TPL) can be recruited by an array of repressors, transcription 
factors, and transcriptional adaptor proteins (Causier et al. 2012). 
TPL regulates gene expression by interacting with the ethylene response factor-associated 
amphiphillic repression (EAR) motifs of certain transcriptional repressors (Causier et al. 2012).  
The N-terminal domain of TPL, or the TOPLESS domain (TPD), interacts with EAR motifs of 
NINJA proteins, and also JAZ repressors themselves, when JA-Ile levels are low.  The N-
terminal domain contains a lissencephaly homologous (LisH) dimerization motif and a C-
terminal to LisH (CTLH) motif, followed by a proline- and glutamine-rich linker that connects 
the N-terminal domain to the two WD40 domains, a 40 amino acid motif that terminates with a 
tryptophan-aspartate dipeptide, of the C-terminus (Figure 4a).  X-ray crystal structures of the 
TPD from A. thaliana and rice (Oryza sativa) revealed a dimer of dimers, with each monomeric 




4b) (Ke et al. 2015).  Each TPD monomer contains nine a-helices and two small 310 helices.   
Co-crystallization of a TPD with peptides of the NINJA EAR motif showed that four NINJA 
peptides could bind one TPD tetramer in a shallow groove composed of the CTLH motif (Figure 
4c). Homologous WD40 domains in animals and yeast co-repressors, notably Groucho and 
Tup1, have been found to interact with repressors, but repressors that interact with plant TPL 
WD40 domains remain to be identified, which would give further insight to the overall roles of 
TPL in plant growth and development (Goldstein et al. 1999; Jimenez et al. 1997; Muhr et al. 
2001; Paroush et al. 1994; Zhang et al. 2001; Komachi et al. 1994). 
 
Figure 4.  Transcriptional Control of Jasmonate Responses.  a) Structural insight on  
TOPLESS (TPD)-NINJA interaction.  A ribbon diagram of the tetrameric N-terminal domain of  
TOPLESS (TPD) co-complexed with NINJA peptides (green space-filling molecule) is shown.   
Each monomer of the TPD is colored differently.  b) Interaction between the LisH (blue) and  
CTLH (rose) domains of the TPD (gold; domains colored separately).  c) NINJA binding site.   
The NINJA peptide (green) binds TPD near the CTLH domain (rose). d) Structure of the MYC3  
transcription factor.  The ribbon diagram shows the overall structure of MYC3 and is colored by  
secondary structure (a-helices, rose; b-strand, white). e) JAZ protein interaction promotes  
transcriptional activation.  Binding of the Jas motiff of a JAZ protein (purple ribbon) between  
Jas-interacting domain (JID) and the transcription activation domain (TAD) of MYC3 alters  





While the Jas domain of JAZ proteins is an integral part of the COI1 F-box receptor 
complex, this domain also directly regulates the transcription factor MYC3 (Zhang et al. 2015). 
A. thaliana MYC proteins contain a Jas-interacting domain and a transcription activation 
domain.  In the three-dimensional structure, MYC3 forms a helix-sheet-helix sandwich fold of 
five anti-parallel b-sheets surrounded by eight a-helices (Figure 4d).  This structure was the first 
example of a non-complexed well-resolved MYC transcription activation domain, as they are 
generally unstructured in their unbound state.  Additionally, MYC3 has been co-crystallized with 
a Jas peptide (i.e., Ser218-Met239) of JAZ9 (Figure 4e) (Zhang et al. 2015).  The Jas peptide 
was nestled between the Jas-interacting domain (JID) and the transcription activation domain 
(TAD).  While the first five amino acids of the Jas domain peptide are necessary for COI1-JAZ 
binding interactions, they do not form critical interactions with MYC3.  The Jas peptide was a 
continuous helix, in contrast to its bipartite loop and short C-terminal helix in the COI1 co-
receptor complex structure.  This suggests that JAZ proteins employ a switch mechanism to form 
distinct confirmations in the MYC-JAZ transcriptional repression resting state versus the COI1-
JAZ activated complex.  Such a mechanism implies that MYC and COI1 potentially compete for 
binding the Jas domain of JAZ proteins.  Elucidation of how MYC and Jas domains interact 
provided the first molecular insight on how transcriptional repression is achieved in a plant 
hormone response pathway. 
To promote transcription of jasmonate responsive genes, RNA polymerase II is recruited to 
promoters by the action of the MED25 subunit of the Mediator complex (Kazan and Manners 
2013).  MYC3 directly binds MED25, although JAZ repressors can outcompete MED25 for 
MYC3.  While MED25 is a critical component of gene regulation in response to jasmonates, 




into the flexibility of MYC3 binding both MED25 and JAZ repressors (Chen et al. 2012; Cevik 
et al. 2012; Kidd et al. 2009).  For further information on the MYC family of transcriptional 
activators, basic helix-loop-helix repressors, and other JAZ targets readers are referred to a 
recent review (Chini et al. 2016). 
 
5.5 Biosynthesis and Chemical Modifications of Jasmonates 
5.5.1 Jasmonic Acid Biosynthesis  
To gain an understanding of JA-signaling regulation, structural efforts have also focused on 
the biosynthesis of jasmonates and their stereo-selectivity in generating 3R, 7S-jasmonate, the 
precursor to JA-Ile. Jasmonates, while they are a diverse class of compounds, all stem from the 
same polyunsaturated fatty acid (PUFA) intermediates, linoleic acid (18:2) and hexadecatrienoid 
acid (16:3), from the chloroplast membrate (Schaller and Stintzi 2009).  These PUFAs can be 
oxidized to form fatty acid regio- and stereo-specific hydroperoxides using lipooxygenases 
within the chloroplast. The oxygenated fatty acid hydroperoxide products are dehydrated to form 
unstable allylic epoxides, or allene oxides, which are cyclized by allene oxide cyclases to form 
optically pure (9S,13S)-oxophytodienoic acid (OPDA).  OPDA is then transported out of the 
chloroplast by an unidentified transporter.   
X-ray crystal structures of the CYP74 allene oxide synthase (AOS) from A. thaliana and 
guayule (Parthenium argentatum) (Lee et al. 2008; Li et al. 2008) reveal that plant CYP74s 
share a common fold with other P450 enzymes with a heme-binding loop that is eight amino 
acids longer than similar P450s in other organisms (Fig. 5a). The allene oxide cyclase 2 (AOC2) 
crystal structure gave insight to the reaction chemistry, specificity, and evolution that gives rise 




(Hoffman et al. 2006).  The AOC2 trimer contains a lipocalin fold comprised of an eight-
stranded antiparallel β-barrel followed by a partially helical C-terminus (Fig. 5b). To identify the 
active site, the enzyme was co-crystallized with the inhibitor vernolic acid, which was bound in 
the hydrophobic barrel cavity. Modeling of the 12,13(S)-epoxy-9(Z),11,15(Z)-octadecatrienoic 
acid (12,13-EOT) substrate and the OPDA product into the active site cavity led to the prediction 
of the mechanism of cyclization, which includes the opening of the epoxide to form an anionic 
intermediate followed by a trans to cis conformational change between C10 and C11 to allow for 
the pericyclic ring closure with absolute stereo-selectivity.  
To complete jasmonate biosynthesis, the peroxisomal ATP-binding cassette (ABC) 
transporter COMATOSE (CTS) (Footit et al. 2002; Theodoulou et al. 2005) transports OPDA 
and other b-oxidation substrates into the peroxisome.  Once inside, OPDA is reduced to 3-oxo-2-
(2’(Z)-pentenyl)-cyclopentane-1-octanoic acid (OPC-8:0).  The crystal structure of tomato 12-
OPDA reductase 3 has revealed the active site architecture responsible for the substrate stereo-
selectivity and its regulation through self-inhibited dimerization (Breithaupt et al. 2006).  A Co-
A ester is added by ATP-dependent acyl-activating enzymes to prepare OPC-8:0 for b-oxidation.  
OPC-8:CoA ligase 1 (OPCL1), is the only enzyme in the A. thaliana acyl-activating enzyme 
family that is JA-specific (Koo et al. 2006).  Two or three rounds of b-oxidation result in the 
shortened JA-CoA, and a thioesterase cleaves the CoA moiety to release free JA. 
Overall, the crystallographic investigations of enzymes in jasmonate biosynthesis have 
revealed the mechanisms underlying the variety of oxylipins that can be generated while 
maintaining strict specificity; however, the roles of JA biosynthesis pathway intermediates in 





5.5.2 Methyl-Jasmonate  
Plants use volatile emissions to attract pollinators and seed dispersers and repel unwanted 
herbivores (Seo et al. 2001). MeJA is one such volatile involved in communicating defense 
responses within the organism and amongst plants (Farmer and Ryan 1990; Seo et al. 2001; 
Karban et al. 2000; Kessler et al. 2006; Baldwin et al. 2006).  Plant exposure to MeJA triggers 
JA-mediated defense responses, and exogenous MeJA application can lead to herbivore 
resistance in many plant species (McConnet al. 1997; Baldwin 1998; Li et al. 2002; Wu et al. 
2008). 
To generate MeJA, the enzyme JA carboxyl methyltransferase (JMT) uses S-adenosyl-L-
methionine (SAM) to catalyze the methylation of JA (Seo et al. 2001).  Although a JMT 
structure remains to be determined, the x-ray crystal structure of a related enzyme, the Clarkia 
breweri salicylic acid carboxyl methyltransferase (SAMT) (Zubieta et al. 2003), was solved.  
Using this structure as a guide, the active site architecture can be inferred by sequence alignment, 
which predicts a highly conserved SAM/SAH binding site. Clarkia SAMT and A. thaliana JMT 
vary by six residues in the active site (Tyr147 to Ser, Met150 to His, Ile225 Gln, Met308 to Ile, 
Phe347 to Tyr, and Asn349 to Ile), and mutagenesis of these residues was able to introduce 
methylation of JA into the SAMT but not a complete switch in specificity.  A structure of a plant 
JMT would allow for a more thorough investigation of key residues involved in JMT specificity. 
As noted above, the exogenous application of MeJA elicits a physiological reponse, which 
results from metabolism of MeJA to JA (Wu et al. 2008).  Although a MeJA-esterase catalyzes 
the hydrolysis of MeJA (Stuhlfelder et al. 2002, 2004), the three-dimensional structure of this 
enzyme remains to be determined and would contribute to our understanding of the molecular 





5.5.3 Homeostasis of JA-Ile:  Hydroxylation, Carboxylation, and Turnover 
Mechanisms governing the homeostasis of JA-Ile are essential to our understanding of plant 
defenses (Koo et al. 2011).  Cytochrome P450 oxygenases (CYPs) constitute a vast family of 
heme-containing enzymes that catalyze both monooxygenations and hydroxylations (Schuler and 
Werck-Rechhart 2003).  CYPs can also regulate hormonal pathways by modifying the chemical 
structures of phytohormones (Mizutani and Ohta 2010).  The JA metabolite 12-hydroxy-JA-Ile 
forms through hydroxylation of JA-Ile by both CYP94B3 and CYP94B1 (Koo et al. 2011, 2014).  
CYP94B3 is specific for JA-Ile and is unable to hydroxylate JA to form 12-hydroxy JA or 12-
hydroxy-JA-Ile to form 12-carboxy-JA-Ile.  In contrast, CYP94B1 can convert JA-Ile to 12-
carboxy-JA-Ile, although to a lesser extent (Koo et al. 2011, 2014; Kitaoka et al. 2011; Heitz et 
al. 2012).  Together, these two enzymes account for more than 95% of 12-hydroxylation of JA-
Ile and are localized to the endoplasmic reticulum (Koo et al. 2014).  The carboxy-derivative of 
JA is preferentially formed from 12-hydroxy-JA-Ile by a third CYP, CYP94C1 (Heitz et al. 
2012).  Because these CYP enzymes inactivate JA-Ile, structural studies are necessary to provide 
insight to the evolution of CYP substrate specificity and to understand the mechanisms 
underlying JA modifications as a means of decreasing the pool of physiologically active JA. 
While JA-Ile is the active form of the jasmonate hormone, the amino acid must be removed 
for it to be deactivated (Widemann et al. 2013).  Two amidohydrolases, IAR3 (indole-3-acetic 
acid (IAA)-Ala resistant 3) and ILL6 (IAA-Leu resistant1-like 6), have been characterized in the 
catalysis of JA-Ile turnover.  Not only does IAR3 cleave JA-Ile, but it also hydrolyzes the 12-




amino acid hydrolyzing ILL2, the structure of a JA-Ile specific amidohydrolase remains to be 
determined (Bitto et al. 2009). 
 
5.6 Summary 
 In the past decade, the structural studies have deepened our understanding of the complexity 
regulating jasmonate biosynthesis and signaling. Active jasmonate is synthesized by the 
conjugation of the amino acid Ile to JA by JAR1, which is perceived by the COI1-ASK1 
complex. In the presence of JA-Ile, the JAZ repressor binds the JA-Ile-bound COI1-ASK1 
complex, which leads to the degradation of JAZ by the 26S proteasome. When JA-Ile levels 
decline, JAZ recruits the co-repressor TOPLESS through interactions with the adaptor protein 
NINJA to bind MYC repressors. While structural work on this signaling pathway has revealed 
the general scheme, efforts to understand the JAZ binding interactors and the mechanisms 
governing selectivity in this large family of repressors are necessary to gain a full appreciation of 
the complexity of JA-responsive gene regulation. The adapter protein NINJA has only recently 
been discovered, and the C-terminal domain should be investigated for its role in WD40 domain 
interactions in signaling and for, potentially, the discovery of cross talk between the JA signaling 
pathway and other hormone pathways. Jasmonates encompasses a broad family of compounds, 
and the physiological role of these decorated jasmonates continue to escape our understanding. 
Future investigations are needed to elucidate the physiological and potential signaling role of the 
diversity of jasmonate compounds, as well as the role of the modifying enzymes in regulating the 
JA pool, and thus regulating JA responses. Overall, structural, biochemical, and biophysical 
studies have brought to light the intricacies of JA signaling, but a great deal remains to be 





Figure 5.  Overview of JA biosynthesis and structures of key enzymes.  Biosynthesis of JA 
begins in the chloroplast with the conversion of α-linolenic acid to (9S, 13S)-OPDA.  X-ray  
crystal structures of AOS and AOC, which catalyze the second and final steps in the chloroplast  
pathway, provide chemical insight on these biosynthetic conversions.  OPDA is transported from  
the chloroplast to the peroxisome, where the enzyme OPR3 forms OPC-8.  Subsequent β- 






Avanci NC, Luche DD, Goldman GH, Goldman MH (2010) Jasmonates are phytohormones with 
multiple functions, including plant defense and reproduction.  Genet Mol Res 9:  484-505 
Baldwin IT (1998) Jasmonate-induced responses are costly but benefit plants under attack in 
native populations.  Proc Natl Acad Sci USA 95:  8113–8118 
Baldwin IT, Halitschke R, Paschold A, von Dahl CC, Preston CA (2006) Volatile signaling in 
plant-plant interactions: “talking trees” in the genomics era.  Science 311:  812–815 
Bitto E, Bingman CA, Bittova L, Houston NL, Boston RS, Fox BG, Phillips Jr GN (2009) X-ray 
structure of ILL2, an auxin-conjugate amidohydrolase from Arabidopsis thaliana.  Proteins 
74:  61-71 
Bolter CJ (1993) Methyl jasmonate induces papain inhibitor(s) in tomato leaves.  Plant Physiol 




Breithaupt C, Kurzbauer R, Lilie H, Schaller A, Strassner J, Huber R, Macheroux P, Clausen T 
(2006) Crystal structure of 12-oxophytodienoate reductase 3 from tomato: self-inhibition by 
dimerization.  Proc Natl Acad Sci USA 103:  14337-14342 
Browse J (2009) Jasmonate passes muster: a receptor and targets for the defense hormone.  Annu 
Rev Plant Biol 60:  183-205 
Causier B, Ashworth M, Guo W, Davies B (2012) The TOPLESS interactome: A framework for 
gene repression in Arabidopsis.  Plant Physiol 158:  423–438 
Cevik V, Kidd BN, Zhang P, Hill C, Kiddle S, Denby KJ, Holub EB, Cahill DM, Manners JM, 
Schenk PM, Beynon J, Kazan K (2012) MEDIATOR25 acts as an integrative hub for the 
regulation of jasmonate-responsive gene expression in Arabidopsis.  Plant Physiol 160:  
541–555  
Chen Q, Westfall CS, Hicks LM, Wang S, Jez JM (2010) Kinetic basis for the conjugation of 
auxin by a GH3 family indole acetic acid-amido synthetase.  J Biol Chem 285: 29780-29786 
Chen R, Jiang H, Li L, Zhai Q, Qi L, Zhou W, Liu X, Li H, Zheng W, Sun J, Li C (2012) The 
Arabidopsis Mediator subunit MED25 differentially regulates jasmonate and abscisic acid 
signaling through interacting with the MYC2 and ABI5 transcription factors.  Plant Cell 24:  
2898–2916  
Chini A, Fonseca S, Fernandez G, Adie B, Chico JM, Lorenzo O, Garcia-Casado G, Lopez 
Vidriero I, Lozano FM, Ponce MR, Micol JL, Solano R (2007) The JAZ family of repressors 
is the missing link in jasmonate signalling.  Nature 448:  666-671 
Chini A, Gimenez-Ibanez S, Goossens A, Solano R (2016) Redundancy and specificity in 
jasmonate signalling.  Curr Opin Plant Biol 33:  147-156 
Creelman RA, Mullet JE (1997) Biosynthesis and action of jasmonates in plants.  Annu Rev 
Plant Physiol Plant Mol Biol 48:  355-381 
Dathe W (1981) Endogenous plant hormones of the broad bean, Vicia faba L.(-)-jasmonic acid, a 
plant growth inhibitor in pericarp.  Planta 153: 530-535 
De Geyter N, Gholami A, Goormachtig S, Goossens A (2012) Transcriptional machineries in 
jasmonate-elicited plant secondary metabolism.  Trends Plant Sci 17:  349-359 
Demole E, Lederer E, Mercier D (1962) Isolement et détermination de la structure du jasmonate 
de méthyle, constituant odorant charactéristique de l'essence de jasmin.  Helvetica Chimica 
Acta 45:  675-685 
Engelberth J, Alborn HT, Schmelz EA, Tumlinson JH (2004) Airborne signals prime plants 




Feys BJF, Benedetti CE, Penfold CN, Turner JG (1994) Arabidopsis mutants selected for 
resistance to the phytotoxin coronatine are male sterile, insensitive to methyl jasmonate, and 
resistant to a bacterial pathogen.  Plant Cell 6:  751-759 
Fonseca S, Chini A, Hamberg M, Adie B, Porzel A, Kramell R, Miersch O, Wasternack C, 
Solano R (2009a) (+)-7-Iso-Jasmonoyl-L-isoleucine is the endogenous bioactive jasmonate.  
Nature Chem Biol 5:  344-350 
Fonseca S, Chico JM, Solano R (2009b) The jasmonate pathway: the ligand, the receptor and the 
core signalling module.  Curr Opin Plant Biol 12:  539-547 
Footitt S, Slocombe SP, Larner V, Kurup S, Wu Y, Larson T, Graham I, Baker A, Holdsworth M 
(2002) Control of germination and lipid mobilization by COMATOSE, the Arabidopsis 
homologue of human ALDP.  EMBO J 21:  2912-2922 
Glauser G, Grata E, Dubugnon L, Rudaz S, Farmer EE, Wolfender JL (2008) Spatial and 
temporal dynamics of jasmonate synthesis and accumulation in Arabidopsis in response to 
wounding.  J Biol Chem 283:  16400–16407 
Goldstein RE, Jimenez G, Cook O, Gur D, Paroush (1999) Huckebein repressor activity in 
Drosophila terminal patterning is mediated by Groucho. Development 126: 3747-3755 
Gulick AM (2009) Conformational dynamics in the Acyl-CoA synthetases, adenylation domains 
of non-ribosomal peptide synthetases, and firefly luciferase.  ACS Chem Biol 4:  811-827 
Hagen G, Guilfoyle TJ (1985) Rapid induction of selective transcription by auxins.  Lol Cell Biol 
5:  1197-1203 
Heitz T, Widemann E, Lugan R, Miesch L, Ullmann P, Désaubry L, Holder E, Grausem B, 
Kandel S, Miesch M, Werck-Reichhart D, Pinot F (2012) Cytochromes P450 CYP94C1 and 
CYP94B3 catalyze two successive oxidation steps of plant hormone jasmonoyl-isoleucine for 
catabolic turnover.  J Biol Chem 287:  6296–6306 
Hoffman E, Zerbe P, Schaller (2006) The crystal structure of Arabidopsis thaliana allene oxide 
cyclase: insights into the oxylipin cyclization reaction.  Plant Cell 18:  3201-3217 
Howe GA, Jander G (2008) Plant immunity to insect herbivores.  Annu Rev Plant Biol 59:  41-66 
Jimenez G, Paroush Z, Ish-Horowicz D (1997) Groucho acts as a corepressor for a subset of 
negative regulators, including Hairy and Engrailed. Genes Dev 11: 3072-3082 
Karban R, Baldwin IT, Baxter KJ, Laue G, Felton GW (2000) Communication between plants: 
induced resistance in wild tobacco plants following clipping of neighboring sagebrush.  
Oecologia 125:  66–71 
Katsir L, Schilmiller AL, Staswick PE, He SY, Howe GA (2008) COI1 is a critical component of 
a receptor for jasmonate and the bacterial virulence factor coronatine.  Proc Natl Acad Sci 




Kazan K, Manners JM (2013) MYC2: the master in action.  Mol Plant 6:  686-703 
Ke J, Ma H, Gu X et al (2015) Structural basis for recognition of diverse transcriptional 
repressors by the TOPLESS family of corepressors.  Sci Adv 1: e1500107 
Kessler A, Halitschke R, Diezel C, Baldwin IT (2006) Priming of plant defense responses in 
nature by airborne signaling between Artemisia tridentata and Nicotiana attenuata.  
Oecologia 148:  280–292 
Kidd BN, Edgar CI, Kumar KK, Aitken EA, Schenk PM, Manners JM, Kazan K (2009) The 
Mediator complex subunit PFT1 is a key regulator of jasmonate-dependent defense in 
Arabidopsis.  Plant Cell 21:  2237–2252  
Kitaoka N, Masubara T, Sato M, Takahashi K, Wakuta S, Kawaide H, Matsui H, Nabeta K, 
Matsuura H (2011) Arabidopsis CYP94B3 encodes jasmonyl-L-isoleucine 12-hydroxylase, a 
key enzyme in the oxidative catabolism of jasmonate.  Plant Cell Physiol 52:  1757-1765 
Komachi K, Redd MJ, Johnson AD (1994) The WD repeats of Tup1 interact with the homeo 
domain protein α2. Genes Dev 8: 2857-2867 
Kombrink E (2012) Chemical and genetic exploration of jasmonate biosynthesis and signaling in 
plants.  Planta 236:  1351-1366 
Koo AJ, Chung HS, Kobayashi Y, Howe GA (2006) Identification of a peroxisomal acyl 
activating enzyme involved in the biosynthesis of jasmonic acid in Arabidopsis.  J Biol Chem 
281:  33511-33520 
Koo AJ, Cooke TF, Howe GA (2011) Cytochrome P450 CYP94B3 mediates catabolism and 
inactivation of the plant hormone jasmonoyl-L-isoleucine.  Proc Natl Acad Sci USA 108:  
9298–9303 
Koo AJ, Thireault C, Zemelis S, Poudel AN, Zhang T, Kitaoka N, Brandizzi F, Matsuura H, 
Howe GA (2014) Endoplasmic reticulum-associated inactivation of the hormone jasmonyl-
L-isoleucine by multiple members of the cytochrome P450 94 family in Arabidopsis.  J Biol 
Chem 298:  29728-29738 
Kunkel BN, Brooks DM (2002) Cross talk between signaling pathways in pathogen defense.  
Curr Opin Plant Biol 5:  325-331 
Lee D, Nioche P, Hamberg M, Raman CS (2008) Structural insights into the evolutionary paths 
of oxylipin biosynthetic enzymes.  Nature 455:  363-368 
Li C, Williams MM, Loh YT, Lee GI, Howe GA (2002) Resistance of cultivated tomato to cell 
content-feeding herbivores is regulated by the octadecanoid-signaling pathway.  Plant 





Li L, Chang Z, Pan Z, Fu Z, Wang X (2008) Modes of heme binding and substrate access for 
cytochrome P450 CYP74A revealed by crystal structures of allene oxide synthase.  Proc Natl 
Acad Sci USA 105:  13883-13888 
Lorenzo O, Chico JM, Sanchez-Serrano JJ, Solano R (2004) JASMONATE-INSENSITIVE1 
encodes a MYC transcription factor essential to discriminate between different jasmonate-
regulated defense responses in Arabidopsis.  Plant Cell 16:  1938-1950 
McConn M, Creelman RA, Bell E, Mullet JE, Browse J (1997) Jasmonate is essential for insect 
defense in Arabidopsis.  Proc Natl Acad Sci USA 94:  5473–5477 
Miersch O, Neumerkel J, Dippe M, Stenzel I, Wasternack C (2008) Hydroxylated jasmonates are 
commonly occurring metabolites of jasmonic acid and contribute to a partial switch-off in 
jasmonate signaling.  New Phytol 177:  114–127 
Mizutani M, Ohta D (2010) Diversification of P450 genes during land plant evolution.  Annu Rev 
Plant Biol 61:  291–315 
Muhr J, Andersson E, Persson M, Jessell TM, Ericson J (2001) Groucho-mediated transcriptional 
repression establishes progenitor cell pattern and neuronal fate in the ventral neural tube. Cell 
104: 861-873 
Paré PW, Tumlinson JH (1999) Plant volatiles as a defense against insect herbivores.  Plant 
Physiol 121:  325-331 
Paroush Z, Finley Jr RL, Kidd T, Wainwright SM, Ingham PW, Brent R, Ish-Horowicz D (1994) 
Groucho is required for Drosophila neurogenesis, segmentation, and sex determination and 
interacts directly with hairy-related bHLH proteins. Cell 79: 805-815 
Pauwels L, Barbero GF, Geerinck J, Tilleman S, Grunewald W, Perez AC, Chico JM, Bossche 
RV, Sewell J, Gil E, Garcia-Casado G, Witters E, Inze D, Long JA, De Jaeger G, Solano R, 
Goossens A (2010) NINJA connects the co-repressor TOPLESS to jasmonate signalling.  
Nature 464:  788-791 
Pauwels L, Goossens A (2011) The JAZ proteins: a crucial interface in the jasmonate signaling 
cascade.  Plant Cell 23:  3089-3100 
Pazos F, Pietrosemoli N, Garcia-Martin JA, Solano R (2013) Protein intrinsic disorder in plants.  
Front Plant Sci 4:  363 
Pieterse CM, van Wees SC, van Pelt JA, Knoester M, Laan R, Gerrits H, Weisbeek PJ, van Loon 
LC (1998) A novel signaling pathway controlling induced systemic resistance in 
Arabidopsis.  Plant Cell 10:  1571-1580 
Pietrosemoli N, Garcia-Martin JA, Solano R, Pazos F (2013) Genome-wide analysis of protein 
disorder in Arabidopsis thaliana: implications for plant environmental adaptation.  PLoS 




Reymond P, Bodenhausen N, Van Poecke RM, Krishnamurthy V, Dicke M, Farmer EE (2004) A 
conserved transcript pattern in response to a specialist and a generalist herbivore.  Plant Cell 
16:  3132-3147 
Schaller A, Stintzi A (2009) Enzymes in jasmonate biosynthesis- structure, function, regulation.  
Phytochemistry 70:  1532-153 
Schuler MA, Werck-Reichhart D (2003) Functional genomics of P450s.  Annu Rev Plant Biol 
54:  629–667 
Seo HS, Song JT, Cheong JJ, Lee YH, Lee YW, Hwang I, Lee JS, Choi YD (2001) Jasmonic 
acid carboxyl methyltransferase: a key enzyme for jasmonate-regulated plant responses.  
Proc Natl Acad Sci USA 98:  4788-4793 
Sheard LB, Tan X, Mao H et al (2010) Jasmonate perception by inositol-phosphate potentiated 
COI1-JAZ co-receptor.  Nature 465:  400-405  
Staswick PE, Su W, Howell SH (1992) Methyl jasmonate inhibition of root growth and induction 
of a leaf protein are decreased in an Arabidopsis thaliana mutant.  Proc Natl Acad Sci USA 
89:  6837-6840 
Staswick PE, Tiryaki I, Rowe ML (2002) Jasmonate response locus JAR1 and several related 
Arabidopsis genes encode enzymes of the firefly luciferase superfamily that show activity on 
jasmonic, salicylic, and indole-3-acetic acids in an assay for adenylation.  Plant Cell 14:  
1405-1415 
Staswick PE, Tiryaki I (2004) The oxylipin signal jasmonic acid is activated by an enzyme that 
conjugates it to isoleucine in Arabidopsis.  Plant Cell 16:  2117-2127 
Stuhlfelder C, Lottspeich F, Mueller MJ (2002) Purification and partial amino acid sequences of 
an esterase from tomato.  Phytochemistry 60:  233–240 
Stuhlfelder C, Mueller MJ, Warzecha H (2004) Cloning and expression of a tomato cDNA 
encoding a methyl jasmonate cleaving esterase.  Eur J Biochem 271:  2976–2983 
Tan X, Calderon-Villalobos LI, Sharon M, Zheng C, Robinson CV, Estelle M, Zheng N (2007) 
Mechanism of auxin perception by the TIR1 ubiquitin ligase. Nature 446: 640-645. 
Theodoulou FL, Job K, Slocombe SP, Footitt S, Holdsworth M, Baker A, Larson TR, Graham IA 
(2005) Jasmonic acid levels are reduced in COMATOSE ATP-binding cassette transporter 
mutants:  implications for transport of jasmonate precursors into peroxisomes.  Plant Physiol 
137:  835-840 
Thines B, Katsir L, Melotto M, Niu Y, Mandaokar A, Liu G, Nomura K, He SY, Howe GA, 
Browse J (2007) JAZ repressor proteins are targets of the SCF(COI1) complex during 





Ueda J, Kato J (1980) Isolation and identification of a senescence-promoting substance from 
wormwood (Artemisia absinthium L.).  Plant Physiol 66:  246-249 
Wasternack C (2007) Jasmonates: an update on biosynthesis, signal transduction and action in 
plant stress response, growth and development.  Ann Bot 100:  681-697 
Wasternack C, Hause B (2013) Jasmonates: biosynthesis, perception, signal transduction and 
action in plant stress response, growth and development. An update to the 2007 review in 
Annals of Botany.  Ann Bot 111:  1021-1058 
Westfall CS, Zubieta C, Herrmann J, Kapp U, Nanao MH, Jez JM (2012) Structural basis for 
pre-receptor modulation of plant hormones by GH3 family proteins.  Science 336:  1708-
1711 
Westfall CS, Muehler AM, Jez JM (2013) Enzyme action in the regulation of plant hormone 
responses.  J Biol Chem 288:  19304-19311 
Widemann E, Miesch L, Lugan R, Holder E, Heinrich C, Aubert Y, Miesch M, Pinot F, Heitz T 
(2013) The amindohydrolases IAR3 and ILL6 contribute to jasmonyl-isoleucine horomone 
turnover and generate 12-hydroxyjasmonic acid upon wounding in Arabidopsis leaves.  J 
Biol Chem 288:  31701-31714 
Woldemariam MG, Onkokesung N, Baldwin IT, Galis I (2012) Jasmonoyl-L-isoleucine 
hydrolase 1 (JIH1) regulates jasmonoyl-L-isoleucine levels and attenuates plant defenses 
against herbivores.  Plant J 72:  758–767  
Wu J, Wang L, Baldwin IT (2008) Methyl jasmonate-elicited herbivore resistance: does MeHA 
function as a signal without being hydrolyzed to JA?  Planta 227:  1161-1168 
Xie D, Feys BF, James S, Nieto-Rostro M, Turner JG (1998) COI1: An Arabidopsis gene 
required for jasmonate-regulated defense and fertility.  Science 280:  1091-1094 
Yan Y, Stolz S, Chetelat A, Reymond P, Pagni M, Dubugnon L, Farmer EE (2007) A 
downstream mediator in the growth repression limb of the jasmonate pathway.  Plant Cell 
19:  2470-2483 
Zhang F, Yao J, Ke J, Zhang L, Lam VQ, Xin XF, Zhou XE, Chen J, Brunzelle J, Griffin PR, 
Zhou M, Xu HE, Melcher K, He SY (2015) Structural basis of JAZ repression of MYC 
transcription factors in jasmonate signalling.  Nature 525:  269-273 
Zhang H, Levine M, Ashe HL (2001) Brinker is a sequence-specific transcriptional repressor in 









Cynthia K. Holland 
Department of Biology, Washington University in St. Louis 





2018  Washington University in St. Louis, St. Louis, MO 
Ph.D., Biology and Biomedical Sciences with a Teaching Citation, Degree to be conferred in 
August 
Thesis: Regulation of aromatic amino acid metabolism in plants 
Research Advisor: Prof. Joseph Jez 
 
2014  Henderson State University, Arkadelphia, AR 
B.S., summa cum laude, Biology with Honors and Chemistry minor 




Jul-Nov 2017 Mason Communications, St. Louis, MO 
Freelance Science Writer 
Assisted with a technical brochure and web content for a biopharmaceutical testing 
company 
2012-2014  Henderson State University, Arkadelphia, AR 
Undergraduate Research Assistant 
Project: A phytochemical investigation of the secondary metabolites in deciduous 
holly (Ilex decidua) 
SU 2013  Donald Danforth Plant Science Center, St. Louis, MO 
NSF REU Intern in the Laboratory of Toni Kutchan 
Project: Bioengineering the oilseed crop Camelina sativa for production of anti-cancer 
compounds  
SU 2012  North Carolina State University, Raleigh, NC 
NSF REU Intern in the Laboratory of DeYu Xie 




9. Holland CK, Jez JM (2018) Structural biology of jasmonic acid metabolism and responses in 
plants. In Plant Structural Biology: Hormonal Regulators (Hejatko J and Takoshima T, eds) 





8.  Holland CK, Jez JM (2018) Arabidopsis: The original plant chassis organism. Plant Cell Rep 
doi: 10.1007/s00299-018-2286-5. 
7. Holland CK, Jez JM (2018) Examining the reaction mechanism of prephenate dehydrogenase 
from the alternative tyrosine biosynthesis pathway in plants. ChemBioChem 19, 1132-6. 
6.  Holland CK, Berkovich DA, Kohn ML, Maeda H, and Jez JM (2017) Structure-function 
investigation of prephenate aminotransferase reveals the molecular basis for substrate 
recognition and regulation. Plant J 94, 304-14. 
5.  Kroll K*, Holland CK*, Starks CM, and Jez JM (2017) Evolution of allosteric regulation in 
chorismate mutases from early plants. Biochem J 474, 3705-17. *equal contribution 
4.  Schenck CA*, Holland CK*, Schneider MR, Men Y, Lee SG, Jez JM, and Maeda HA (2017) 
Molecular basis of the evolution of alternative tyrosine biosynthetic pathways in plants. Nat 
Chem Biol 13, 1029-35. *equal contribution 
3.  Augustin MA, Shukla AK, Starks CM, O’Neil Johnson M, Han L, Holland CK, and Kutchan 
TM. (2017) Biosynthesis of Veratrum californicum specialty chemicals in Caemelina sativa seed. 
Plant Biotechnol Rep 11, 29-41. 
2.  Holland CK, Cascella B, Jez JM (2016) Dissonance strikes a chord in stilbene synthesizers. Cell 
Chem Biol 23, 1440-1. 
1. Kilgore M, Holland CK, Jez JM, and Kutchan TM (2016) Identification of a noroxomaritidine 





3. Holland CK, Jez, JM (February 2018) “Structure-function investigation of prephenate 
aminotransferase reveals the molecular basis for substrate recognition and inhibition.” Gordon 
Research Seminar: Plant Volatiles, Barga, Italy. 
2. Holland CK, Jez, JM (July 2017) “Arabidopsis thaliana GH3.7 acyl acid-amido synthetase is a 
chorismate-cysteine synthetase.” Gordon Research Conference: Plant Metabolic Engineering, 
Waterville Valley, NH.  
1.  Holland CK and Jez JM (June 2017) “Making sense of substrate specificities in the auxin-




11. Holland CK, Jez, JM (February 2018) “Structure-function investigation of prephenate 
aminotransferase reveals the molecular basis for substrate recognition and inhibition.” Poster 
presentation, Gordon Research Conference: Plant Volatiles, Barga, Italy. 
10. Holland CK, Jez JM (September 2017) “Regulation of aromatic amino acid biosynthesis in 
plants.” Oral Presentation, Bioforum, Washington University in St. Louis Department of Biology, 





9. Holland CK, Schenck C, Lee SG, Maeda H, and Jez JM (June 2017) “A single amino acid 
mutation is responsible for the evolution of substrate specificity of dehydrogenases in plant 
tyrosine biosynthesis.” Poster Presentation, Plant Biology 2017, Honolulu, HI. 
8. Holland CK, Schenck CA, Lee SG, Maeda HA, and Jez JM (February 2017) “The 
structural/functional evolution of tyrosine biosynthesis in soybeans” Poster Presentation, Graduate 
Research Symposium, Washington University in St. Louis, St. Louis, MO. 
7. Holland CK and Jez JM (October 2016) “Structural basis for the evolution of tyrosine 
biosynthesis pathways in legumes.” Oral Presentation, Washington University in St. Louis Plant 
and Microbial Biosciences Program Retreat, Eureka, MO. 
6. Holland CK, Schenck C, Lee SG, Maeda H, and Jez JM (October 2016) “A single amino acid 
mutation is responsible for the evolution of substrate specificity of dehydrogenases in plant 
tyrosine biosynthesis.” Poster Presentation, Midwest Enzyme Chemistry Conference, Chicago, IL. 
5.  Holland CK and Jez JM (April 2016) “Structural biology of aromatic amino acid biosynthesis in 
plants: The prephenate branch point.” Poster Presentation, Experimental Biology Meeting, San 
Diego, CA. 
4. Holland CK and Jez JM (February 2016) “Structural insights into an aspartate aminotransferase 
gain-of-function mutant.” Oral Presentation, Plant and Microbial Biosciences Lunch Seminar, 
Washington University in St. Louis, Department of Biology, St. Louis, MO. 
3.  Holland CK and Campbell MC (April 2014) “Determination of bioactivity and ursolic acid in 
Ilex decidua.” Oral Presentation, Arkansas Undergraduate Research Conference, Henderson State 
University, Arkadelphia, AR. 
2. Holland CK and Campbell MC (March 2014) “Determination of ursolic acid and Bioactivity in 
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FELLOWSHIPS, AWARDS, AND PROFESSIONAL ACTIVITIES 
 
Jul 2017 Discussion Leader, Gordon Research Seminar: Plant Metabolic Engineering 
Feb 2017 Third Place in the Sciences, Washington University Graduate Student Research 
Symposium 
Apr 2016 ASBMB Experimental Biology Meeting Travel Award 
2015-  William H. Danforth Plant Sciences Fellow 
2014-2017 National Science Foundation Graduate Research Fellow 
2013  American Society of Pharmacognosy Undergraduate Research Award 
2013  Arkansas Academy of Science Undergraduate Award 









Washington University in St. Louis, St. Louis, MO 
Student Mentoring 
SP 2018 Bram Osterhout, undergraduate student, Biochemistry major 
SP 2018 Emily Walters, high school student, Fort Zumwalt High School Independent 
Research Project 
FL 2017-SU 2018 Daniel Berkovich, undergraduate student, Molecular Biology major 
SU 2017 Alejandro De Santiago-Perez, HHMI EXceptional Research Opportunities 
Program, Biochemistry major at UC-Riverside 
SU 2017 Poorva Sheth, high school student 
SP 2017-SP 2018 Madeleine Kohn, undergraduate student, Biology major 
SU 2016-SP 2017 Regina Liu, undergraduate student, Chemistry major with English Honors 
SU 2016 & SU 2017  Daniel Berkovich, high school student, Students and Teachers as Research 
Scientists Program 
FL 2015-SP 2017 Kourtney Kroll, undergraduate student, Biomedical Engineering major  
SU 2015 Keishla Sanchez, high school student, Washington University Young Scientists 
Summer Focus Program 
Graduate Teaching Assistant 
FL 2017 BIO3010: Biotechnology Project for HHMI Biotech Explorers Pathway 
SP 2016 BIO4522: Laboratory in Protein Analysis, Proteomics, and Protein Structure 
Discussion Leader  
Aug 2017 Washington University School of Medicine Graduate Student Teaching Assistant 
Orientation 
FL 2016 BIO5723: Graduate Seminar in Plant and Microbial Bioscience 
 
Henderson State University, Arkadelphia, AR 
Undergraduate Teaching Assistant 
SP 2013 & SP 2014 Introduction to Biology Laboratory 
Undergraduate Laboratory Assistant 
FL 2012-SP 2014 University Chemistry I and II Laboratories, General Organic  




Feb 2018  Invited Speaker, “Presenting your science to the non-scientist,” WUSTL  
Graduate Student Senate Pre-Symposium Workshop on Poster Preparation 
Apr 2015 & Mar 2017 Guest Panelist on NSF GRFP, Journal Club for Undergraduates in  
Biomedical Engineering and Sciences, Washington University in St. Louis 
Apr 2014  “Chemistry in the Garden” Community Class Lecturer, Henderson State  
University 






Community Member Level, Washington University Center for the Integration of Research, 
Teaching, and  Learning (CIRTL)  
American Society of Biochemistry and Molecular Biology 
American Society of Plant Biology 
Young Scientists Program, Washington University School of Medicine 
 
 
 
 
 
